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Preface – Voorwoord 

Vandaag kan ik een terugblik werpen op het doel waar ik me de voorbije vier jaren voor heb 

ingezet. Dit voorwoord is dan ook de afwerking van een hoofdstuk in mijn leven, waar de twee 

uiterste gevoelens van succes en tegenslag gebundeld werden in één groot verhaal. Stiekem 

wordt dit deel van de thesis door menig persoon bestudeerd, dus bij deze zal ik ook mijn best 

doen om iedereen te bedanken die heeft bijgedragen aan deze leerrijke, maar toch uitdagende 

periode. 

 

Het begon allemaal in het masterjaar aan het begin van het academiejaar in 2012, waar ik 

gekozen had om een thesis te doen bij het “PME&BIM” labo van KU Leuven (Marijke, bedankt 

voor de dagdagelijkse begeleiding). Meer en meer werd ik doorheen deze periode gebeten door 

de onderzoeksmicrobe. Het is dan ook in de pre-zomer van 2013 dat ik na een gesprek met Bart 

de kans kreeg om mezelf verder te ontwikkelen binnen de onderzoekswereld als “PhD student” 

(via onderzoeksprojecten KP/10/006 en OT/13/063). Meteen kreeg ik te horen dat mijn “Geel-

buddy” Lien ook voor een doctoraat had gekozen bij dezelfde onderzoeksgroep, waardoor we 

zeker waren dat we nog eens vier jaren hetzelfde pad gingen bewandelen. 

 

Het staat dan ook vast dat ik Bart uitvoerig wil bedanken, niet alleen voor de kans die mij 

gegeven werd, maar ook voor de gehele begeleiding van de doctoraatsthesis gaande van de 

opstart tot de uiteindelijke productie van het finale manuscript. Ik ben er zeker en vast van 

overtuigd dat jouw harde werk van commentaren, suggesties en feedback sterk gepositioneerd 

is in de fundamenten van dit werk. Ook tijdens de mindere momenten stond je deur open voor 

een hartig gesprek om me ervan te verzekeren dat op het einde van deze periode alles vast en 

zeker goed ging komen. Daarnaast kon ik ook altijd terecht bij jou voor een leuke babbel over 

de weekendsport (met voornamelijk het woord Westerlo dat meermaals weerklonk), al was het 

maar om even stoom af te laten en te bekomen van de zoveelste PCR reactie die mislukt was. 

 

Daarnaast bedank ik ook graag Stefan voor de uitwerking, opstart en begeleiding gedurende het 

eerste jaar van mijn doctoraat, alsook co-promotoren Lise en Jan voor de menige discussies die 

behandeld werden in dit manuscript. Verder wil ik graag mijn dank betuigen aan de overige 

personen in de examencommissie voor de opvolging en waardevolle toevoegingen aan mijn 

thesis (Prof. Raf Dewil, Prof. Dirk Springael, Prof. Siegfried Vlaeminck, Prof. Philippe 

Vanparys en als voorzitter Prof. Maarten Vergauwen). Een kort bedankje gaat ook uit naar al 
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mijn overige co-auteurs voor hun hulp en bijdrage aan mijn werk. Verder bedank ik Dylan en 

Sebastien die hun stage hebben gelopen bij mij in de vorm van een masterproef. 

 

Hierop volgend geef ik graag een pluim aan de overige collega’s (en toch wel vrienden na vier 

jaar) van PME&BIM en STRI voor de samenwerking en hulp, alsook voor de vele 

randactiviteiten naast het werk. Eerst en vooral wil ik Lien bedanken, de partner in crime van 

Bachelor tot PhD, waar ik toch met menig frustratie en vreugdevolle momenten terecht kon 

tijdens mijn onderzoek (en hopelijk ook in de andere richting!). Verder bedank ik Tim, die toch 

nog meer dan twee volle jaren heeft volhard om naast mij te komen zitten op de bureau. Bedankt 

voor de acceptatie van mijn uitgebreide moppentrommel die regelmatig naar boven werd 

gehaald! Dit geldt ook voor Caroline, bedankt voor de raad en zéér uitvoerige 

wetenschappelijke besprekingen in de Kempische taal waardoor we ons regelmatig in het 

buitenland voelden door menig blik van mensen die ons niet konden verstaan. Christel, hierbij 

ook bedankt voor het ondersteunend werk tijdens de drukke momenten! Ook een klein bedankje 

aan Liesbet voor de hulp bij de regelmatige administratieve rompslomp van documenten! Tot 

slot wil ik ook al de andere collega’s bedanken die mij op STRI thuis hebben doen voelen door 

hun betrokkenheid, raad en vriendschap de voorbije jaren. 

 

Ontzettend veel dank gaat uit naar mijn ouders, “ma” en “pa” die mij naast hun 

onvoorwaardelijke steun de kans hebben gegeven tot uitstippeling van mijn eigen leven de 

voorbije 27 jaren. Verder zou ik graag de rest van mijn naaste familie en vrienden willen 

bedanken voor de verdraagzaamheid en steun die jullie geboden hebben de voorbije jaren 

tijdens mijn uitingen over het wel en wee van het uitvoeren en schrijven van een doctoraat. 

Daarnaast ook bedankt voor de talrijke leuke nevenactiviteiten die mijn dagen hebben 

opgefleurd buiten het leven van de doctoraatsstudent. 

 

Tot slot bedank ik nog heel graag een speciaal iemand, stiekem ook wel één van de grootste 

steunpilaren voor mij de voorbije jaren. Karen, van iedereen die hier opgelijst staat, was jij 

degene die alles van dichtbij heeft meegemaakt en opgevolgd, en verder ook in staat was om 

op een perfecte wijze vreugde en verdriet te delen gedurende mijn doctoraatsperiode. Hiernaast 

zijn wij ook samen met het doctoraat meegegroeid en kan ik je van “toenmalige vriendin” tot 

“partner in het wettelijk samenwonen” zeer binnenkort ook mijn vrouw noemen! 

 

Ken - Maart - 2018  
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Samenvatting 

Textielafvalwater wordt getypeerd door een intense kleur en bevat hoge concentraties aan 

kleurstoffen, additieven en diverse chemicaliën, waarvan sommige niet biodegradeerbaar en/of 

toxisch, mutageen of carcinogeen zijn. Het is daarom noodzakelijk om textielafvalwater te 

behandelen om deze substanties te verwijderen alvorens het water te lozen in de omgeving. De 

voorbije jaren werd uitvoerig onderzoek gevoerd naar de verwijdering van kleurstoffen in 

verschillende afvalwaters door middel van chemische, biologische of gecombineerde 

behandelingsmethoden. Desalniettemin is onze kennis over de microbiële ecologie en 

microbiële gemeenschappen in biologische afvalwaterzuiveringssystemen (AWZS) die 

textielafvalwater behandelen, alsook over de efficientië van deze systemen voor de 

verwijdering van recalcitrante kleurstoffen beperkt. In deze doctoraatsthesis werden reactieve 

azokleurstoffen gebruikt als modelcomponent om verschillende aspecten te bestuderen die 

kunnen bijdragen tot een beter begrip van de degradatie van textielkleurstoffen en hun 

verwijdering uit textielafvalwater. Reactieve azokleurstoffen vormen een belangrijke groep 

toxische, recalcitrante textielkleurstoffen die een grote hoeveelheid van de gebruikte 

kleurstoffen in de textielindustrie vertegenwoordigen, en zijn bijgevolg zeer geschikt voor deze 

studie. 

 In eerste instantie werden een aantal beschikbare moleculaire tools geïmplementeerd en 

geëvalueerd voor onderzoek naar de samenstelling van de microbiële gemeenschap en 

belangrijke genfuncties in actief slib van (textiel) AWZS (Hoofdstuk 2). Meer concreet werd 

een moleculair-ecologische toolbox ontwikkeld, bestaande uit specifieke SYBR Green-

gebaseerde kwantitatieve real-time PCR (qPCR) protocols voor monitoring van de abundantie 

van bacteriële en archaeale 16S ribosomale RNA (rRNA) genen alsook een aantal functionele 

genen betrokken bij stikstofverwijdering. Bijkomend werd een 454 pyrosequencing protocol 

ontwikkeld op basis van 16S rRNA gen amplicons om de samenstelling van de archaeale en 

bacteriële gemeenschappen in actief slibsystemen te beschrijven. 

 Microbiële gemeenschappen van actief slib in AWZS zijn het voorbije decennium 

grondig bestudeerd geweest. Desalniettemin is er nog steeds weinig bekend over de 

samenstelling van de microbiële gemeenschappen en hun manier van functioneren in actief slib 

van textiel AWZS. Daarom was de doelstelling van Hoofdstuk 3 om de microbiële 

gemeenschap in actief slib van goed functionerende textiel AWZS te vergelijken met 

municipale AWZS verspreid over twee seizoenen (zomer en winter), en de onderlinge 

verschillen te verklaren via omgevingsparameters. In totaal werden 160 archaeale en 1645 
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bacteriële operationele taxonomissche eenheden (OTUs (Operational Taxonomic Units), 

surrogaatbegrip voor species) bekomen. De bekomen resultaten suggereren dat actief slib van 

textiel AWZS een microbiële gemeenschap herbergt die verschillend is van die van municipale 

AWZS. De OTU-rijkdom van zowel de archaea als bacteriën was significant hoger in stalen 

van municipale AWZS in vergelijking met textiel AWZS. De bacteriële phyla Planctomycetes, 

Chloroflexi, Chlorobi en Acidobacteria waren meer abundant in actief slib van textiel AWZS, 

tesamen met het archaeale phylum Thaumarchaeota. Daarnaast werden sulfaatreducerende 

bacteriën bijna enkel teruggevonden in textiel AWZS, terwijl nitrificerende en denitrificerende 

bacteriën alsook fosfaataccumulerende bacteriën meer abundant waren in municipale AWZS. 

De resultaten toonden ook aan dat microbiële gemeenschappen van textiel AWZS onderling 

meer verschillend zijn dan deze van municipale AWZS, mogelijk door een grotere variatie aan 

omgevingsstressoren waaraan microbiële gemeenschappen uit textiel AWZS blootgesteld 

worden. Een hoog zoutgehalte, hoge organische belasting en hogere watertemperaturen werden 

gevonden als belangrijke variabelen achter de samenstelling van microbiële gemeenschappen 

in actief slib van textiel AWZS. Om te achterhalen hoe deze microbiële gemeenschappen in 

textiel AWZS tot stand komen, werd de respons van actief slib microbiële gemeenschappen na 

blootstelling aan textielkleurstoffen bestudeerd. Daarvoor werd de samenstelling van de 

microbiële gemeenschap in actief slib van municipale AWZS bestudeerd voor en na 

blootstelling aan azokleurstoffen (Reactive Violet 5 (RV5)) (Hoofdstuk 4). Moleculaire analyse 

toonde aan dat microbiële gemeenschappen die blootgesteld werden aan recalcitrante 

azokleurstoffen verschuiven van een diverse naar een minder diverse gemeenschap bestaande 

uit geadapteerde taxa met azokleurstof degraderende activiteit. 

 Verschillende (fysico)chemische en biologische methoden werden reeds voorgesteld 

voor de verwijdering van kleurstoffen uit textielafvalwaters. Hierbij lijkt een combinatie van 

een chemische methode voor partiële afbraak van de kleurstof, gevolgd door een biologische 

behandeling, een veelbelovende methode voor kosteneffectieve ontkleuring van gekleurde 

afvalwaters. Vandaar werd in Hoofdstuk 4 een gecombineerde afbraakmethode bestaande uit 

Fentonoxidatie en actief slib geëvalueerd voor de ontkleuring van azokleurstoffen. Gebruik 

makende van RV5 als modelkleurstof was de kleurverwijdering significant hoger wanneer deze 

gecombineerde methode werd toegepast in tegenstelling tot wanneer beide methoden apart 

werden toegepast. Meer specifiek zorgde de voorbehandeling met Fenton’s reagens ervoor dat 

52.9, 83.9 en 91.3 % kleur werd verwijderd uit een 500 mg l-1 waterige oplossing van RV5 

gebruik makende van respectievelijk 1.0, 1.5 en 2.0 mM H2O2. Indien deze chemische 

voorbehandeling gevolgd werd door een biologische behandeling met actief slib werd 
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gemiddeld 70.2 % van de nog aanwezige RV5 concentratie verder verwijderd. Deze 

bevindingen suggereren dus dat de kleurstoffen partieel gedegradeerd werden tot componenten 

die meteen bruikbaar zijn voor de microorganismen in het actief slib. 

 In tegenstelling tot het combineren van een biologische en chemische behandeling voor 

verbeterde zuivering van textielafvalwater, kan als alternatief gekozen worden voor een directe 

toepassing van microorganismen met kleurstofdegraderende capaciteit. Daarom bestond de 

doelstelling van Hoofdstuk 5 eruit om bacteriële stammen afkomstig uit actief slibsystemen te 

isoleren en karakteriseren, die in staat zijn om azokleurstoffen te ontkleuren en/of te degraderen 

(monoazokleurstof Reactive Orange 16 en diazokleurstof Reactive Green 19). Na een 

prescreening van 125 isolaten voor hun ontkleuringspotentieel, werden vijf stammen 

weerhouden voor verdere evaluatie van hun ontkleuringssnelheid en het effect van 

fysicochemische parameters door middel van microtiterplaatexperimenten. Van deze vijf 

stammen scoorden een Acinetobacter stam (ST16.16/164) en Klebsiella stam (ST16.16/034) 

het beste. Bijkomend werd vastgesteld dat deze Acinetobacter stam mogelijk een nieuwe soort 

vertegenwoordigt, die zeer nauw verwant is aan Acinetobacter johnsonii. Beide stammen 

oefenden een sterke ontkleuring uit (> 80 %) over een breed temperatuursgebied (20 °C tot 40 

°C) en vertoonden zelfs bij lagere temperaturen (10 °C) goede ontkleuringsactiviteit 

(voornamelijk stam ST16.16/034), wat perspectieven biedt voor praktische toepassingen daar 

de enzymatische activiteit van de isolaten stabiel moet zijn tijdens de verschillende fasen van 

de zuiveringscyclus (thermotolerant). Binnen de geteste pH waarden (4, 7 en 10) werd de 

hoogste kleurstofverwijdering vastgesteld bij pH 7, maar bleef de ontkleuringsefficiëntie bij 

meer alkalische condities (pH 10) nog steeds relatief hoog. Voor geen van beide isolaten werd 

de ontkleuringsefficiëntie negatief beïnvloed door hoge zout- of kleurstofconcentraties. Verder 

vertoonden beide stammen de hoogste ontkleuringssnelheid van alle geteste stammen en waren 

ze in staat om de azokleurstoffen volledig (ST16.16/034) of gedeeltelijk (ST16.16/164) af te 

breken. 

 Samengevat heeft deze doctoraatsthesis onze kennis rond de microbiële ecologie en 

microbiële gemeenschappen in textiel AWZS, alsook de behandeling van deze afvalwaters 

verruimd, en moet ze bijdragen aan een meer effectieve, haalbare en duurzame behandeling van 

kleurstof bevattend afvalwater.  
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Summary 

Textile wastewater is typically intensely colored, containing high concentrations of dyes, 

dyeing additives and diverse chemicals, some of which are non-biodegradable and/or toxic, 

mutagenic or carcinogenic. Therefore, it is essential to treat textile wastewater in order to 

remove these substances before being discharged into the environment. Over the past few 

decades extensive research has been performed concerning dye removal from different 

wastewaters using chemical and biological treatment technologies or a combination of both. 

Nevertheless, only little is known about the microbial ecology and microbial communities in 

biological wastewater treatment plants (WWTPs) treating textile wastewaters, and about the 

efficiency of these systems to remove recalcitrant dyes. In this PhD thesis, using reactive azo 

dyes as model components, several aspects were studied contributing to a better understanding 

of dye degradation and its removal from textile wastewater. Reactive azo dyes are an important 

group of toxic, recalcitrant textile dyes and represent the majority of all dyes used in the textile 

industry, and are therefore highly suited for this study. 

First, a number of available molecular tools were implemented and evaluated to assess 

the microbial community composition and some important gene functions in activated sludge 

from (textile) WWTPs (Chapter 2). More particularly, a molecular-ecological toolbox was 

developed, consisting of quantitative real-time PCR (qPCR) protocols for monitoring 

abundance of bacterial and archaeal 16S ribosomal RNA (rRNA) genes as well as a number of 

functional genes involved in nitrogen removal through nitrification/denitrification. 

Additionally, a protocol based on 454 pyrosequencing of 16S rRNA gene amplicons was 

developed to assess the archaeal and bacterial community composition in activated sludge 

systems. 

Microbial communities of activated sludge in WWTPs have been profoundly studied 

over the past decade. However, despite these efforts still little is known about the microbial 

community composition and their functioning in activated sludge from textile wastewater 

treatment systems. Therefore, the aim of Chapter 3 was to study the microbial community in 

activated sludge from well-operating textile WWTPs in comparison with municipal WWTPs 

over two seasons (winter and summer), and to explain observed differences by environmental 

variables. In total, 454-pyrosequencing of 16S rRNA gene amplicons generated 160 archaeal 

and 1645 bacterial Operational Taxonomic Units (OTUs, which are a surrogate for species). 

Results suggested that activated sludge from textile WWTPs harbors a microbial community 

which is different from those from municipal WWTPs. Both archaeal and bacterial richness 
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were significantly higher for samples from municipal WWTPs compared to those from textile 

WWTPs. The bacterial phyla Planctomycetes, Chloroflexi, Chlorobi and Acidobacteria were 

more abundant in activated sludge samples from textile WWTPs, together with archaeal 

members of Thaumarchaeota. Additionally, sulfate-reducing bacteria were almost only detected 

in textile WWTPs, while nitrifying and denitrifying bacteria as well as phosphate-accumulation 

bacteria were more abundant in municipal WWTPs. It became also clear that microbial 

communities from textile WWTPs were more dissimilar than those of municipal WWTPs, 

possibly due to a wider diversity in environmental stresses to which microbial communities in 

textile WWTPs are subjected. High salinity, high organic loads and a higher water temperature 

were found as important variables driving the microbial community composition in textile 

WWTPs. In an attempt to assess how microbial communities in textile WWTPs are established, 

the response of activated sludge microbial communities when exposed to textile dyes was 

studied. To this end, we assessed the microbial community composition in activated sludge 

from municipal WWTPs before and after exposure to azo dyes (Reactive Violet 5 (RV5)) 

(Chapter 4). Molecular analysis revealed that microbial communities that become exposed to 

recalcitrant azo dyes shift from diverse communities towards less diverse communities 

harboring highly adapted taxa with azo dye-degrading activity.  

Many approaches have been proposed to remove dyes from textile wastewaters, 

including (physico)chemical and biological methods. A combination of a chemical method to 

obtain partial dye degradation followed by a biological treatment is believed to be a promising 

method for cost-effective decolorization of colored wastewater. Therefore, the aim of Chapter 

4 was to develop and evaluate a combined method of partial Fenton oxidation and biological 

treatment using activated sludge for decolorization of azo dyes. Using RV5 as a model dye, 

color removal was significantly higher when the combined Fenton treatment/activated sludge 

method was used, as opposed to separate application of these treatment technologies. More 

specifically, pretreatment with Fenton’s reagent removed 52.9, 83.9 and 91.3 % of color from 

a 500 mg l-1 RV5 aqueous solution within 60 min when H2O2 concentrations of 1.0, 1.5, and 

2.0 mM were used, respectively. Subsequent biological treatment significantly enhanced the 

chemical treatment, with microbial decolorization removing 70.2 % of the remaining RV5 

concentration, on average. No apparent lag phase was detected when the chemical and 

biological method were combined, suggesting that the dye compounds have been partially 

degraded to compounds readily usable by the sludge microorganisms.  

Instead of combining a biological with chemical treatment technology to enhance 

purification of textile wastewater, another alternative is the application of microorganisms with 
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dye-degrading capabilities. Therefore, in Chapter 5 bacterial strains capable of decolorizing 

and/or degrading azo dyes commonly applied in textile production (monoazo dye Reactive 

Orange 16 and diazo dye Reactive Green 19) were isolated and characterized from activated 

sludge systems used in the treatment of (textile) wastewater. Following a prescreening of 125 

isolates for their decolorization potential, five strains were retained for further evaluation of 

decolorization rate and effects of physicochemical parameters using a microtiter plate method. 

Of those five strains, one strain belonging to the genus Acinetobacter (ST16.16/164) and 

another belonging to Klebsiella (ST16.16/034) outperformed the other tested strains. 

Interestingly, it was suggested that this Acinetobacter strain represents a novel species, which 

is closely related to Acinetobacter johnsonii. Both strains exhibited strong decolorization ability 

(> 80 %) within a wide temperature range (20 °C to 40 °C) and retained good decolorization 

activity at temperatures as low as 10 °C (especially strain ST16.16/034), offering promising 

perspectives on a practical level, which requires a stable enzymatic performance of the isolates 

during the different phases of the purification cycle (thermotolerant). Among the different pH 

values tested (4, 7 and 10), highest dye removal for both strains occurred at pH 7, with 

decolorization efficiency remaining relatively high under alkaline conditions (pH 10), and 

neither isolates decolorization efficiency was negatively impacted by high salt or high dye 

concentration. Furthermore, both strains displayed the highest rate of decolorization and were 

able to completely (ST16.16/034) or partly (ST16.16/164) degrade the azo dyes.  

Altogether, this PhD thesis clearly increased our knowledge on the microbial ecology 

and microbial communities in textile WWTPs as well as the treatment of textile wastewaters. 

Eventually, this study should contribute to a more effective, feasible and sustainable treatment 

of dye contaminated wastewater.  
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1.1 Textile wastewater 

The textile industry is considered as one of the largest industries in the world producing the 

textiles that consumers use for clothing and other fabric-based items. In some countries, the 

textile industry has become one of the most important business sectors, constantly increasing 

production and hereby utilizing substantial amounts of water. Water is mainly used for the 

application of the textile dyes onto the textile and rinsing the manufactured textile (Ntuli et al. 

2009). Depending on the shade, the method and chemicals used in a dyeing process, water 

consumption is estimated to range between 50 and 240 liters per kilogram of finished textile. 

However, the exact quantity of water required also strongly depends on the type of fabrics 

produced (Koçabas et al. 2009; Ntuli et al. 2009; Carmen & Daniela 2012). Altogether, the 

water footprint of, for example, a cotton, colored T-shirt (250 g) is more than 2000 liters and 

covers the water used from cotton plantation until the T-shirt is put on the stores' shelves, 

passing through all processes of carding, spinning, weaving, dying, printing and transport. This 

is much more than, for example, for the production of a glass of beer (250 ml) using 75 liters 

of water, but is in line with the production of beef products (e.g., hamburgers) costing up to 

2400 liters of water for 150 g meat (Hoekstra & Chapagain 2006). In order to reduce the water 

footprint of textile production, several efforts are made aiming at a more sustainable textile 

industry. For example, depending on the fabric and type of dyeing, using a technology such as 

the AirDye technology 95 % less water and up to 86 % less energy is needed compared to a 

classic dyeing process (Debscorp 2017). However, unfortunately, this technique can only be 

used for synthetic textiles, and not for cotton and other nonsynthetic fibres, making the 

technique unsuitable for more than half of the worlds’ textile products. Alternatively, efforts 

are made to reuse the process water, e.g. by using the so-called EColoRO concept, which 

consists of electrocoagulation followed by membrane filtration, to treat textile wastewater and 

then recycle it. In this way, companies performing textile refining/dyeing should be able to 

recuperate 90 % of the water used (Vlakwa 2015).  

The textile industry is not only characterized by its enormous water consumption 

(sometimes as high as 3,000 m3 day-1 (Ghaly et al. 2014)) but also by a huge variety and 

complexity of dyes and chemicals (e.g., for applying special coatings, change characteristics of 

the fibre for improving the dyeing process and cleaning steps) employed. In total, the textile 

industry uses more than 10,000 dyes and chemicals (Robinson et al. 2001). The type of dyes 

and chemicals differ depending on the raw textile materials used and the method of application 

(Table 1.1). Raw textile materials can be classified into three main categories, including (i) 
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cellulose fibres (e.g., cotton, rayon, linen, ramie, hemp and lyocell), (ii) protein fibres (e.g., 

wool, angora, mohair, cashmere and silk) and (iii) synthetic fibres (e.g., polyester, nylon, 

spandex, acetate, acrylic, ingeo and polypropylene). Cellulose fibres can be dyed using reactive, 

direct, naphthol and indigo dyes, whereas protein fibres are colored using acid dyes and lanaset 

dyes (Lorimer et al. 2001; Schmidt et al. 2003; Moody & Needles 2004). Other dyes like 

disperse, basic dyes and direct dyes are used to dye synthetic fibres (Burkinshaw 1995).  

Textile industries not only consume large volumes of water, but also produce large 

amounts of liquid wastes that typically contain high concentrations of dyes, dyeing additives 

and other chemicals used in the production, some of which are non-biodegradable, toxic, 

mutagenic and/or carcinogenic (Lee et al. 2006; Jadhav et al. 2007; Shi et al. 2007; Anouzla et 

al. 2009; Verma et al. 2012). Indeed, during the dyeing process, there is always a portion of 

dyes that is not fixed on the fabrics and gets washed out, as is also the case for the excess of 

dyeing additives and chemicals used during production (Figure 1.1). Examples of chemicals 

that end up in textile waste water are, in addition to a wide variety of synthetic dyes, various 

acids, alkalis, sulphur, napthol, nitrates, surfactant-dispersing agents, soap products, 

formaldehyde-based dye fixing agents, hydrocarbon-based softeners and heavy metals such as 

Cu, Cr, Cd, Zn, Ni, As and Pb (Kant 2012). The amount of dye lost depends on the class of 

dyes and their application, varying from 0 % (e.g., for certain basic dyes) to 50 % for certain 

reactive dyes, leading to severe contamination of surface and ground waters in the vicinity of 

textile dyeing industries (O’Neill et al. 1999). In total, worldwide approximately 280,000 tons 

of textile dyes are discharged every year (Maas & Chaudhari 2005). Exact figures about the 

amount of textile dyes discharged per country are, however, (at least to our knowledge) scarce. 

Nevertheless, to get a better idea about potential differences in the discharge volumes among 

different countries, an overview of the most important exporters of textile is presented in Table 

1.2, which can indirectly be linked to the amount of dyes used and the amount of associated 

wastewater generated. Textile exports from Belgium valued approximately 5.7 billion U.S. 

dollars in 2015 (World Trade Organization 2015).  
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Table 1.1 Main characteristics of different classes of dyes used in the textile industry (adapted from Verma et al. 2012). 

Class Characteristics Substrate Dye-fibre interaction Method of application Chemical types 

Acid Anionic, water 

soluble 

Nylon, wool and 

silk 

Electrostatic and 

hydrogen bonding 

Applied from neutral to acidic dyebaths Azo including premetallized anthraquinone, 

triphenylmethane, azine, xanthene, nitro and 

nitroso 

Basic Cationic, water 

soluble 

Modified nylon and 

polyester 

Electrostatic attraction Applied from acidic dyebaths Diazacarbocyanine, cyanine, hemicyanine, 

diazahemicyanine, diphenylmethane, 

triarylmethan, azo, azine, xanthene, acridine, 

oxazine and anthraquinone 

Direct Anionic, water 

soluble 

Cotton, rayon, 

leather and nylon 

Intermolecular forces Applied from neutral or slightly alkaline 

baths containing additional electrolytes 

Azo, phthalocyanine, stilbene and oxazine 

Disperse Very low water 

solubility 

Polyester, 

polyamide, acetate, 

acryclic and plastics 

Hydrophobic- solid 

state mechanism 

Fine aqueous dispersions often applied by 

high temperature-pressure or lower 

temperature carrier methods 

Azo, anthraquinone, styryl, nitro and 

benzodifuranone 

Reactive Anionic, water 

soluble 

Cotton, wool, silk 

and nylon 

Covalent bonding Reactive site on dye reacts with functional 

group on fibre to bind dye covalently 

under influence of heat and pH (alkaline) 

Azo, anthraquinone, phthalocyanine, 

formazan, oxazine and basic 

Sulfur Colloidal, 

insoluble 

Cotton and rayon Covalent bonding Aromatic substrate vatted with sodium 

sulfide and re-oxidized to insoluble sulfur-

containing products on fibre 

Indeterminate structures 

Vat Colloidal, 

insoluble 

Cotton, rayon and 

wool 

Impregnation and 

oxidation 

Water-insoluble dyes solubilized by 

reducing with sodium hydrosulfite, then 

exhausted on fibre and re-oxidized 

Anthraquinone (including polycyclic 

quinones) and indigoids 
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Figure 1.1 Illustration of the major pollutants involved at various stages of a (cotton) textile manufacturing 

process. On account of the number and complexity of the different processes involved, textile wastewater typically 

contains a complex mixture of chemicals, among which some may be hazardous to human health and environment 

(Verma et al. 2012). AOX, Adsorbable organic halogens; BOD, Biological oxygen demand; COD, Chemical 

oxygen demand; TDS, Total dissolved solids. 

Table 1.2 Top 10 leading exporters of textiles (World Trade Organization 2015). 

Country Value ($ Billion) Share (%) 

China 109 37.4 

European Union (28 countries) 64 22.1 

India 17 5.9 

United States of America 14 4.8 

Turkey 11 3.8 

Republic of Korea 11 3.7 

Chinese Taipei 10 3.3 

Hong Kong 9 N.A.a 

Pakistan 8 2.9 

Japan 6 2.1 

a re-export, share not present for domestic export 
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Similar to the amount of water used in the dyeing process, the amount of effluent water 

discharged depends on the type of fabrics produced. Pagga and Brown (1986) and Al-Kdasi et 

al. (2004) estimated that about 1,000-3,000 m3 of water is released after processing 12-20 tonnes 

of textiles per day. Textile wastewater generally has a low biological oxygen demand/chemical 

oxygen demand (BOD/COD) ratio (around 20 % as opposed to 60-70 % in municipal 

wastewater), a wide range of pH (4-12), and may contain diverse active substances, adsorbable 

organic halogens (e.g., chlorine compounds) (AOX), inhibitor compounds that may hamper 

effective biological wastewater treatment and high salt concentrations, altogether making textile 

wastewater difficult to treat (Selcuk 2005; Sandhya and Swaminathan 2006; Wu et al. 2007; 

Verma et al. 2012). Table 1.3 gives an overview of average values of important chemical 

characteristics of textile wastewater (exceptions are possible due to the large variation in textile 

wastewater effluents).  

Table 1.3 Typical characteristics of textile wastewater (Alaton et al. 2002; Sevimli & Sarikaya 2002; Metcalf & 

Eddy Inc. et al. 2003; Aleboyeh et al. 2005).  

Parameter Range 

pH 6 – 10 

Temperature (°C) 35 – 45 

Biochemical Oxygen Demand (BOD) (mg l-1) 100 – 4,000 

Chemical Oxygen Demand (COD) (mg l-1) 150 – 10,000 

Total Suspended Solids (TSS) (mg l-1) 100 – 5,000 

Total Dissolved Solids (TDS) (mg l-1) 1800 – 6,000 

Chloride (mg l-1) 1000 – 6,000 

Total Alkalinity (mg l-1) 500 – 800 

Sodium (mg l-1) 610 – 2,175 

Total Kjeldahl Nitrogen (mg l-1) 70 – 80 

Color (Pt-Co)a 50 – 2,500 

a Platinum Cobalt scale used to describe color intensity 

Dyes containing one or more azo bonds, i.e. nitrogen to nitrogen double bonds (so-called 

“azo dyes”) (Zollinger 2003), comprise by far the largest family of organic dyes used in the 

textile industry, as well as in the food and pharmaceutical sector, and account for approximately 

50 % of all dyes used (Carliell et al. 1995; Bae & Freeman 2007; Kusic et al. 2011). Prominent 

types of azo dyes are (i) acid dyes for polyamide and protein substrates such as nylon, wool and 

silk, (ii) disperse dyes for hydrophobic substrates such as polyester and acetate, and (iii) direct 

and reactive dyes for cellulosic substrates such as cotton and linen (Table 1.1). Their extensive 

usage is particularly due to their intense color, easiness to produce, and high stability to light, 



 

7 

 

 

temperature and microbial degradation (Koh 2011). As a result, they are also the most common 

synthetic colorants massively released and found in the environment (Chang et al. 2004; Zhao 

and Hardin 2007; Saratale et al. 2009b). Only very small amounts of dyes (less than 1 ppm for 

some dyes) are needed to cause a highly visible change in the color of water (Banat et al. 1996).  

Colored wastewater not only affects the aesthetic and transparency aspects of the water 

being received, but also affects photosynthesis in aquatic flora, thereby severely affecting the 

food source of aquatic organisms. Furthermore, it involves possible environmental and health 

concerns about the toxic, carcinogenic and/or mutagenic effects of some azo dyes, especially 

due to the release of aromatic amines after cleavage of the azo bond (O’Neill et al. 1999; 

Puvaneswari et al. 2006; de Campos Ventura-Camargo & Marin-Morales 2013). Examples 

include aniline, 4-chloroaniline, toluene 2,4-diamine, 2-naphthylamine, 4,4’-

methylenedianiline, N-nitrosodiphenylamine and benzidine (Pinheiro et al. 2004). For an 

extensive list of aromatic amines, the reader is referred to Pinheiro et al. (2004). Key 

developments have been made in the identification of carcinogenicity mechanisms in several 

aromatic amines, especially for N-substituted aryl compounds, which are linked to human 

cancers (Weisburger 2002). Biochemical activation through N-hydroxylation, followed by 

sulfonation, esterification or acetylation, is able to generate intermediates able to bind to DNA 

molecules and thus presents the main route of genotoxicity and carcinogenicity (Pinheiro et al. 

2004). Also, nitrosoaryl or N-hydroxyaryl intermediates have been found to be involved in 

toxicity through interaction with hemoglobin, causing methemoglobinemia. More generally, 

azo dyes can cause human health disorders such as nausea, hemorrhage, ulceration of skin and 

mucous membranes and severe damage to kidneys, the reproductive system, liver, brain, and 

central nervous system (Morikawa et al. 1997; Verma & Madamwar 2003). Also, dermatitis, 

asthma, nasal problems and rhinitis can occur, as was observed with workers after prolonged 

exposure to reactive dyes (Nilsson et al. 1993). Some azo dyes also contain metals in 

coordination complexes, creating additional problems for the environment. Therefore, the 

treatment of industrial effluents containing dyes, and especially azo dyes and their metabolites, 

is necessary before their discharge into the environment (Hao et al. 2000; Supaka et al. 2004). 

Strict legislative requirements are in place for the release of wastewater, depending on the 

country and final destination of the water (surface waters versus sewers). In Table 1.4, for 

example, discharge limits for wastewaters released into surface waters in Belgium are 

presented. Surprisingly, however, no limits are prescribed for the color of the released waters. 
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Table 1.4 Discharge requirements (VLAREM) of important parameters for textile wastewaters released into 

surface waters in Flanders for textile finishing companies (Wetgeving Leefmilieu, Natuur en Energie 2017) 

Parameter Requirement  

pH 6.5-9.0 
 

Temperature < 30 °C 
 

Total Suspended Solids (TSS) < 60 mg l-1 
 

Biological oxygen demand (BOD) < 25 mg O2 l-1  
 

Chemical oxygen demand (COD) < 160 mg O2 l-1 a  

Total Nitrogen < 15 mg l-1 a  

Total Phosphor < 2 mg l-1 a  

Adsorbable organic halogens (AOX) < 1 mg l-1 
 

aWhen given a special permission, these values can 

increase up to 250, 30 and 5 mg l-1 for COD, total nitrogen 

and total phosphor, respectively. 

 

 
 

1.2 Textile wastewater treatment methods 

Many approaches have been proposed to remove dyes from textile wastewaters, including 

physical and physicochemical methods, chemical methods and biological methods. Ideally, the 

method used should be cheap and easy to apply while being very efficient in terms of producing 

a safe effluent of good water quality meeting the legislative requirements. Below, we briefly 

expand on each of these methods. A schematic overview of the different advantages and 

disadvantages of these methods is presented in Table 1.5. For further information the reader is 

referred to, for example, Singh & Arora (2011), Sarayu & Sandhya (2012), Ghaly et al. (2014), 

Oturan & Aaron (2014) and Holkar et al. (2016), providing extensive reviews on this topic.  
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Table 1.5 Overview of various (established and emerging) textile wastewater treatments methods with their principal advantages and limitations (adapted from Carmen & 

Daniela 2012). 

Treatment type Method Treatment stage Advantages Limitations 

Physicochemical Adsorption (Activated 

carbon) 

Pre- or posttreatment Good removal efficiency of wide variety of dyes Very expensive; cost intensive regeneration 

process 
 

Adsorption (Peat) Pretreatment Effective adsorbent due to cellular structure; no 

activated required 

Surface area is lower than activated carbon 

 
Adsorption (Coal ashes) Pretreatment Economically attractive; good removal efficiency Larger contact times and huge quantities are 

required; specific area for adsorption are 

lower than activated carbon 
 

Adsorption (Wood 

chips/sawdust) 

Pretreatment Effective adsorbent due to cellular structure; 

economically attractive; good adsorption capacity 

for acid dyes 

Long retention times and huge quantities are 

required 

 
Adsorption (Silica gels) Pretreatment Effective for basic dyes Side reactions prevent commercial application 

 
Ion exchange Main treatment Regeneration with low loss of adsorbents Specific application; not effective for all dyes 

 
Membrane filtration Main treatment Removes all dye types; recovery and reuse of 

chemicals and water 

High running costs; concentrated sludge 

production; dissolved solids are not separated 

in this process 
 

Irradiation  Posttreatment Effective oxidation at lab scale Requires a lot of dissolved oxygen (O2) 
 

Coagulation - flocculation Pre- and main 

treatment 

Short detention time and low capital costs; 

relatively good removal efficiencies 

Agglomerates separation and treatment; 

selected operating conditions 
 

Electrocoagulation Pre- and main 

treatment 

Economically feasible High sludge production 

 
Sonication Pretreatment Simplicity in use; very effective in integrated 

systems 

Relatively new method and awaiting full scale 

application 

Chemical Oxidation with NaOCl Posttreatment Low temperature requirement; initiates and 

accelerates azo bond cleavage 

Cost intensive process; release of aromatic 

amines 

 Ozonation Main treatment Effective for azo dye removal; applied in gaseous 

state: no alteration of volume 

Not suitable for disperse dyes; releases 

aromatic dyes; short half-life of ozone 
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Treatment type Method Treatment stage Advantages Limitations  
Fenton process Pre- and main 

treatment 

Effective for both soluble and insoluble colored 

contaminants; no alternation in volume. 

Sludge generation; problem with sludge 

disposal; prohibitively expensive 

 

 

Photochemical process  Posttreatment No sludge production Formation of by-products  

 Electrochemical oxidation  Pretreatment No additional chemicals required and the end 

products are non-dangerous/hazardous 

Cost intensive process; mainly high cost of 

electricity 
 

 Photocatalysis 

 

Posttreatment Process carried out at ambient conditions; inputs 

are nontoxic and inexpensive; complete 

mineralization with shorter detention times 

Effective for small amount of colored 

compounds; expensive process 
 

 Other Advanced Oxidation 

Processes 

Main treatment Complete mineralization ensured; growing 

number of commercial applications; effective pre-

treatment methodology in integrated systems and 

enhances biodegradability 

Cost intensive process 

 

 

Redox mediatiors Pre- or supportive 

treatment 

Easily available and enhances the process by 

increasing electron transfer efficiency 

Concentration of redox mediator may give 

antagonistic effect; also depends on biological 

activity of the system 

 

 

Enzymatic treatment Posttreatment Effective for specifically selected compounds; 

unaffected by shock loadings and shorter contact 

times required 

Enzyme isolation and purification is tedious; 

efficiency curtailed due to the presence of 

interferences 

Biological Aerobic process Posttreatment Partial or complete decolorization for all classes 

of dyes 

Expensive treatment 

 
Anaerobic process Main treatment Resistant to wide variety of complex colored 

compounds; biogas produced is used for stream 

generation 

Longer acclimatization phase 

 
Microbial cultures (Fungal, 

Algal & Bacterial) 

Posttreatment Good removal efficiency for low volumes and 

concentrations; very effective for specific color 

removal 

Culture maintenance is cost intensive; cannot 

cope with large volumes of wastewater 

 
Engineered wetland systems Pre- or posttreatment Cost effective technology and can be operated 

with huge volumes of wastewater 

High initial installation cost; requires 

expertise and managing during monsoon 

becomes difficult 
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1.2.1 Physical and physicochemical methods 

The main objective of a physical or physicochemical method to treat textile wastewaters is the 

removal of undissolved chemicals and particulate matter present in the wastewater. Below we 

discuss a number of physical and physicochemical methods that are commonly used to treat 

textile wastewater, including adsorption (1.2.1.1), ion exchange (1.2.1.2), membrane 

technology (1.2.1.3), irradiation (1.2.1.4), coagulation-flocculation (1.2.1.5) and 

electrocoagulation (1.2.1.6).  

 

1.2.1.1 Adsorption 

Dyes can be effectively removed from textile wastewaters by physical adsorption of the dyes, 

i.e. by transferring them from the liquid phase, the wastewater, to a solid phase, the adsorbent. 

Whereas inorganic adsorbents are mechanically and chemically stable, have a highly specific 

area and are resistant to microbial degradation, organic adsorbents have the main advantage that 

they are renewable and often composed of wastes or by-products of industrial processes with 

less commercial value (Forgacs et al. 2004). Among the inorganic adsorbents, activated carbon-

based inorganic supports as well as other materials have been implemented for adsorption of 

various dyes, with molecular size and solubility of the dye being key parameters. Due to the 

polar nature of water-soluble hydrophilic dyes and the non-polar nature of the carbon in the 

adsorbent, hydrophilic dyes are poorly adsorbed. In general, low adsorption was reported for 

acid and reactive dyes with low molecular mass, whereas high adsorption was reported for basic 

and direct dyes which are higher in molecular mass. Medium-to-high adsorption occurs for 

disperse dyes with hydrophobic character (Dubrow et al. 1996; Joshi & Purwar 2004). Studies 

of the adsorption capabilities of carbon-based adsorbents show excellent efficacy for a 

considerable number of synthetic dyes (Crini 2006). However, preparation of carbon-based 

adsorbents is generally energy consuming, increasing the price of these adsorbents drastically 

(up to 20 US dollars per kg activated carbon) (Gálan et al. 2013). Additionally, as a large amount 

of carbon sorbent is needed to remove a dye from a large volume of effluent, the expenses 

involved hamper their widespread application (Forgacs et al. 2004). As an alternative, the 

adsorption capacity of a wide variety of other supports such as, amongst many others, activated 

sludge, peach stones, rice husks, sawdust, chitin, sand and clay has been studied (Ramakrishna 

& Viraraghavan 1998; Malik 2003; Rahman et al. 2005; Gulnaz et al. 2006; Akkaya et al. 2007; 

Batzias et al. 2007; De Lisi et al. 2007; Rauf et al. 2007; Attia et al. 2008). Among the organic 

supports, dried biogas waste slurry, orange peel, bagasse, waste banana pith, pulverized 
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macrofungus, water hyacinth roots, coir pith, cyclodextrins and quaternized lignocellulose-

based adsorbents have been used for the removal of particular textile dyes (Namasivayam et al. 

1993; Mittal & Gupta 1996; Sivaraj et al. 2001; Forgacs et al. 2004; Joshi & Purwar 2004; Crini 

2006; Santhy & Selvapathy 2006; Gupta et al. 2007). Especially, cucurbituril (a cyclic polymer 

of glycouril and formaldehyde with internal hydrophobic cavity) has gained a lot of interest as 

effective means of decolorization compared to other physicochemical techniques, especially for 

the removal of reactive dyes (Karcher et al. 1999). Irrespective of its usage form, almost 

complete decolorization could be achieved using cucurbituril for all kinds of dyes, pointing to 

its great potential (e.g., Chen et al. 2015b). However, like several other (physico)chemical 

techniques, high cost is still a major drawback (simple cucurbitural products cost over 100 US 

dollars per gram) (Achwal 1999). For additional recent advances in the use of adsorption for 

dye removal from aqueous solutions, the reader is referred to Yagub et al. (2014). 

 

1.2.1.2 Ion exchange 

A large number of agricultural residues such as maize cob, sugar beet fiber, soybean pulp and 

bark have been investigated for decolorization of textile wastewaters after appropriate 

modification to induce ion-exchange (sorption) properties (Crini 2006; Kumar 2006). 

Conceptually, anionic (e.g., acid, mordant, reactive, direct, metal complexes) as well as cationic 

(basic) dyes form complexes in the form of large flocs when treated with ion-exchange resins, 

which can be separated by filtration. In addition to the ionic interactions of the hydrolyzed dyes 

to the ion-exchange resin, other interactions such as hydrogen bonding and van der Waals forces 

occur. The effectiveness of dye removal greatly depends on the number and type of such 

interactions (Anjaneyulu et al. 2005). However, such ion-exchange resins are not effective for 

disperse dyes due to their hydrophobic character (Mishra & Tripathy, 1993). Additionally, most 

ion-exchange resins have poor hydrodynamic properties when compared to activated carbon 

and are not resistant to the high pressures required to force large volumes of wastewater through 

the bed of the resin (sorption) (Roy et al. 1993; Shi et al. 1999; Kumar 2006). Furthermore, 

other disadvantages of ion exchange-based methods include the high costs that are associated 

with recharging and production of large volumes of sludge (Robinson et al. 2001). 

1.2.1.3 Membrane technology 

Various membrane separation processes have been applied in the textile sector to remove colors 

from effluent wastewaters, including ultrafiltration, nanofiltration and reverse osmosis (Singh 
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& Arora, 2011). A variety of polymers are used as membranes, such as polyamides, styrene-

based polymers, polyacrylonitrile, polysulfones, polycarbonate and fluorocarbon-based 

polymers (Joshi & Purwar 2004). Importantly, membranes should be chemically and thermally 

stable (due to operation at high flux) and be capable of resisting wide ranges of pH, temperature 

and solvents. Advantageously, the membrane acts as a physical barrier to specific components 

in the wastewater without degradation of these components, enabling the removal and reuse of 

dyes, chemicals and processed water. Ultrafiltration has limited applications because the 

molecular weight of the dyes in effluents is usually lower than the molecular weight cut-off of 

the membranes (Ouni & Dhahbi 2010). Nevertheless, higher percentages of dye retention and 

COD removal have been reported for hydrophobic ultrafiltration membranes such as 

polyethersulfone and polyvinylidene fluoride membranes (Simonič 2009; Srivastava et al. 

2011). Furthermore, hydrolyzed reactive dyes, the most problematic dyes to remove by 

conventional aerobic treatment systems, have been successfully removed from textile effluents 

using nanofiltration and reverse osmosis (e.g., Petrinić et al. 2007; Vishnu & Joseph 2007). 

However, although membrane filtration is a suitable technique for water recycling if the effluent 

contains relatively low concentrations of dyes, it is unable to reduce the dissolved content, 

which makes reuse of the water very difficult (Robinson et al. 2001). Major disadvantages of 

these membrane-based techniques are high investment costs combined with high energy costs 

and short membrane life due to frequent clogging of the membranes. As the dyes are not 

degraded but concentrated, subsequent treatment is necessary, further increasing the costs (Van 

der Bruggen et al. 2008). More detailed information and comparisons of the different 

membrane-based treatment technologies can be found in a recent review of Dasgupta et al. 

(2015). 

 

1.2.1.4 Irradiation 

Gamma radiation has been successfully used to decolorize textile wastewater. The rate of 

degradation is determined by the radiation dose and the availability of oxygen (enhancing the 

degradation process and forming of additional peroxides) (Meyers 1998; Perkowski & Kos 

2003). This technique has proven to be very effective for removal of reactive, acid and disperse 

dyes as well as some additional toxic organic compounds (e.g., benzene, toluene and 

chlorophenol) (Joshi & Purwar 2004). Importantly, this technique can also be used to remove 

dyes that are resistant to chemical oxidation/reduction processes (see below) (Wojnárovits & 

Takács 2008). An important disadvantage of this technique includes the high costs due to the 



 

14 

 

 

need of a constant flow of dissolved oxygen which is rapidly consumed during treatment 

(Robinson et al. 2001). 

 

1.2.1.5 Coagulation-Flocculation 

Coagulation-flocculation represents a physicochemical textile wastewater treatment method 

which is typically applied prior to sedimentation or filtration to enhance removal of the 

unwanted dyes. Coagulation is a process used to neutralize charges and form (slightly) larger 

particles. The actual coagulation process results from a lowered zeta potential at the surface of 

the particles and the association of those particles to form agglomerates (Meyers 1998). Next, 

following coagulation, flocculation (a gentle stirring or agitation stage) increases the particle 

size into masses large enough to settle or to be trapped in/on a filter (Lee et al. 2012). Several 

polymers have been used as coagulants for color removal, including cationic, anionic and non-

ionic polymers (Verma et al. 2012). Coagulation-flocculation methods have been successfully 

applied for removal of water-insoluble sulfur and disperse dyes (Dos Santos et al. 2007). 

Coagulation-flocculation not only removes color, but also reduces COD to varying extent and 

hereby increases the biodegradability of the textile wastewater depending on the coagulant used. 

However, there are also a number of drawbacks associated with this method. Firstly, recycling 

of the (expensive) chemicals during the process is not feasible. Secondly, highly water-soluble 

dyes are able to resist coagulation and require higher amounts of coagulants, thus resulting in 

higher costs (Dos Santos et al. 2007). Thirdly, colored sludge is generated which requires 

further disposal. Additionally, flocculation behavior is greatly influenced by the charge on the 

system in which it is used (implicating increased electricity costs), as demonstrated by previous 

research using polyelectrolytes and polyelectrolyte-surfactant complexes (Petzold & Schwarz 

2006). Finally, and most importantly, the generated sludge is often toxic and the concentration 

of total dissolved solids (elevation of unwanted dissolved particles) is increased in the treated 

wastewater (Singh & Arora, 2011). As such, it has been shown that sludge produced after 

coagulation with aluminum or ferrous/ferric salts can be rich in aluminum or ferrous/ferric salts 

which can have severe acute and chronic effects on aquatic biota when not being disposed of 

properly (Dalzell & MacFarlane 1999; Randall et al. 1999; Van Anholt et al. 2002; Sotero-

Santos et al. 2007).  
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1.2.1.6 Electrocoagulation 

Electrocoagulation is a coagulation technique that uses a direct current source between metal 

electrodes immersed in the effluent, which causes the dissolution of electrode plates into the 

effluent. These metal ions, can, at appropriate pH, form a wide range of coagulated species and 

metal hydroxides that aggregate particles or precipitate and adsorb the dissolved contaminants 

(Khandegar & Saroha 2013). Compared to other treatment methods, less sludge is produced by 

this. Coagulants are generated by electrooxidation of a sacrificial soluble anode (usually Al3+ 

or Fe2+/Fe3+), and hence addition of chemicals is unnecessary or is at least limited (Khandegar 

& Saroha 2013). Dye removal during the electrocoagulation process depends on many 

operational parameters such as conductivity of the solution, arrangements of the electrodes, 

electrode shape, power supply type, pH, current density, distance between the electrodes, 

agitation speed, electrolysis time, initial pollutant concentration, retention time and passivation 

of the electrode (Khandegar & Saroha 2013). Kim et al. (2002) showed that color removal for 

disperse dyes was higher than for reactive dyes, but that COD removal followed a reverse trend. 

Some limitations for this technique have been described, pointing out the rather high costs due 

to anode replacement and minimum conductivity in the solution (electricity costs) (Mollah et 

al. 2004). 

 

1.2.2 Chemical methods 

Commonly used chemical methods for decolorization of textile wastewaters include those based 

on chemical oxidation and reduction (Holkar et al. 2016). In case of chemical oxidation, the dye 

molecules are degraded into small colorless molecules such as carbon dioxide, water, nitrogen, 

aldehydes, acids, and sulfates depending on the dye structure and on the strength of the oxidant 

used. Due to the limitations associated with classic oxidation-based approaches and because 

environmental regulations have become more stringent, new and novel approaches for dye 

removal and degradation are developed and implemented. Among these methods, Advanced 

Oxidation Processes (AOPs) have been proposed as a promising technique for wastewater 

treatment as AOPs are able to efficiently oxidize a wide range of recalcitrants. 

 

1.2.2.1 Chemical oxidation 

Conventional chemical oxidation methods typically involve the use of oxidizing agents such as 

chlorine, chlorine dioxide, ozone (O3), hydrogen peroxide (H2O2) or permanganate (Xu et al. 
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2005b). Chlorine (in the form of sodium hypochlorite) has long been used for decolorization of 

textile wastewaters containing water-soluble dyes (e.g., acid, direct, metal complex and reactive 

dyes), but cannot be used to degrade water-insoluble dyes such as disperse and vat dyes 

(Namboodri et al. 1994). Moreover, decolorization of reactive dyes through chlorine treatment 

requires a long treatment time (Hassan & Hawkyard 2002). This is also the case for diazo dyes 

(i.e. dyes containing two –N=N– bonds) when compared to monoazo dyes (i.e. dyes containing 

a single –N=N– bond) to ensure complete decolorization (Hassan & Hawkyard 2002; Rajkumar 

& Kim 2006). Furthermore, chlorine treatment can result in the formation of toxic chlorinated 

organics such as halogenated hydrocarbons, and an increase in AOX content of the treated water 

(Hassan & Hawkyard 2002). O3 is another widely used oxidizing agent, providing high color 

removal efficiencies, due to its extremely strong oxidizing properties and rapid reaction times 

with many dyes (Alaton et al. 2002). O3 is highly selective, attacking unsaturated bonds of the 

dye chromophores (i.e. the part of the dye responsible for its color), and hereby quickly removes 

the color. Besides the direct oxidation, hydroxyl radicals can be formed in a side reaction 

(depending on the parameters) further increasing the degradation. Further mineralization of the 

chromophore is, however, generally low, probably due to the short half-life time of O3 (on 

average 20 minutes at 20 °C). In the end, partially oxidized products are formed such as organic 

acids, ketones and aldehydes. The main advantages of ozonation are that no sludge formation 

occurs during the treatment and that, in addition to color, COD is removed. Further, ozonation 

requires no other chemicals, and the residual O3 easily decomposes into oxygen due to its 

gaseous state (Khraisheh 2003; Gül et al. 2007; Miralles-Cuevas et al. 2017). However, the 

stability of O3 is affected by pH, temperature and the presence of salts, and represents one of its 

main disadvantages (Gosavi & Sharma 2014; Tian et al. 2014). Further, ozonation may form 

toxic by-products (such as organic peroxides, unsaturated aldehydes and epoxides), even from 

biodegradable dyes (aromatic derivatives) (Miralles-Cuevas et al. 2017). H2O2 is frequently 

used for wastewater decolorization and is able to react with most dyes as well as the majority 

of complex organic and inorganic chemicals present in the effluent (COD reduction due to 

oxidation of compounds) (Asghar et al. 2015). Reaction by-products are harmless (not leaving 

residues or gasses) when compared to those formed from chlorine and O3 treatments (Uygur 

1997). Nevertheless, H2O2 generally fails to degrade dyes that are more difficult to oxidize, 

very often leading to partial degradation of the dyes (and thus potential formation of toxic 

intermediates). Also, long reaction times (slow reaction rate without other enhancers) and 

overall high operational costs make the use of H2O2 less attractive for textile wastewater 

treatment (Singh & Arora, 2011).  
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1.2.2.2 Advanced Oxidation Processes  

AOPs show great potential to efficiently remove color and COD in textile wastewaters (Asghar 

et al. 2015). The AOPs concept was established by Glaze and coworkers (Glaze et al. 1987) 

who defined AOPs as “near ambient temperature and pressure water treatment processes which 

involve the generation of hydroxyl radicals (OH•) in sufficient quantity to effect water 

purification”. Nowadays AOPs are considered highly efficient to destroy organic compounds 

through the production of free radicals at ambient temperature and atmospheric pressure 

(Asghar et al. 2015). These species, mainly hydroxyl radicals, are of particular interest because 

of their high oxidative capacity (Table 1.6; Krishnakumar & Swaminathan 2011). Additionally, 

these radicals are very reactive, attack most organic molecules, and are not highly selective 

(Tehrani-Bagha et al. 2010). However, it has also been suggested that, besides hydroxyl 

radicals, AOPs can generate other oxidizing species (Anipsitakis & Dionysiou 2003; 2004). 

Generated radicals are able to oxidize organic pollutants mainly by hydrogen abstraction or by 

electrophilic addition to double bonds to generate organic free radicals. These radicals then 

react with oxygen molecules forming peroxyradicals and initiate oxidative degradation chain 

reactions that can lead to the complete mineralization of the organics (Blanco 2003) (Figure 

1.2).  

Table 1.6 Standard potential of different oxidizing species (Sirés et al. 2014), illustrating the strong oxidizing 

power of hydroxyl radicals (OH•) formed in Advanced Oxidation Processes (AOPs). 

Oxidizing agent Standard potential (V vs SHE)a 

Oxygen (molecular) 1.23 

Chlorine dioxide 1.27 

Chlorine 1.36 

Ozone (O3) 2.08 

Oxygen (atomic) 2.42 

Hydroxyl radical (OH•) 2.80 

Fluorine 3.06 

Positively charged hole on TiO2 3.20 
a Volt vs standard hydrogen electrode 

 

 

Figure 1.2 General reaction mechanism of Advanced Oxidation Processes (AOPs) using free hydroxyl radicals 

(OH•) to degrade pollutants, leading to complete mineralization. 
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AOPs can be classified either as homogeneous or heterogeneous (Poyatos et al. 2010). 

Homogeneous processes can be further subdivided into processes that use energy and processes 

that do not use energy (Figure 1.3). Most of these processes include combinations of UV, O3, 

H2O2 or Fenton’s reagent (i.e. a solution of H2O2 and ferrous iron as a catalyst), as well as 

photocatalytic oxidation processes where catalysts are used together with UV-light (Singh & 

Arora 2011). Unfortunately, so far no single AOP treatment is appropriate or universally 

adoptable due to the diverse nature of textile effluents (Holkar et al. 2016). 

 

Figure 1.3 Classification of Advanced Oxidation Processes (AOPs) according to Poyatos et al. (2010). AOPs can 

be classified either as homogeneous or heterogeneous processes. Homogeneous processes can be further 

subdivided into processes that use energy and processes that do not use energy. Processes marked in bold have 

been intensively studied in the past years. Abbreviations used: O3, ozonation; H2O2, hydrogen peroxide; UV, 

ultraviolet radiation; US, ultrasound energy; Fe2+, ferrous ion.  
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Fenton’s reagent, a solution of H2O2 with ferrous (Fe2+) iron as a catalyst, has been 

widely used for treating effluents of dye industries, leading to decolorization and COD removal 

of over 90 % when used at the optimum pH of 3.0 (e.g., Karthikeyan et al. 2011; Blanco et al. 

2012; Darshna & Yogesh 2014; Torrades & García-Montaño 2014; de Lima et al. 2017). The 

ferrous ion initiates and catalyzes the decomposition of H2O2, resulting in the generation of 

hydroxyl radicals which are able to rapidly attack organic substrates causing chemical 

decomposition by hydrogen abstraction and addition to C-C unsaturated bonds:  

H2O2 + Fe2+ → Fe3+ + HO- + HO•             

Further on, formed Fe3+ can react with H2O2 following a radical mechanism that involves 

hydroxyl and hydroperoxyl radicals, with regeneration of Fe2+ (Neyens & Baeyens 2003). Xu 

et al. (2004) studied the degradation of 20 different dye types using Fenton oxidation, including 

acid, reactive, direct, cationic, disperse and vat dyes. The first four types of dyes were 

decolorized and their TOC values were decreased greatly (color and TOC removal ranging from 

87 to 100 % and from 56 to 79 %, respectively), while for the latter two types lower color (30-

56 %) and TOC removal (21-34 %) were observed. However, main disadvantages of Fenton’s 

reagent are the generation of sludge due to flocculation of the reagent and dye molecules (ferric 

sludge formation after neutralization following the Fenton reaction), and the requirement of 

acidic pH for proper operation (Babuponnusami & Muthukumar 2014). Dos Santos et al. (2007) 

were able to decrease the formation of sludge and to accelerate color removal by implementing 

ozonation prior to the Fenton process. A combination with ultraviolet (UV) light, also known as 

“UV photo-oxidation” (photo-Fenton), could also give advantages over the classic Fe2+ 

catalyzed reactions due to not being restricted to acidic conditions and the elimination of 

catalyst-associated sludge. Here, UV is used for the reduction of Fe3+ oxalate back to Fe2+, 

resulting in a drastic reduction of sludge waste (Vogelpohl 2007). Parameters such as UV 

radiation intensity, pH, dye structure and dye bath composition influence the rate of dye removal 

(Yen 2016). Xu et al. (2004) reported that oxidation of both water-soluble and insoluble dyes 

by Fe2+/UV/H2O2 outcompeted the UV/H2O2 and Fenton’s reagent treatments, resulting in 

higher color and TOC removal of the dye solutions. Further, UV and other energy dissipating 

components (e.g., solar light, ultrasonic waves) have a direct impact on O3 and H2O2, initiating 

the production of free radicals (Saharan et al. 2014). Besides UV, a combination of O3/H2O2 

can create a series of chain reactions, creating hydroxyl radicals used for the degradation of 

textile effluents (Al Momani 2007; Palit 2012). It should be mentioned that all of these 
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combination treatments are faster, but more costly, when compared to single chemical 

treatments (Bagal & Gogate 2014). 

 Dyes are designed to resist photodegradation due to the high required standards of 

lightfastness of dyeings. The efficacy of a large number of catalysts and irradiation conditions 

(e.g., TiO2, ZnO, clay, zeolites, iron oxide) have been evaluated for wastewater treatment, and 

it has been found that the presence of catalysts enhances the rate of photodecomposition for 

dyes (Muhd Julkapli et al. 2014). For example, the role of TiO2 as a photocatalyst has been well 

documented (e.g., Forgacs et al. 2004; Joshi & Purwar 2004; Dos Santos et al. 2007; Juang et 

al. 2010; Palácio et al. 2012; Shanthi & Priya 2012). Forgacs et al. (2004) showed that 

photooxidation of azo dyes under UV irradiation is dependent on both the chemical structure of 

the dye (e.g., monoazo dyes are more easily decomposed than dyes containing multiple azo 

bonds) and the presence of TiO2. Moreover, other parameters such as pH, catalyst, substrate 

concentration and the presence of additional electron acceptors next to oxygen (e.g., H2O2 and 

(NH4)2S2O8) influence photodegradation of dyes (Konstantinou & Albanis 2004). Furthermore, 

it was found that inorganic salts such as NaCl, Na2SO4, NaNO3 and KCl could significantly 

limit dye decolorization during Fe3+-oxalate complex/H2O2 treatment (Dong et al. 2007). Also, 

other studies report on the effect of different oxidants such as peroxomonosulfate and 

peroxodisulfate on the decolorization of acid dyes. It has been shown that the rate of 

photodegradation of the dye decreases with increasing dye concentration and an increase of the 

rate when the oxidant was higher concentrated. TOC analysis during these experiments revealed 

rapid mineralization when using peroxomonosulfate (Madhavan et al. 2006). The feasibility of 

other photooxidation systems such as ferrioxalate/H2O2/solar light have been investigated for 

the mineralization of azo dyes, where the investigated azo dye (Reactive Black 5 (RB5)) was 

partially mineralized and decolorized for over 90 % (Lucas & Peres 2007). Also, combinations 

of O3/TiO2, O3/TiO2/H2O2, and TiO2/H2O2 have been investigated, but were shown to be 

influenced by the type of dye, dye concentration and the pH during reaction, and therefore 

difficult to implement in practice (Galindo et al. 2000). Additionally, microwave-assisted 

photocatalysis coupled with UV-VIS in TiO2 dispersion resulted in effective degradation of 

higher dye concentrations as compared to conventional photocatalysis (Zhang & Wang 2007). 

More recently, the utilization of solar light instead of UV-based methods and microwave 

technologies have attracted attention (e.g., Villanueva & Martinez 2007; Ruiz et al. 2011; Wang 

et al. 2012b; Soares et al. 2013; Gupta et al. 2015), where photocatalytic dye degradation under 

sunlight has been demonstrated for a number of dyes (Xia et al. 2008; Ge et al. 2012).  
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In recent years, much attention has been given to electrochemical methods to produce 

hydroxyl radicals (so-called “Electrochemical Advanced Oxidation Processes” (EAOPs)). 

EAOPs provide several advantages for prevention and remediation of pollution problems 

because electrons are a clean reagent (Martínez-Huitle & Brillas 2009). Other advantages 

include high energy efficiency, amenability to automation, easy handling, operation under mild 

conditions (both for temperature and pressure) and high versatility as they can be applied to 

effluents with varying COD ranges (Sirés et al. 2014). These processes include electrochemical, 

sonoelectrochemical and photoelectrochemical technologies, and all showed great potential for 

decolorization of textile wastewater (e.g., Rodriguez et al. 2009; Somayajula et al. 2012; 

Moreira et al. 2013; Brillas & Martínez-Huitle 2015). In electrochemical oxidation, hydroxyl 

radicals are produced using high cell potentials by the use of electrodes. Electrochemical 

oxidation has been successfully used for removal of color, COD, BOD, TOC, (suspended and 

dissolved) solids and heavy metals from textile wastewaters (Mohan et al. 2007), and has been 

shown effective to remove disperse, reactive and acid dyes as well as auxiliaries such as leveling 

agents (Fernandes et al. 2004). The method facilitates both direct oxidation at the electrode 

surface and indirect oxidation to react in the bulk solution (if a mediator is used) (Barrera-Díaz 

et al. 2014). Its efficiency is largely dependent on the potential difference and current intensity, 

nature and number of electrodes (and distance between them), and the pH and salt concentration 

of the solution (Joshi & Purwar 2004). For a description of electrocoagulation, representing 

another electrochemical technique, we refer to the section “1.2.1.6 Electrocoagulation”. For 

sonoelectrochemical processes, ultrasound (US) irradiation is generally used to enhance mass 

transfer and produce changes in the chemical composition of the electrolyte (cavitation 

phenomenon), leading to the formation of radical species which can degrade the dyes (Rooze 

et al. 2013). The use of photo-assisted processes, such as photoelectrocatalysis and 

photoelectron-fenton are more recently studied and are based on the enhanced destruction of 

organic pollutants from waters by hydroxyl radicals by incident UV light on the electrolytic 

system and/or the quick photolysis of intermediates in the treated solution (Martínez-Huitle & 

Brillas 2009). As these processes are very energy intensive, recent studies focus on the use of 

natural solar light as an inexpensive and renewable energy source. For more detailed 

information and recent studies of EAOPs for treatment of textile effluents, the reader is referred 

to the review of Brillas & Martínez-Huitle (2015). 

Although AOPs have clearly important advantages over more classical single treatment 

methods (e.g., chlorine, O3, NaOCl), they are still not often implemented in practice due to the 
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high costs associated with the chemical reagents and/or electrical energy needed (Crini 2006). 

Yonar et al. (2005) investigated the efficacy of several decolorization methods for textile 

effluents using chemical and photochemical oxidation processes. Both single and combined 

treatments were studied and compared in terms of efficacy and operating costs. All treatments 

were effective in the purpose of removing COD and color, with the UV/H2O2 treatment being 

the least expensive option. Combined treatments did, however, lower total costs as opposed to 

single chemical treatments (Yonar et al. 2005). To decrease costs further without giving in on 

efficacy, AOPs could be combined with biological processes, either as a pretreatment or 

posttreatment (see further; “1.3 Combination of chemical and biological treatments”). Such 

combinations can be highly cost-effective as presented by Oller et al. (2011), who reviewed 

various experiments concerning combined chemical-biological treatments. 

 

1.2.3 Biological methods 

Biological treatment methods represent a preferred alternative for the above-mentioned 

treatment methods due to their cost-effectiveness and general environmental benignity (as no 

chemicals are involved) (Banat et al. 1996). Biological treatment methods are based on the 

capability of microorganisms to transform the dyes into a source of energy, carbon and other 

minerals that are essential for their growth. To do so, these microorganisms need to have 

enzymes to transform the contaminants, such as reductases and oxidases (Wu et al. 2012). 

Azoreductases, for example, are enzymes needed to cleave the azo bonds in azo dyes and make 

the aromatic amines more accessible for microorganisms, which use oxidases to break down 

the released aromatic amines. The challenge is to find microorganisms or consortia of 

microorganisms that have these types of enzymes and that can degrade a wide diversity of azo 

dyes and also thrive in the presence of salts and other conditions typical for textile effluents. 

For this reason, natural environments, including, amongst many others, textile wastewater and 

wastewater treatment plants (WWTPs), are more and more explored to find well-adapted 

microorganisms that can be used for industrial wastewater treatment (e.g., Moosvi et al. 2005; 

Asad et al. 2007; Mahmood et al. 2011; Pokharia & Ahluwalia 2013). Enzymes with azo 

reducing activity, including azoreductases, peroxidases, laccases and polyphenol oxidases, have 

been identified in many aerobic and anaerobic microorganisms, including bacteria, fungi and 

algae (Singh et al. 2015).  

Biological treatments are generally considered an effective means of treating organic 

rich wastewater, removing and converting over 70 % of organic matter into biosolids (Zheng et 
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al. 2013). However, both water solubility and molecular weight of the present compounds are 

critical factors influencing biodegradation, which inhibit permeation of the compound through 

the biological cell membrane (Pearce et al. 2003). Furthermore, biodegradability can be 

significantly influenced by the substituents and their position on the chromophore. For example, 

ionic azo dyes with hydroxyl or amino groups are usually degraded faster in comparison with 

dyes containing methyl, methoxy, sulfo and/or nitro groups (Paszczynski et al. 1992; Nigam et 

al. 1996). In the group of the non-ionic dyes (disperse, solvent and vat dyes), enhanced 

biodegradation is observed in dyes containing hydroxyl, amino, acetamido or nitro groups when 

compared to unsubstituted chromophores (Spadaro et al. 1992). 

Biological treatments can be divided into three categories, including aerobic, anaerobic 

and combined anaerobic/aerobic treatments. For the aerobic treatment, free dissolved oxygen 

in the wastewater is used by microorganisms to degrade organic constituents, whereas in the 

anaerobic treatment organic compounds are converted to methane and carbon dioxide. When a 

combined anaerobic/aerobic treatment is used, highly concentrated waste can pass through 

anaerobic digestion (hereby producing energy in the form of biogas) and further through aerobic 

treatment for better COD and volatile suspended solids removal (Chan et al. 2009). In the textile 

effluent (dyes) treatment, the anaerobic component is responsible for the reductive cleavage of 

the dyes (e.g., azo dyes) while the aerobic treatment proceeds with the degradation of dye 

residual products such as aromatic amines (Van der Zee & Villaverde 2005). Below we expand 

on each of these methods. Furthermore, emphasis is given to what is currently known about the 

microbial communities thriving in textile WWTPs and the microorganisms involved in 

biological decolorization of textile dyes. 

 

1.2.3.1 Aerobic, anaerobic and combined anaerobic/aerobic decolorization systems 

1.2.3.1.1 Aerobic treatment 

Many studies report on aerobic degradation of dyes (e.g., Adedayo et al. 2004; Senan & 

Abraham 2004; Pajot et al. 2007; Kolekar et al. 2012). The most generally employed aerobic 

treatment system for wastewater are activated sludge processes (Dubrow et al. 1996), in which 

activated sludge microbes use several enzymes to degrade organic matter via direct contact or 

decolorize the wastewater through adsorption of the dyes (Kapdan & Kargi 2002). Many dyes, 

such as disperse, direct and basic dyes can adsorb onto activated sludge and can subsequently 

be removed together with the sludge. Acid dyes and reactive dyes, however, exhibit low 
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adsorption and pass through the system largely unaffected. Nevertheless, color removal can be 

enhanced when additional adsorbents like activated carbon or other chemicals are added to the 

activated sludge (Chen et al. 2003a). However, decolorization through adsorption is considered 

unsuitable for long-term treatment, owing to problems to exhaustion and disposal of the biomass 

(Brás et al. 2001). Therefore, biological decolorization should preferably be based on 

biodegradation of the dyes rather than adsorption. Studies in which the efficacy of activated 

sludge (adapted to textile effluents) has been evaluated for color removal report decolorization 

percentages and COD removal up to 95 % and 85 %, respectively (Sandhya et al. 2005; Kumar 

et al. 2009). 

Contact between the microbial populations and the contaminants, and thus the efficacy 

of the treatment, can be enhanced by using other techniques such as immobilized microbe 

reactors, without concomitant production of excessive sludge (Chen et al. 2005). These reactors 

consist of a solid, porous matrix to which specialized microorganisms can attach, allowing a 

greater number of microorganisms that are available for the degradation of the dyes, without 

having the need for suspended microorganisms (Singh & Arora 2011). An example of such a 

reactor is the trickling biofilter. A trickling biofilter is a fixed-bed, biological reactor in which 

pre-settled wastewater is continuously “trickled” or sprayed over the filter. As the water 

migrates through the pores of the filter, present organics are aerobically degraded by the biofilm 

covering the filter material. Studies using such biofilters revealed that some microorganisms 

developed on the filter were able to completely remove color and reduce COD up to 95 % 

(Kornaros & Lyberatos 2006; Novotný et al. 2011). Nowadays, reactor design is increasingly 

focused on the immobilization of specialized microorganisms and/or enzymes (e.g., Sharma et 

al. 2004; Chen et al. 2005; Khehra et al. 2006; Tony et al. 2009a; Ruiz-Arias et al. 2010), 

ensuring higher decolorization and/or degradation rates of dyes and chemicals from textile 

effluents (Dave et al. 2015; Imran et al. 2015). 

 

1.2.3.1.2 Anaerobic treatment 

Anaerobic treatment of textile wastewater is usually conducted in sealed tanks with the waste 

being mineralized into methane and CO2. When nitrogenous and sulfide containing pollutants 

are present, also ammoniacal substances and H2S are formed. Additionally, a considerable 

amount of heat (generating between 7,000-12,000 Joules per kg COD removed) is often 

produced, which, together with the produced methane, can be reused within the textile dyeing 

process through heat exchange units (Singh & Arora 2011). Compared to (conventional) aerobic 
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systems, anaerobic processes usually occupy less space, treat wastewaters more efficiently with 

lower costs, and produce less sludge (Singh & Arora 2011). Both color removal and dye 

degradation have been studied intensively using anaerobic treatment systems (Dos Santos et al. 

2007), but most studies have been conducted on azo dyes (Carliell et al. 1995; Kim et al. 2008). 

Primary degradation and decolorization of azo based chromophores involves the reduction of 

the azo bond, with the rate of decolorization being dependent on the dye structure and additional 

carbon sources (Senan & Abraham 2004). Studies of the degradation kinetics of azo dyes under 

anaerobic conditions showed first order kinetics with respect to dye concentration and zero 

order kinetics in some cases (e.g., Carliell et al. 1995; Işık & Sponza 2005; Yu et al. 2011; 

Koupaie et al. 2012). Anaerobic dye decolorization has shown no correlation with molecular 

weight or cell permeability, showing that the process is rather fortuitous, with the dye being 

used as electron acceptor. In this unspecific anaerobic process, low molecular weight redox 

mediators such as flavins and quinones are invariably involved (Singh & Arora 2011). To be 

successful, anaerobic treatment usually also requires the use of an additional carbon/nitrogen 

source (e.g., yeast extract) to provide energy for growth and survival, as well as electron donors 

which are necessary for the breakage of the azo bond and thus removal of color (reduction), 

having an important effect on the extent of the decolorization (Solís et al. 2012). Despite the 

advantages of an anaerobic treatment, anaerobic degradation of azo and nitro components can 

result in the formation of toxic and recalcitrant amines that cannot not be further degraded 

anaerobically. Moreover, formed degradation products can even be more toxic then the original 

dye (Banat et al. 1996; McMullan et al. 2001; Pandey et al. 2007; Joshi et al. 2008). To avoid 

this, a subsequent aerobic treatment for complete mineralization provides a plausible solution 

(Méndez-Paz et al. 2005; Kalme et al. 2007; Ali 2010).  

 

1.2.3.1.3 Combined anaerobic/aerobic treatment 

Several studies combining an anaerobic and aerobic treatment have been performed for 

effective decolorization of dye wastewaters, resulting in near complete mineralization (COD 

removal) of the dyes. For example, Sponza & Işik (2002) used a sequential anaerobic-aerobic 

system for the decolorization of the diazo reactive dye RB5. Partially granulated sludge using 

glucose as a cosubstrate was found to decolorize 98 % of the dye present in the synthetic 

medium under anaerobic conditions. In the subsequent aerobic treatment, formed intermediate 

products were further mineralized. These findings have been confirmed by several other studies, 

in which an anaerobic and aerobic treatment were successfully combined for decolorization in 
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the anaerobic stage and mineralization and detoxification of produced intermediates during 

further aerobic treatment (e.g., Libra et al. 2004; Frijters et al. 2006; Bonakdarpour et al. 2011; 

Jonstrup et al. 2011a; Amaral et al. 2014; García-Martínez et al. 2015; Yurtsever et al. 2015). 

An important drawback of this strategy, however, involves autoxidation of aromatic amines 

(such as o-aminohydroxynapthalenes) formed during anaerobic reduction of azo dyes. These 

types of amines are very reactive in aerobic conditions and may undergo autoxidation, resulting 

in (larger) molecules that are more difficult to biodegrade, and may therefore constitute a 

serious problem as complete mineralization of the azo dyes is not obtained (Singh & Arora 

2011). For more detailed information about anaerobic–aerobic sequential biological treatments, 

the reader is referred to Popli & Patel (2015).  

In recent years, so-called “microbial fuel cells” (single or dual chamber; Figure 1.4) 

have been developed as alternatives for dye decolorization (using both aerobic and anaerobic 

activated sludge in the aerobic cathode chamber and anaerobic anode chamber, respectively). 

Herein, microorganisms interact with electrodes using electrons (so-called “bio-electrochemical 

systems”) to convert organic matter spontaneously into electricity through metabolic activity of 

the microorganisms (Dave et al. 2015). These fuel cells are capable of producing energy and 

reducing dye color simultaneously, decreasing operational costs of WWTPs (Lu et al. 2009a). 

The generation of bioelectricity can be accomplished through at least three mechanisms, 

including (i) electron shuttling via cell-secreting mediators (e.g., phenazine, quinones), (ii) 

membrane-bound redox proteins (e.g., cytochromes), and (iii) conductive pili (Solís et al. 2012). 

Electricity is produced during co-metabolism of the dyes and other carbon sources, where 

electrochemically active microorganisms catalyze the oxidation of carbon sources to CO2 in an 

anodic chamber (anaerobic). Electrons generated from these reactions are conducted through 

an external circuit to the cathode where O2 is reduced to H2O or the dye is reduced (Liu et al. 

2011). More detailed information and examples can be found in Solanki et al (2013). 
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Figure 1.4 Simplified view of a two-chamber microbial fuel cell (MFC) with possible modes of electron transfer 

(a) and a single-chamber MFC with open air cathode (b) (Solanki et al. 2013). Modes of electron transfer include 

(i) direct electron transfer (via outer membrane cytochromes), (ii) electron transfer through mediators, and (iii) 

electron transfer through nanowires. 

 

1.2.3.2 Microorganisms involved in the biological degradation of dyes 

As stated above, both aerobic and anaerobic microorganisms are useful for the treatment of 

textile wastewater, among which the most important groups are bacteria, fungi and algae 

(Pandey et al. 2007; Saratale et al. 2011; Singh & Arora 2011; Sarayu & Sandhya 2012; Solís 

et al. 2012; Khan et al. 2013; Gowri et al. 2014; Imran et al. 2015). In recent years, a number 

of studies have focused on microorganisms which are able to biosorb and/or biodegrade dyes 

in wastewaters. Microorganisms can be used as pure strains, consortia or even complex 

communities of diverse microorganisms (e.g., activated sludge or biofilms). Compared to single 

strains, microbial consortia or microbial communities may have the advantage that 

collaborating strains can degrade the dyes, leading to an enhanced efficacy (Tony et al. 2009a). 

However, studies using consortia do not allow unequivocal interpretation of the results and 

often lack reproducibility (Singh & Arora 2011). Therefore, more studies focus on single strains 

to obtain dye removal (Pandey et al. 2007; Saratale et al. 2011; Singh & Arora 2011; Sarayu & 

Sandhya 2012; Solís et al. 2012; Khan et al. 2013; Gowri et al. 2014; Imran et al. 2015). 

 Bacterial strains able to degrade azo dyes have been investigated since the 1970s, with 

Bacillus and Aeromonas species representing some of the first bacterial taxa for which this 
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activity has been observed (Idaka & Ogawa 1978; Wuhrmann et al. 1980; Banat et al. 1996). 

Other bacterial taxa with decolorization capabilities have been found in the genera 

Acinetobacter, Klebsiella, Micrococcus, Proteus, Pseudomonas, Shewanella, Sphingomonas 

and Staphylococcus (Khalid et al. 2008b; Elisangela et al. 2009; Franciscon et al. 2009; Kalyani 

et al. 2009; Saratale et al. 2009a; Olukanni et al. 2010; Ayed et al. 2011; Ghodake et al. 2011). 

Dye degradation by bacteria generally involves a reductive (anaerobic) pathway trough 

(azo)reductases, followed by an aerobic removal of degradation products such as aromatic 

amines (Figure 1.5) (Singh et al. 2015).  

 

 

Figure 1.5 Schematic representation of (bacterial) decolorization and demineralization of azo dyes under anaerobic 

and aerobic conditions (van der Zee & Villaverde 2005). 

 

In contrast, decolorization by yeasts and fungi generally proceeds through lignin 

modifying enzymes such as laccases, manganese peroxidases, lignin peroxidases and 

polyphenol oxidases to transform and mineralize the synthetic dyes using molecular oxygen as 

electron acceptor (Singh et al. 2015). These enzymes catalyze oxidative degradation processes, 

by which the dyes are degraded (Prigione et al. 2008). Several fungal systems, such as white 

rot fungi (e.g., Phanerochaete chrysosporium), have been studied for the degradation of 

xenobiotic compounds including azo dyes. These studies showed that white rot fungi have the 

potential to exhibit complete decolorization in various dye mixtures and effluents (Cripps et al. 

1990; Capalash & Sharma 1992; Fu & Viraraghavan 2001; Machado et al. 2006; Kaushik & 
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Malik 2009), but the nature of the substituents on the azo dyes has a big influence on the efficacy 

of the process (Pasti-Grigsby et al. 1992). Other fungi that have been studied for decolorization 

of textile dyes include Aspergillus, Cunninghamella, Fusarium and Coprinopsis species (Solís 

et al. 2012; Singh et al. 2015). However, the long growth cycle and need for nitrogen limiting 

conditions (as well as some other parameters such as specific pH, agitation and time) as well as 

the fact that they are not naturally found in wastewater and thus might have unreliable enzyme 

production and low survival rates, makes the application of white-rot fungi rather difficult 

(Robinson et al. 2001). Furthermore, a long hydraulic retention time for decolorization and 

difficult preservation of fungi in bioreactors is a matter of concern (Banat et al. 1996; Stolz 

2001). Another important remark is the fact that some fungal strains are reported to inhibit 

growth and activity of other useful organisms, making them not or less preferred for wastewater 

treatment (Chen et al. 2003b). Compared to bacterial and fungal decolorization, less is known 

about the decolorization potential of yeasts, although recent studies have certainly demonstrated 

their potential (e.g. Candida, Saccharomyces, Trichosporon) (Solís et al. 2012). An attractive 

feature compared to filamentous fungi is that yeasts generally grow faster than filamentous 

fungi (but slower than bacteria) and are more able to resist harsh conditions (Martorell et al. 

2012). On the contrary, algae have been studied to remove color through biosorption and 

enzymatic dye degradation (Vijayaraghavan & Yun, 2008). The use of algae represents a 

promising way for bioremediation, especially as no external carbon sources are needed, due to 

their deprival of energy from air and atmospheric molecules, thus making mass cultivation less 

expensive (Saha et al. 2010). Reductive cleavage of azo bonds by algae is strongly dependent 

on the algal species and the molecular structure of the dye (Singh & Arora 2011). Several 

Chlorella and Oscillatoria species have been shown to mineralize a wide diversity of azo dyes 

to aromatic amines, which were further metabolized by the algae (Acuner & Dilek 2004). 

Further, the biosorption abilities of the macroalga Caulerpa lentillifera and the marine algae 

Hypnea valentiae and Ulva fasciate have been studied, showing a sorption effectiveness 

comparable with activated carbon or a sorption percentage above 80 %, respectively (Sukumar 

et al. 2006; Mahrungrueng & Pavasant 2007). A study using Cosmarium has shown that 

decolorization is dependent on several factors such as pH, dye concentration, biomass 

concentration and temperature, whereas another study using Spirogyra suggested that initial 

algal inoculum, concentration and the dye type are important as well (Mohan et al. 2004; 

Daneshvar et al. 2007).  



 

30 

 

 

Other researchers addressed the use of plants to decolorize wastewaters, a technology 

(also known as “phytoremediation”) that is known to be successful for remediation of soils and 

groundwater contaminated with heavy metals and organic pollutants (Patil et al. 2009). As in 

the case of bacteria and fungi, several oxidative and reductive enzymes were detected during 

degradation tests of various dyes, such as lignin peroxidase, laccase, tyrosinase, Mn peroxidase, 

NADH-DCIP reductase and azo reductase (Patil et al. 2009). In principle, this system of 

phytoremediation requires little nutrient input, is easy to manage and publicly approved due to 

its environmental sustainability (Ghodake et al. 2009b). So far, a few studies are available for 

azo dye decolorization and COD removal through the use of plants (as well as seeds and root 

samples during experiments) (e.g., Blumea malcommi, Brassica juncea, Colocasia esculenta, 

Phaseolus mungo, Sorghum vulgare and Typha angustifolia), in which decolorization levels up 

to 80 % are reported through adsorption and/or enzymatic degradation (Mbuligwe 2005; 

Nilratnisakorn et al. 2007; Ghodake et al. 2009b; Kagalkar et al. 2009). Large scale application 

of this technology, however, faces a number of obstacles, including pollutant concentrations 

tolerated by the plant as well as the bioavailable fraction of the dyes, besides the fact that large 

areas are needed to implant the treatment (Ghodake et al. 2009b). Also, possible residual 

toxicity in these water systems after treatment with these plants should be further investigated. 

Whereas much attention has been given to the isolation of microorganisms from various 

sources and the study of their decolorization efficiency of textile dyes (Pandey et al. 2007; 

Saratale et al. 2011; Singh & Arora 2011; Sarayu & Sandhya 2012; Solís et al. 2012; Khan et 

al. 2013; Gowri et al. 2014; Imran et al. 2015), surprisingly only little is known about the 

microbial communities thriving in textile WWTPs (Yang et al. 2012; 2014). In contrast, the 

microbial communities of municipal WWTPs have been thoroughly studied (e.g., Hu et al. 

2012; Wang et al. 2012a; Zhang et al. 2012; Ye & Zhang 2013; Ju et al. 2014; Zhao et al. 2014; 

Wei et al. 2015, Saunders et al. 2016). Nonetheless, knowledge about the microbial 

communities in textile WWTPs would provide very useful information for finding candidate 

microorganisms that can be further exploited in future treatment of dye-containing wastewaters, 

especially because they are already adapted to the presence of salts and other conditions typical 

of textile effluents. 454 pyrosequencing of partial 16S ribosomal RNA (rRNA) genes of 

bacterial communities in textile WWTPs revealed the Proteobacteria as dominant phylum, 

followed by Acidobacteria, Actinobacteria, Bacteroidetes and Firmicutes, next to the presence 

of Chloroflexi and Planctomycetes (Yang et al. 2014). Additionally, changes in the bacterial 

community structure were thought to be caused by fluctuations of the wastewater characteristics 
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(Yang et al. 2014). 454 pyrosequencing of the 16S rRNA gene was also employed to assess the 

bacterial biodiversity and composition of a two-stage anaerobic–aerobic pilot-scale reactor 

treating a textile effluent containing azo dyes (Köchling et al. 2017). The anaerobic reactor was 

inoculated with anaerobic sludge from a domestic sewage treatment plant. After 210 days of 

operation, the anaerobic reactor was dominated by the single genus Clostridium, affiliated with 

the Firmicutes phylum. The aerobic biofilter harbored a diverse bacterial community, with 

Proteobacteria being the most abundant phylum, followed by Firmicutes and a number of other 

phyla. Several bacterial genera were identified that most likely play an essential role in azo dye 

degradation in the investigated system (Köchling et al. 2017).  

 

1.2.4 Combination of biological and chemical methods 

As discussed above, each available treatment method clearly has strong advantages, but, 

unfortunately, also important disadvantages, such as inadequate efficiency, high costs, etc. 

(Table 1.5). The problem becomes even worse because of the large variability of textile 

wastewater composition (Table 1.3), by which most of the traditional methods are becoming 

inadequate. Biological methods often suffer from incomplete color removal or dye degradation 

(Robinson et al. 2001). In contrast, oxidation-based methods such as ozonation or AOPs have 

great potential when it comes to mineralization of organic compounds, but all face the same 

obstacle, the water matrix. More easily removable dissolved organic matter and ions compete 

with target compounds for the oxidants and take away most of the radicals, leading to higher 

reagents consumption and thus higher costs (Lindsey & Tarr 2000). To improve the efficiency 

of these treatment processes towards preferential degradation of recalcitrant compounds, their 

negative effects need to be reduced. One promising option is the combination of AOPs with 

biological treatment systems such as activated sludge processes or the application of dye-

degrading/decolorizing microorganisms (Van Leeuwen et al. 2009; de Souza et al. 2010; Onat 

et al. 2010; Srinivasan et al. 2011). In this way, less chemical reagents are needed compared to 

a single AOP treatment, while COD removal is significant and accomplished in less time 

compared to a biological treatment alone (Prato-García & Buitron 2011). Basically, two 

strategies can be employed (Oller et al. 2011). A first possibility is the combination of a 

sequential biological-AOP treatment, in which the AOP mineralizes the compounds remaining 

after the biological treatment. Advantageously, at the same time the AOP will also remove the 

microorganisms, returning the effluent to a reusable condition (Basha et al. 2011). Another 

possibility is the combination of an AOP pretreatment followed by a biological treatment. In 
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the first step, the recalcitrant dyes are tranformed into biodegradable intermediates that can be 

further transformed and degraded by the biological treatment (Mohajerani et al. 2009; Guieysse 

& Norvill 2014). An AOP like Fenton’s reagent is more applied as a pretreatment due to the 

fact that when using it as posttreatment, the iron dosages need to be increased to completely 

remove the dye, as phosphates, which are often added as macronutrients to eliminate the 

occurrence of macronutrient-limiting conditions that often impede substrate degradation, cause 

iron precipitation (Solís et al. 2012). Both Fenton and the photo-Fenton reaction (using solar 

light or UV to regenerate the catalyst) have been coupled to microbiological systems as pre- 

and posttreatment (García-Montaño et al. 2008; Jonstrup et al. 2011b; Punzi et al. 2015; Esteves 

et al. 2016). Electrochemical oxidation (EAOPs) in combination with a subsequent 

microbiological treatment has also shown promising results for degradation of recalcitrant dyes, 

leading to high decolorization and COD removal (Babu et al. 2011; Basha et al 2011; Ganzenko 

et al. 2014; Yahiaoui et al. 2014). These EAOPs can also be applied as a final step after the 

biological treatment (Zhu et al. 2011). Further, UV has been used together with H2O2 or a 

catalyst such as TiO2 to pretreat wastewaters, with the additionally formed oxygen used in 

subsequent aerobic biological processes (Dokuzoğlu & Alkan 2010). Further, a combination 

with ozonation as a pretreatment has been shown to result in good color removal by attacking 

conjugated azo bonds even at low concentrations (Khare et al. 2007; Van Leeuwen et al. 2009; 

Baban et al. 2010; de Souza et al. 2010). Several examples of ozonation combined with 

biological treatments have shown high COD removal and low toxicity of degradation products 

(Lu et al. 2009b; Van Leeuwen et al. 2009; de Souza et al. 2010; Kim et al. 2011). Finally, US 

technologies or sonication have been applied as pretreatment to remove recalcitrant molecules, 

degrading the dyes into smaller compounds and increasing their biodegradability for 

subsequential microbial processes (Rokhina et al. 2009; Onat et al. 2010; Srinivasan et al. 2011; 

Patidar et al. 2012). While such combinations between a chemical and biological treatment are 

effective and less expensive compared to the chemical treatment alone, their cost-efficacy can 

be enhanced by finding the ideal switch point, i.e. the time/concentration where biological 

oxidation becomes more attractive than chemical oxidation in terms of rate (Figure 1.6).  
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Figure 1.6 The concept of integrated chemical and biological treatment. The use of a chemical oxidation 

pretreatment step converts the initial biorecalcitrant (often large) organics into more biodegradable intermediates, 

whereas biological oxidation converts the smaller intermediates to biogas, biomass and water. The rate of chemical 

C–C bond scission seems to decrease with decreasing molecular size, while the rate of biological oxidation is 

generally thought to increase with decreasing molecular size. As seen, there is a switch point beyond which 

biological treatment becomes more attractive than chemical oxidation in terms of rate (adapted from Mantzavinos 

& Psillakis 2004). 

 

1.3 Goals and objectives of the study 

This PhD project results from the KU Leuven knowledge platform “AOPtimise” aiming at the 

integration and optimization of AOPs for wastewater treatment, and the implementation of 

AOPs by industry. The thesis project itself was performed in close collaboration with three 

complementary research groups from KU Leuven, including the Laboratory for Process 

Microbial Ecology and Bioinspirational Management (PME&BIM (Campus De Nayer)), where 

the majority of the work was performed under supervision of main promotor Prof. B. Lievens, 

the Process and Environmental Technology Lab (PETLab (Campus De Nayer); co-promotor 

Prof. L. Appels) and the Laboratory for Chemical and Biochemical Process Technology and 

Control (BioTeC (Technology Campus Ghent); co-promotor Prof. J. Van Impe).  
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The overall objective of this thesis was to gain more insight in the ecology of the microbial 

communities that thrive in activated sludge of textile WWTPs and develop efficient strategies 

that can be employed in the treatment of textile wastewaters. More specifically, we aimed to:  

i. Implement a molecular toolbox to assess microbial communities and important 

functions in activated sludge systems applied in textile WWTPs. 

ii. Characterize microbial communities in activated sludge of textile WWTPs in 

comparison with municipal WWTPs, and determine which key environmental 

parameters have a significant effect on the establishment of such communities. Such 

knowledge could also provide essential information for the development of an 

inoculation strategy with dye degrading microbial strains that have to be able to 

thrive in the harsh environment of textile WWTPs. 

iii. Develop and evaluate a method based on partial Fenton oxidation and an activated 

sludge treatment for the decolorization of recalcitrant azo dyes. Ideally, it should be 

possible to easily adopt the developed method in existing biological treatment 

systems. 

iv. Evaluate bacterial isolates originating from (textile) activated sludge systems for 

potential use in enhanced purification of textile wastewaters (and treatment 

systems). In this regard, our working hypothesis is that strains isolated from textile 

WWTPs are highly adapted to this environment and able to maintain enzyme 

activity and viability/growth in the harsh environment of textile wastewater, leading 

to high dye decolorization and degradation performance under practical conditions. 

It would, for example, be useful to identify strains that are able to decolorize textile 

wastewaters at lower temperatures, as the colored wastewaters are often stored in 

huge open air buffered tanks (which generally have a temperature below 20 °C as 

they acclimatize according to the weather).  

In Chapter 2, we implemented a number of state-of-the-art analysis techniques to accurately 

describe the microbial communities in activated sludge systems and monitor some of its 

important functions. To this end, protocols based on next generation sequencing (454 

pyrosequencing) and quantitative real-time PCR (qPCR) were adopted/established/evaluated 

for activated sludge systems treating textile and municipal wastewaters as these were not yet 

available at the time of performing the study. In Chapter 3, the microbial community 

composition in municipal and textile WWTPs was assessed and compared using 454 
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pyrosequencing of partial 16S ribosomal RNA genes, supported by qPCR monitoring of a few 

functional gene markers such as amoA and nirK. Obtained results were correlated to 

environmental parameters, aiming to explain observed differences. Additionally, results 

provided information on the characteristics of textile wastewater that may possibly interfere 

with the technologies applied to treat the water. In Chapter 4, a combined method of partial 

Fenton oxidation and biological treatment using activated sludge was developed and evaluated 

for decolorization of azo dyes, which represent an important group of recalcitrant, toxic textile 

dyes. In this regard, the combination of an activated sludge treatment coupled to an AOP 

pretreatment has not yet been investigated properly previously. The ability to combine a 

chemical pretreatment with an activated sludge system could, however, lead to an efficient 

treatment technology which is easily adoptable in existing biological treatment systems. 

Subsequently, in Chapter 5, a large collection of bacterial isolates obtained from (textile) 

activated sludge systems was evaluated for decolorization and degradation of azo dyes. We 

anticipate that microorganisms adapted to the harsh environment of textile wastewaters are 

highly suitable for the removal of dyes and other potential recalcitrant compounds in textile 

WWTPs. By contrast, most dye-degrading microorganisms identified/ characterized so far can 

hardly thrive in existing textile WWTPs and ensure stable performance under the conditions 

they are exposed to. Finally, Chapter 6 summarizes the most important findings and provides 

general conclusions for this study, as well as different perspectives for future research and 

applications. 
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CHAPTER 2: IMPLEMENTATION OF METHODS AND 

PROTOCOLS TO STUDY THE COMPOSITION AND 

FUNCTION OF MICROBIAL COMMUNITIES IN 

TEXTILE WASTEWATER TREATMENT PLANTS 
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2.1 Introduction 

Wastewater treatment using activated sludge processes has been commonly practiced to purify 

municipal and industrial wastewater. Communities of prokaryotic microorganisms present in 

the activated sludge are responsible for biodegradation and removal of organic materials, 

transformation of toxic compounds into harmless products, and removal of nutrients such as 

ammonia, nitrate, sulphate and phosphate (Gentile et al. 2007; Wang et al. 2011), and thus 

represent the key component of every biological wastewater treatment plant (WWTP) (Wagner 

and Loy, 2002; Gentile et al. 2007; Yang et al. 2014). By contrast, mass occurrence of certain 

microorganisms can be detrimental for the good operation of biological WWTPs, e.g. by 

outcompeting microorganisms required for pollutant degradation or nutrient removal, or by 

contributing to the formation of foam or fouling (Nielsen et al. 2009). Therefore, a thorough 

knowledge of the composition and function of the microbial communities is required to reveal 

factors affecting the efficiency of biological WWTPs and to develop promising strategies for 

improved process performance. 

 Classically, microbial communities in WWTPs have been analyzed either by light 

microscopy or cultivation-dependent techniques (plating) (Eikelboom 1975; Seiler & Blaim 

1982). These approaches led to the postulation of model organisms for the most important 

microbiologically driven processes in biological WWTPs (Henze 1997), but are inadequate for 

a proper description of the composition and dynamics of the microbial communities (Wagner 

et al. 1993; Juretschko et al. 1998). In the last decades, 16S ribosomal RNA (rRNA) gene 

amplicons have been analyzed using fingerprinting techniques such as denaturing gradient gel 

electrophoresis (DGGE) (Muyzer et al. 1993), terminal restriction fragment length 

polymorphism (TRFLP) (Liu et al. 1997) and/or construction of amplicon clone libraries 

combined with Sanger sequencing (Sanger & Coulson 1975; Blackall et al. 1998). However, 

these technologies often provided insufficient details to accurately describe and compare entire 

microbial communities (Curtis et al. 2006). By contrast, high-throughput sequencing 

technology and the application of barcode indexing have allowed to characterize the microbial 

community composition of hundreds of samples simultaneously in an accurate, cost-effective 

and cultivation-independent manner (Cydzik-Kwiatkowska & Zielińska 2016). In this regard, 

microbial ecologists have primarily used the 454 pyrosequencing platform (Roche) (Margulies 

et al. 2005), while currently Illumina Miseq (Bentley et al. 2008) is the state of the art when it 

comes to sequencing of 16S rRNA gene amplicons, especially because of its higher throughput 

and lower price per base pair (bp) (Shokralla et al. 2012). These culture-independent approaches 
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have greatly increased our knowledge of the microbial communities in WWTPs, and 

demonstrated, for example, that most of the suggested model organisms are only of minor 

relevance in situ and that other microorganisms, often not yet culturable, are responsible for 

several key processes in WWTPs such as nitrogen removal (Wagner & Loy 2002). Furthermore, 

quantitative real-time PCR (qPCR) assays have been developed to study and monitor the 

presence and abundance of key microbial groups or genes, and have allowed to further increase 

our understanding of the roles and contributions of particular microbial and functional groups 

in WWTP functioning (Smith & Osborn 2008; Kim et al. 2013). 

 Most of these molecular tools, however, have been developed and used for the analysis 

of bacterial communities in ecosystems which are different from those studied in this PhD 

thesis, i.e. activated sludge used for wastewater treatment from the textile industry (Rousk et al. 

2010; Ye & Zhang 2013; Huang et al. 2014). Therefore, as microbial communities may differ 

from ecosystem to ecosystem (e.g. in terms of composition, species richness, evenness and 

diversity) and each system may require its own protocols (e.g. for DNA extraction and 

purification), protocols may need to be adapted or modified before implementation in another 

system. Therefore, the aim of this study was to implement and evaluate a number of available 

molecular tools to assess the (bacterial) community composition and some important gene 

functions in activated sludge from (textile) WWTPs. Once evaluated, these tools will form the 

basis for the rest of the PhD study. More particularly, we aimed to develop a molecular toolbox 

consisting of qPCR protocols for monitoring abundance of bacterial and archaeal 16S rRNA 

genes as well as a number of functional genes involved in nitrogen removal through 

nitrification/denitrification. Nitrogenous pollutants from domestic and industrial wastewaters 

are responsible for eutrophication of ponds and lakes (Tchobanoglous & Burton 1991). Further 

problems occur because certain forms of nitrogen (e.g. aromatic amines, ammonia, nitrite and 

nitrate) are toxic to aquatic life or may lead to diseases in those who, for example, drink water 

contaminated with these compounds. Therefore, efficient removal of nitrogen compounds from 

wastewater is of increasing importance. Additionally, a protocol based on 454 pyrosequencing 

of 16S rRNA gene amplicons was developed to assess the archaeal and bacterial community 

composition in activated sludge systems. We specifically chose for 454 pyrosequencing as at 

the moment of development, the MiSeq Illumina sequencing platform was still in its infancy. 

To do so, a limited set of samples (6 samples) was used. Afterall, the primary aim of this Chapter 

was to evaluate protocols, rather than assessing or answering research questions. For a thorough 

description of the microbial community composition in textile and municipal WWTPs based on 

a bigger set of samples the reader is referred to the next Chapter. 
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2.2 Materials and methods 

2.2.1 Study samples and DNA extraction 

In total, six activated sludge (0.5 l) systems were sampled in this study, yielding samples from 

three different textile WWTPs (T1-T3) and three different municipal WWTPs (M1-M3). At 

each WWTP, three samples were randomly taken from the aerated activated sludge. The 

samples were immediately centrifuged at 3500 g using a portable Hettich EBA 20 centrifuge 

(Hettich Lab Technology, Tuttlingen, Germany), and approximately 1 g of precipitated sludge 

was resuspended in 20 ml RNAlater (Life Technologies, Carlsbad, CA, USA) to preserve the 

nucleic acids. Samples were then transported in an ice cooled container to the laboratory and 

stored overnight at 4 °C. The next day, samples (10 ml) were centrifuged, and total DNA was 

extracted from 0.15 g precipitated sludge using the Power Soil DNA isolation kit (MoBio 

Laboratories Inc., Solana Beach, CA, USA) according to the manufacturer’s instructions. The 

quantity and purity of the DNA extracts were assessed using a ND-1000 Nanodrop 

spectrophotometer (Thermo Fisher Scientific, Waltham, MA, USA). Subsequently, DNA 

extracts from the same WWTP were pooled as to obtain a representative sample for each 

WWTP studied, resulting in six study samples, and stored at -80 °C until further processing.  

 

2.2.2 Microbial community characterization 

For each sample, part of the 16S rRNA genes were amplified using primers specific for bacterial 

or archaeal 16S rRNA genes. The primer sets used included the bacterial primer pair S-D-Bact-

0341-b-S-17/S-D-Bact-0785-a-A-21 (covering the bacterial V3-V4 region; amplicon size of 

approximately 464 bp; Klindworth et al. 2013) and the archaeal primer pair S-D-Arch-0519-a-

S-15/S-D-Arch-1041-a-A-18 (covering the archaeal V4-V6 region; amplicon size of 

approximately 540 bp; Klindworth et al. 2013). These primer pairs were previously successfully 

implemented for water research and outperformed other primer pairs for classical and next-

generation sequencing-based diversity studies (Klindworth et al. 2013; Connelly et al. 2014; 

Richert et al. 2015; Savio et al. 2015; Shan et al. 2015). ‘Fusion’ primers, required for the 454 

pyrosequencing process, were designed according to the guidelines for 454 GS-FLX+ Titanium 

Lib-L sequencing and contained the Roche 454 pyrosequencing adapters and a sample-specific 

multiplex identifier (MID) sequence in between the adapter and the forward primer for sample-

specific sequence tracking (Table S2.1, Supporting Information).  



 

41 

 

 

PCR amplification was performed in duplicate on each pooled DNA sample using a 

T100 Thermal Cycler (Bio-Rad, Hercules, CA, USA) in a reaction volume of 20 µl, containing 

1.0 µl 10x diluted genomic DNA, 1.5 µl dNTP mixture (2 mM stock; Invitrogen, Carlsbad, CA, 

USA), 0.5 µl of each primer (20 µM stock), 2.0 µl 10x Titanium Taq PCR buffer, 0.4 µl 

Titanium Taq DNA polymerase (Clontech Laboratories, Palo Alto, CA, USA) and 14.1 µl 

nuclease-free water. PCR conditions were as follows: initial denaturation of 2 min at 94 °C, 

followed by 30 cycles of denaturation at 94 °C for 45 s, annealing at 61 °C (bacteria) or 63 °C 

(archaea) for 45 s and extension at 72 °C for 60 s, and a final extension step for 10 min at 72 

°C. Optimal annealing temperatures were identified using gradient PCR and evaluation of the 

obtained PCR products through agarose gel electrophoresis focusing on yield (as much yield as 

possible) and specificity (no aspecific bands). 

Following PCR amplification and agarose gel electrophoresis, amplicons of the 

expected size range were excised and extracted from the gel using the QIAquick gel extraction 

kit, according to the manufacturer’s instructions (Qiagen, Hilden, Germany). Purified dsDNA 

amplicons were quantified using a Qubit 2.0 fluorometer and the high-sensitivity DNA reagent 

kit (Invitrogen, Carlsbad, CA, USA), and diluted to equimolar concentrations. Subsequently, 

quantifications were verified using a qPCR assay on an ABI StepOnePlus real-time PCR 

instrument (Life Technologies, Carlsbad, CA, USA) using primers that hybridize to the fusion 

primer adapter sequences (emPCR_F (forward): ‘5-

CCATCTCATCCCTGCGTGTCTCCGACTCAG-‘3; emPCR_R (reverse): ‘5-

CCTATCCCCTGTGTGCCTTGGCAGTCTCAG-‘3). Reactions were performed in a volume 

of 20 µl consisting of 10.0 µl of 2x iTaq universal SYBR Green supermix (Bio-Rad 

Laboratories, Hercules, CA, USA), 1.0 µl DNA template, 0.5 µl of each primer (20 µM stock), 

and 8.0 µl nuclease-free water. Amplifications were performed as follows: initial denaturation 

for 2 min at 95 °C, followed by 40 cycles of 15 s denaturation at 95 °C, 30 s annealing at 58 °C 

and 30 s extension at 60°C. At the end of the qPCR run, a melting curve analysis was performed 

to confirm product specificity (60-95°C, ΔT per 15 s = 0.3 °C). Quantification was performed 

using a standard curve based on known concentrations of DNA standard dilutions prepared 

from corresponding 16S rRNA gene amplicons from Escherichia coli. Next, amplicons were 

pooled at a concentration of 1.00*109 molecules µl-1 per sample, together with a number of 

samples that were not used for the purpose of this study (in total the amplicon library 

represented 20 samples (in duplicate), and contained 1.00*109 molecules µl-1 for every sample). 

The quality of the resulting library was assessed using an Agilent Bioanalyzer 2100 with high-

sensitivity chip (Agilent Technologies, Waldbronn, Germany) and consequently sequenced on 
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a separate 1/8th Pico Titer Plate (PTP) section using the Roche GS-FLX+ instrument with 

Titanium chemistry according to manufacturer’s instructions (Roche Applied Science, 

Mannheim, Germany).  

Sequences obtained from the 454 pyrosequencing run were assigned to the appropriate 

sample based on their barcodes and primer sequences, allowing zero discrepancies. Next, 

sequences were trimmed using a custom Python script implemented within the USEARCH v. 7 

analysis pipeline (Edgar 2013), and further trimmed based on a minimum Phred score of 30 

(base call accuracy of 99.9 %) averaged over a 50 bp moving window. Sequence length was 

determined for each primer pair used, with the average being 250 bp. For reasons still unknown 

the obtained read length was lower than anticipated when using the GS-FLX+ system (in 

general, an average read length of 700-800 (up to 1000) high-quality bp is expected from the 

GS-FLX+ instrument (Aw & Rose 2012)). Sequences with ambiguous base calls or 

homopolymers with a length of more than eight sequences were rejected, as were chimeric 

sequences detected by UCHIME 4.2 chimera detection (de novo algorithm) (Edgar et al. 2011). 

Remaining sequences were aligned and grouped into species-level Operational Taxonomic 

Units (OTUs) based on a 3 % sequence dissimilarity cut-off using the UPARSE algorithm 

implemented in USEARCH (Edgar 2013). To minimize the risk of retaining sequences from 

sequencing errors, ‘global’ singletons (i.e. OTUs representing only a single unique sequence in 

the entire dataset) were removed after UPARSE clustering (Waud et al. 2014; Brown et al. 

2015). OTU representative sequences were assigned taxonomic identities by the ‘classify.seqs’ 

command in Mothur (v. 1.36.1) (Schloss et al. 2009). In this regard, first the performance of 

three 16S rRNA gene databases in the taxonomic assignment of the OTUs occurring in activated 

sludge was compared. Tested databases included the Silva taxonomy database v. 119 (Quast et 

al. 2013), manually curated to include microorganisms previously observed in activated sludge 

(Midas database; McIlroy et al. 2015), the Greengenes v. 13_5 database (DeSantis et al. 2006) 

and the Ribosomal Database Project (RDP) database (Trainset14) (Cole et al. 2009). Taxonomic 

assignments were considered reliable when the recommended bootstrap (confidence) cut-off of 

80% was reached (≥ 0.80 score) (which is commonly used for sequences obtained from NGS 

reads). Selection of such a high bootstrap cut-off increases the accuracy of taxonomic placement 

(if a close match exists in the data set). However, at the same time it does not allow classification 

of less-well-represented taxa or poorer-quality sequences (Claesson et al. 2009). Rarefaction 

curves were generated for each sample using the Vegan package (v. 2.2-1) for R (R 

Development Core Team, 2013; Oksanen et al. 2013) to visualize the overall coverage of the 

studied microbial communities and determine the sequencing depth necessary to accurately 
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describe the microbial communities within the samples (sequence depth of 500 and 1000 

sequences was evaluated). Additionally, OTU richness and Chao1 were calculated using 

Mothur (v. 1.36.1) (Schloss et al. 2009) for both sequencing depths. Next, samples were 

compared in terms of community composition and OTU richness under the best conditions 

(sequence depth and database) determined above. 

 

2.2.3 Quantification of microbial groups and functional genes 

SYBR green-based qPCR protocols were developed and evaluated for quantification of bacteria 

and archaea and two functional genes involved in nitrogen removal, including the amoA gene 

(encoding the ammonia monooxygenase subunit A, involved in the first part of nitrification) 

and nirK gene (encoding the nitrite reductase, involved in the denitrification pathway). Total 

bacterial and archaeal 16S rRNA genes were quantified using the primer sets 519F/907R and 

Arch349F/Arch806R, respectively (Takai & Horikoshi 2000; Stubner 2002). The amoA gene 

of ammonium-oxidizing bacteria was amplified using primers amoA-1F/amoA-2R (Rotthauwe 

et al. 1997), the archaeal amoA gene with crenamo23F/crenamo616R (Tourna et al. 2008). For 

the nirK gene, primers nirK-1F/nirK-5R were used (Braker et al. 1998). These primer sets have 

been used already in qPCR assays to study the abundance of these functional genes in diverse 

environmental samples such as soil and activated sludge (e.g., Geets et al. 2007), thereby 

providing a good basis for implementing the assays on our real-time PCR instrument 

(StepOnePlus, Applied Biosystems, Carlsbad, CA, USA). In each qPCR run a negative control 

that contained everything but the template DNA (replaced by sterile water) was included. The 

threshold cycle (Ct) was determined automatically using the Applied Biosystems software. The 

baseline was set automatically, while the threshold was manually set at 0.30, which is above 

the background noise. All qPCR analyses were conducted in duplicate.  

For each target, qPCR conditions were optimized (primer concentration, annealing 

temperature, and specificity (evaluated using a melting curve analysis)) by using PCR 

fragments from pure cultures or cloned amplicons (Table 2.1). Next, qPCR standard curves 

were generated using 10-fold serial DNA dilutions of (cloned) PCR products ranging from 107 

copies µl-1 down to 100 copies µl-1. Based on the obtained curves, amplification efficiencies 

were calculated as E = [10–1/slope-1] × 100, where slope is the slope of the linear trend line (Nolan 

et al. 2006), and the sensitivity of the assays was determined. Finally, the six studied activated 

sludge samples were subjected to the different assays under the optimized conditions to evaluate 

their performance using real-world sludge samples (using 10x diluted genomic DNA). 
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Afterwards, amplicons were loaded on agarose gel and sequenced to confirm correct fragment 

amplification. 

Table 2.1 Overview of the different templates used to optimize the qPCR assays described in this study. 

Target gene 
Template 

Type Origin 

16S rRNA gene (Bacteria) PCR product pure culture Escherichia coli ATCC 10536 

16S rRNA gene (Archaea) PCR product pure culture Archaeoglobus fulgidus DSM 4304 

amoAa (Bacteria) Cloned PCR product Nitrosomonas europaea ATCC 19718 

amoA (Archaea) Cloned PCR product Fosmid clone 54d9c 

nirKb Cloned PCR product Alcaligenes faecalis LMG 1229 

a The amoA gene encodes the ammonia monooxygenase subunit A, involved in the first part of nitrification. 

b The nirK gene encodes the nitrite reductase, involved in the denitrification pathway. 

c Treusch et al. (2005). 

 

2.3 Results and discussion 

2.3.1 Characterization of activated sludge microbial communities using 454 

pyrosequencing 

Prior to pooling DNA samples per WWTP, DNA concentrations ranged between 43.5 and 171.4 

ng µl-1 (average of 112.5 ng µl-1) (Table 2.2). Further, absorbance measurements indicated that 

the ratio of the absorbance values at 260 nm and 280 nm ranged between 1.5 and 2.1, with an 

average of 1.93. Pure DNA preparations have expected ratios between 1.8 and 2.0, while a 

lower value can indicate the presence of proteins, phenol or other contaminants which adsorb 

strongly at 280 nm (Yeates et al. 1998). Further, the mean 260/230 nm ratio was 2.07, which is 

within the commonly accepted limits for pure DNA (2.0-2.2) (Yeates et al. 1998) (Table 2.2). 

As a result, it can be concluded that high-quality (pure) genomic DNA was obtained from the 

activated sludge samples using the MoBio Power Soil DNA isolation kit. For further 

experiments, DNA extracts from the same WWTP were pooled to obtain six representative 

samples for further analysis. We recognize that it would have been interesting as well to perform 

analyses on the indivual subsamples from each WWTP, but decided to pool the samples as to 

obtain representative samples for the different WWTPs (as the tanks sampled were quite large). 
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Table 2.2 Concentration and puritya of genomic DNA extracts obtained from the activated sludge samples 

investigated in this studyb.  

  Samples 

Replicate T1 T2 T3 M1 M2 M3 

DNA concentration (ng µl-1) 1 78.1 124.1 48.6 167.9 167.1 163.9 

2 87.3 61.6 43.5 152.0 151.7 157.6 

3 87.4 55.5 45.1 104.9 156.5 171.4 

 Pooled 82.8 76.0 46.1 140.0 163.4 167.0 

260/280 ratio 1 1.9 1.8 1.9 2.1 2.1 2.1 

2 1.9 1.5 2.0 2.1 2.1 1.7 

3 2.0 1.7 2.0 2.0 2.1 1.7 

 Pooled 1.9 1.7 1.9 1.8 1.9 1.7 

260/230 ratio 1 2.1 2.0 2.0 2.2 2.2 2.2 

2 2.0 1.9 2.1 2.1 2.2 2.0 

3 2.0 2.0 2.1 2.1 2.2 1.9 

 Pooled 2.1 2.0 2.1 2.0 2.2 1.9 

a Purity was determined by absorbance measurements at 230, 260 and 280 nm. Ratios of 260/280 and 260/230 nm 

are used to estimate DNA quality. Pure DNA preparations have expected 260/280 ratios between 1.8 and 2.0, and 

260/230 ratios between 2.0 and 2.2. 

b Studied samples included three samples from textile wastewater treatment plants (T1-T3) and three samples from 

municipal wastewater treatment plants (M1-M3). For each sample three DNA extracts were prepared, which were 

subsequently pooled for further experiments.   

 

Bacterial and archaeal communities were profiled using the pooled DNA samples (two 

technical (PCR) repeats). The number of high-quality sequences (after removing global 

singletons) varied between 308 and 2238 for bacteria (average of 1145 ± 166 (SE)), and between 

15 and 6138 for archaea (average of 1768 ± 573 (SE)). Remarkably, for four samples (T3, M1, 

M2 and M3) huge differences between both technical PCR repeats were obtained in the number 

of obtained sequences using the archaeal primers (Table 2.3). This discrepancy is most likely 

attributed to inaccurate DNA quantifications, inaccurate DNA dilution preparations, or the 454 

process itself (e.g., emulsion PCR). At least no differences in band intensities were observed 

across the different samples studied when undiluted amplicons were loaded on an agarose gel. 

Therefore, and as also suggested by Pilloni et al. (2012) (i.e. each of the pyrotag libraries 

showed consistent read abundances within subsequent replicates), for further analyses, 

technical repeats were merged together to increase sequence coverage and precision. 
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Table 2.3 Number of high-quality 454 sequences recovered from the activated sludge samples investigated in this 

studya.  

Primers 

Sample and replicate 

T1 T2 T3 M1 M2 M3 

1 2 1 2 1 2 1 2 1 2 1 2 

S-D-Arch-0519-a-S-15/ 
6138 5140 1326 2084 1029 15 1999 48 1392 18 1899 133 

S-D-Arch-1041-a-A-18 

S-D-Bact-0341-b-S-17/ 
1122 386 863 308 851 875 1806 1282 1837 1116 2238 1059 

S-D-Bact-0785-a-A-21 

a Studied samples included three samples from textile wastewater treatment plants (WWTP) (T1-T3) and three 

samples from municipal WWTPs (M1-M3). For each sample three DNA extracts were prepared and pooled to 

obtain one sample per WWTP. Each sample was analyzed in duplicate. 

 

When zooming in on the taxonomic affiliation of the obtained sequences, it is clear that 

primer pair S-D-Arch-0519-a-S-15/S-D-Arch-1041-a-A-18, which was expected to be specific 

for archaea (Klindworth et al. 2013), may pick up other (eubacterial) sequences as well (Table 

2.4), probably due to mispriming of the primers. While in general the amount of non-target 

sequences was relatively limited (on average 27.2 % for samples T1, T2, M1, M2 and M3), 

only 10 archaeal sequences (out of a total of 1044 sequences) were retained for sample T3 after 

removing non-target sequences (Table 2.4). Further investigation showed that the majority of 

these non-target sequences could be attributed to one specific bacterial OTU (Actinobacteria, 

Microthricaceae), represented by 944 sequences (i.e. more than 90 % of the total amount of 

sequences). In contrast, primer pair S-D-Bact-0341-b-S-17/S-D-Bact-0785-a-A-21 was highly 

specific, producing only a small fraction of non-target sequences (on average 1.88 %) (Table 

2.4). 
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Table 2.4 Amount of target sequences and Operational Taxonomic Units (OTUs) retained after removal of non-

target sequences (based on taxonomic affiliation of the sequences)a.  

Primers Sample 
Before  After 

# sequences # OTUs  # sequences # OTUs 

S-D-Arch-0519-a-S-15/  

S-D-Arch-1041-a-A-18 

T1 11278 73  10098 46 

T2 3410 54  2056 25 

T3 1044 19  10 4 

M1 2047 75  1189 41 

M2 1410 66  1168 37 

M3 2032 48  1606 19 

S-D-Bact-0341-b-S-17/ 

S-D-Bact-0785-a-A-21 

T1 1508 203  1483 203 

T2 1171 107  1152 107 

T3 1726 194  1699 194 

M1 3088 427  3002 424 

M2 2953 368  2906 367 

M3 3297 415  3230 411 

a Studied samples included three samples from textile wastewater treatment plants (WWTP) (T1-T3) and three 

samples from municipal WWTPs (M1-M3). For each sample three DNA extracts were prepared and pooled to 

obtain one sample per WWTP. Each sample was analyzed in duplicate and sequences were pooled. 

 

In a next analysis, the impact of sequence depth on the characterization of microbial 

communities in activated sludge was assessed (using the merged technical repeats), as this may 

differ from ecosystem to ecosystem. For example, species-poor communities do not necessarily 

require a high sequence depth to accurately describe the community. In contrast, for highly 

diverse environments such as soils sequence depths of more than 25000 sequences per sample 

may be needed (Roesch et al. 2007). To investigate this, the number of sequences per sample 

was randomly rarefied to 500 and 1000 sequences (except for T3, archaeal primers). For 

archaea, rarefaction curves generally tended to approach saturation, even with 500 sequences; 

for bacteria rarefaction curves did not reach clear saturation at a sequence depth of 500 

sequences (at least not for samples originating from municipal WWTPs). This was improved 

when taking into account 1000 sequences (Figure 2.1). Indeed, when calculating the estimated 

coverage based on Chao1, it can be seen that the community was much better covered at a 

sequence depth of 1000 sequences. At such sequence depth, coverage ranged between 76.2 % 

and 97.8 % for the archaea and between 60.7 and 89.9 % for the bacteria (Table 2.5), suggesting 

that the most abundant activated sludge community members were covered using a total amount 

of 1000 sequences per sample, and that deeper sequencing is not needed (at least not when 
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focusing on the most abundant community members). Furthermore, it is generally agreed that 

for 16S rRNA gene sequencing studies the number of reads per sample is not always paramount, 

as ~1000 reads can generate the same patterns as multi-million reads datasets (Kuczynski et al. 

2010). When sequences were rarefied to 1000 sequences per sample, in total 78 archaeal and 

795 bacterial OTUs were detected in our dataset. A major advantage of rarefying the number 

of sequences to a fixed number is that the microbial communities can be properly compared 

across samples. 

 

  

Figure 2.1 Rarefaction curves generated for the activated sludge samples investigated in this study. Studied 

samples included three samples from textile wastewater treatment plants (WWTP) (T1-T3; blue lines) and three 

samples from municipal WWTPs (M1-M3; red lines). For each sample three DNA extracts were prepared and 

pooled to obtain one sample per WWTP. Each sample was analyzed in duplicate using a set of archaeal (A and B) 

and bacterial primers (C and D). Subsequently, target sequences were pooled and randomly rarefied to 500 or 1000 

sequences. 
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Table 2.5 Number of Operational Taxonomic Units (OTUs) recovered after rarefying the datasets to 500 and 1000 

target sequencesa. 

Domain Sample 
500 sequences  1000 sequences 

#OTUs Chao1 Coverage (%)b  #OTUs Chao1 Coverage (%)b 

Archaea T1 25 31.0 80.7  27 27.6 97.8 
 T2 18 20.5 87.8  20 20.8 96.4 
 M1 29 32.5 89.2  39 41.3 94.4 
 M2 31 37.4 82.8  36 47.3 76.2 
 M3 16 18.0 88.9  17 20.0 85.0 

Bacteria T1 143 202.2 70.7  187 225.3 83.0 
 T2 79 122.2 64.7  106 143.1 74.1 
 T3 139 211.7 65.7  170 189.0 89.9 
 M1 204 420.4 48.5  294 445.8 65.9 
 M2 173 315.6 54.8  248 408.7 60.7 

  M3 180 364.0 49.5  263 363.8 72.3 
a Studied samples included three samples from textile wastewater treatment plants (WWTP) (T1-

T3) and three samples from municipal WWTPs (M1-M3). For each sample three DNA extracts 

were prepared and pooled to obtain one sample per WWTP. Each sample was analyzed in 

duplicate using a set of archaeal and bacterial primers. Subsequently, target sequences were 

pooled and randomly rarefied to 500 or 1000 sequences. 

b Observed richness/Chao1 estimate * 100. 

 

To ensure proper identification of the OTUs, three different databases were consulted 

for taxonomic classification of the sequences based on the Bayesian classifier method described 

by Wang et al. (2007) (Table 2.6). Besides Silva, Greengenes (DeSantis et al. 2006) and the 

RDP database (Cole et al. 2009) are two databases which are commonly used for 

bacterial/archaeal identification based on 16S rRNA genes. Furthermore, for activated sludge 

microbes, the Silva database is often combined with the Midas database (McIlroy et al. 2015) 

to enhance identification. With regard to archaea, similar numbers of OTUs could be accurately 

identified to the genus level based on a 80% bootstrap cut-off (≥ 0.80 score), irrespective of the 

database used. On phylum level, 100 and 96 % of all OTUs could be classified using the 

Silva/Midas and Greengenes database, respectively, whereas only 62.6 % could be classified 

using the RDP database. For bacteria, a similar trend was noticed with approximately 16.8 and 

20.0 % more sequences being classified at phylum level for the Greengenes (94.4 %) and 

Silva/Midas database (97.6 %), respectively. At genus level, the Silva/Midas database (45.8 % 

of OTUs classified into genera) outcompeted the other two databases by 21.5 (Greengenes) and 

27.1 (RDP) % more classifications. These results suggest that for activated sludge samples 

originating from textile and municipal WWTPs, the Silva database supplemented with 
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sequences from the Midas database is currently the best option to identify sequences obtained 

by 454 pyrosequencing of partial 16S rRNA genes. 

Table 2.6 Classification of Operational Taxonomic Units (OTUs) at phylum and genus level using different 

databasesa. 

Domain Database Phylum (%) Genus (%) 

Archaea Silva + Midas 100.00 32.59 

Greengenes 96.05 33.12 

RDP Trainset 62.61 32.43 

Bacteria Silva + Midas 97.59 45.81 

Greengenes 94.39 24.32 

RDP Trainset 77.61 18.69 

a Taxonomic classification was performed using the ‘classify.seqs’ command in 

Mothur (v. 1.36.1) (cut-off = 0.8). Percentages of accurately classified OTUs are 

presented. 

 

Finally, the microbial communities in the studied activated sludge samples from textile 

and municipal WWTPs were compared under the best conditions defined above, i.e. samples 

were rarefied to 1000 sequences and the Silva/Midas database was used for taxonomic 

assignment. For a more detailed comparison using higher number of samples the reader is 

referred to Chapter 3. The goal of this comparison was to have a first look at the potential 

differences between the microbial community structure of a textile and municipal WWTP. Per 

sample, observed archaeal and bacterial richness varied between 17 and 39 OTUs, and between 

170 and 294 OTUs, respectively. Using ANOVA, bacterial richness (p = 0.015) was found to 

be significantly higher for samples from municipal WWTPs compared to those from textile 

WWTPs, whereas this was not the case for the archaeal richness (p = 0.496). More particularly, 

on average 24 (± 3.5 (SE)) archaeal and 154 (± 24.7 (SE)) bacterial OTUs were recovered from 

a textile WWTP sample, whereas on average 31 (± 6.9 (SE)) archaeal and 268 (± 13.5 (SE)) 

bacterial OTUs were recovered from a municipal WWTP sample. Taxonomic assignment of 

the OTUs revealed the presence of five archaeal and 29 bacterial phyla in the activated sludge 

samples. With regard to the archaea, Euryarchaeota represented 48.7 % of the total number of 

sequences, while Woesearchaeota and Thaumarchaeota represented 33.3 and 17.2 %, 

respectively. Archaea can play an important role in the anaerobic decomposition of wastewater 

by converting or removing carbon, nitrogen, phosphorus, and other pollutants. Especially 

methanogens are an important archaeal group for several reasons, the most important being 
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their ability to process organic matter to methane. As they are limited in the electron donors 

they can use, methanogens often occur in complex communities together with bacteria, which 

carry out the initial attack on pollutants and release the methanogen’s electron donors as waste 

products (Grady et al. 2011). Furthermore, ammonia oxidizing archaea of the Crenarchaeota 

are significant contributors to nitrogen cycling in terrestrial and aqueous environments (Nicol 

& Schleper 2006) and have been found in WWTP (Park et al. 2006), although their exact 

quantitative contribution to nitrification has yet to be determined (Nicol & Schleper 2006). 

Proteobacteria was the most abundant bacterial phylum detected (44.8 % of the total number of 

sequences), followed by Bacteroidetes (29.6 %). When comparing samples from municipal 

WWTPs with those from textile WWTPs, differences in relative abundance were observed for 

the archaeal phyla Euryarchaeota (16.4 % more in municipal WWTPs), Woesearchaeota (27.7 

% more in municipal WWTPs) and Thaumarchaeota (42.8 % more in textile WWTPs) (Figure 

2.2). For bacteria, Proteobacteria and Bacteroidetes were (slightly) more abundant in samples 

from municipal WWTPs compared to samples from textile WWTPs, while Planctomycetes, 

Chloroflexi, Acidobacteria and Chlorobi were more abundant in samples from textile WWTPs 

(Figure 2.2). Altogether, these preliminary data suggest strong differences in the microbial 

communities in activated sludge from textile and municipal WWTPs. However, more samples 

should be investigated in order to draw strong conclusions (assessed in Chapter 3). 
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Figure 2.2 Archaeal (A) and bacterial (B) relative phylum abundance in activated sludge samples from textile (a) 

and municipal (b) wastewater treatment plants (WWTPs) (Archaea; five samples; Bacteria, six samples). Phyla 

representing less than 1 % of the total amount of sequences are referred to as ’Others’. Sequences were assigned 

taxonomic affiliations using the ‘classify.seqs’ command in Mothur (v. 1.36.1) and the Silva/Midas database (cut-

off = 0.8).  
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2.3.2 Quantification of microbial groups and functional genes in activated sludge 

Five SYBR Green-based qPCR assays were optimized for quantification of bacteria and archaea 

(16S rRNA gene) as well as two functional genes involved in nitrogen removal through 

nitrification (amoA) and denitrification (nirK) in activated sludge from textile and municipal 

WWTPs, using the materials listed in Table 2.1. In Table 2.7 reaction characteristics are 

summarized, including expected amplicon length, optimal primer concentration, annealing 

temperature, melting temperature, PCR efficiency and detection limit. PCR efficiencies varied 

between 76 (archaeal 16S rRNA gene) and 91 % (archaeal amoA), and detection limits were as 

low as 10 or 100 gene copies µl-1 depending on the assay. Standard curves and linear equations 

are presented in Figure 2.3. However, it should be noted that quantification of gene copy 

numbers in real-world sludge samples could be enhanced by normalization of the measured 

DNA quantities, e.g. by the addition of an internal standard to the DNA samples (Park & 

Crowley 2005) or by normalization against a reference gene (Hu et al. 2009). 
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Table 2.7 Overview of the different qPCR assays optimizeda in this study, including main characteristics. 

Target Primer Sequence (5’-3’) 
Amplicon 

length (bp) 
 

Primer conc. 

(nM) 

Ta 

(°C)b 

Tm 

(°C)c 

PCR efficiency 

(%)d 

Detection limit 

(copies µl-1) 

16S rRNA gene 

(Bacteria) 

519F CAGCMGCCGCGGTAANWC 
407 

 
500 57 85.5 83.8 100 

907R CCGTCAATTCMTTTRAGTT  

16S rRNA gene 

(Archaea) 

Arch349F GYGCASCAGKCGMGAAW 
457 

 
800 60 89.3 76.3 100 

Arch806R GGACTACVSGGGTATCTAAT  

amoAe (Bacteria) amoA-1F GGGGTTTCTACTGGTGGT 
491 

 
500 59 83.8 86.4 10 

amoA-2R CCCCTCKGSAAAGCCTTCTTC  

amoA (Archaea) crenamo23f ATGGTCTGGCTWAGACG 
620 

 
500 59 84.0 91.0 10 

crenamo616r GCCATCCATCTGTATGTCCA  

nirKf nirK-1F GGMATGGTKCCSTGGCA 
514 

 
700 59 88.1 83.6 10 

nirK-5R GCCTCGATCAGRTTRTGGTT  

a Assays were optimized using the DNA materials listed in Table 2.1. 

b Ta, annealing temperature. 

c Tm, melting temperature of amplicon. 

d Efficiency E = [10–1/slope-1] × 100, where slope is the slope of the standard curve. 

e The amoA gene encodes the ammonia monooxygenase subunit A, involved in the first part of nitrification. 

f The nirK gene encodes the nitrite reductase, involved in the denitrification pathway. 
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Figure 2.3 Standard curves obtained by the qPCR assays optimized in this study (using the materials listed in 

Table 2.1). Data points represent means of two replicates. Error bars represent standard error of mean but are not 

visible for all points due to low error values (SE). Ct values represent the cycle where the reaction curve intersects 

with the threshold line. The amoA gene encodes the ammonia monooxygenase subunit A, involved in the first part 

of nitrification. The nirK gene encodes the nitrite reductase, involved in the denitrification pathway. 
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When comparing activated sludge samples from textile and municipal WWTPs it was 

found that both archaea (p = 0.031) and bacteria (p = 0.008) were significantly more abundant 

in municipal WWTPs as demonstrated by 16S rRNA gene abundance (copies µl-1) (Table 2.8). 

Likewise, activated sludge samples from municipal WWTPs contained significantly more 

bacterial amoA genes (p = 0.024) and nirK genes (p = 0.006) (Table 2.8), suggesting that 

municipal WWTPs are more efficient in nitrogen removal compared to the textile WWTPs. 

However, it should be noted that nitrogen removal is not only determined by the presence of 

these genes, but is also dependent on their expression and enzyme kinetics (Val del Río et al. 

2016). In any case, more samples need to be analyzed to confirm these results (assessed in 

Chapter 3).  

Table 2.8 Real-time PCR quantification (qPCR) of 16S rRNA, amoA and nirK genes in the activated sludge 

samples investigated in this study. 

Samplea 

Target (copies µl-1) 

16S rRNA gene 

Bacteria 

16S rRNA gene 

Archaea 
amoAb Bacteria amoAb Archaea nirKc 

T1 1.26E+07 2.21E+05 1.54E+03 2.19E+02 9.60E+03 

T2 2.31E+06 1.61E+06 6.84E+02 1.32E+02 2.01E+04 

T3 6.87E+06 1.22E+05 3.09E+02 1.59E+01 1.92E+03 

M1 2.43E+07 3.22E+06 1.01E+04 1.46E+02 7.22E+04 

M2 2.05E+07 2.74E+06 4.65E+03 2.28E+02 6.21E+04 

M3 2.42E+07 1.93E+06 5.81E+03 3.23E+02 1.01E+05 
a Studied samples included three samples from textile wastewater treatment plants (WWTP) (T1-T3) and three 

samples from municipal WWTPs (M1-M3). 

b The amoA gene encodes the ammonia monooxygenase subunit A, involved in the first part of nitrification. 

c The nirK gene encodes the nitrite reductase, involved in the denitrification pathway. 

 

Altogether, in this study we evaluated and implemented experimental methods and 

protocols for molecular microbial investigation of activated sludge from textile and municipal 

WWTPs. A 454 pyrosequencing protocol was developed and implemented for characterization 

of the bacterial and archaeal activated sludge community. It was found that the Silva database 

supplemented with the Midas database represents a solid database to identify microorganisms 

from activated sludge samples such as those studied in this PhD thesis. Furthermore, it was 

found that a sequence depth of at least 1000 sequences is needed to perform accurate 

descriptions of the microbial community. Researchers are currently massively switching from 

454 pyrosequencing to Illumina Miseq sequencing when it comes to sequencing of 16S rRNA 

gene amplicons (Liu et al. 2012; Van Dijck et al. 2014), especially because of the cheaper price 
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per bp and huge amount of sequences generated using this technology (generally 10,000-20,000 

high-quality sequences per sample depending on the number of samples simultaneously 

sequenced and the used data processing pipeline). Therefore, when Illumina Miseq is used it 

can be expected that this threshold is easily reached. Furthermore, qPCR reactions were 

implemented and evaluated for investigation of bacterial and archaeal abundance in activated 

sludge samples as well as two functional genes involved in nitrogen removal (amoA and nirK). 

Further research could focus on adapting the assays for detecting gene expression by targeting 

mRNA instead of gene presence and abundance, allowing to evaluate microbial activity as well 

(Yu & Zhang 2012). Besides, the panel of assays could be expanded to target other microbial 

groups or important functional genes. In this regard, we also developed a number of additional 

qPCR assays that were not included/shown in this study, namely for 16S rRNA gene-based 

detection and quantification of ammonia-oxidizing bacteria in general and the nitrite oxidizing 

bacteria Nitrospira and Nitrobacter. Additionally, assays were developed for detection and 

quantification of the nxrB, nirS and nosZ genes involved in nitrification (nxrB) and 

denitrification (nirS and nosZ) and the mcrA gene for monitoring methanogens. The nxrB gene 

encodes the beta subunit of nitrite oxidoreductase, involved in the second part of nitrification. 

The nirS and nosZ gene encode the nitrite reductase and nitrous oxide reductase, respectively, 

both involved in the denitrification pathway. The mcrA gene encodes the methyl coenzyme-M 

reductase, which catalyzes the terminal step in methane production. In contrast to the qPCR 

assays included in this study, these assays were not used in the next chapters, and were therefore 

not included here. These assays were however described and used in three other studies to which 

we contributed: Coppens et al. (2016), Courtens et al. (2016), and Westerholm et al. (2016). 

Our preliminary comparison between microbial communities in activated sludge samples from 

textile WWTPs and municipal WWTPs indicated that they are differently organized, and 

suggested that microbial communities from textile WWTPs harbor a more narrow (less species) 

microbial community that is able to withstand specific characteristics of textile wastewaters 

(low BOD/COD ratio, pH ranges between 4 and 12, presence of inhibitor compounds and active 

substances and high salt concentrations). Further research, however, is needed to confirm this 

scenario and has been assessed and discussed in detail in Chapter 3 using a higher number of 

samples. 
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CHAPTER 3: ASSESSING THE COMPOSITION OF 

MICROBIAL COMMUNITIES IN TEXTILE 

WASTEWATER TREATMENT PLANTS IN 

COMPARISON WITH MUNICIPAL WASTEWATER 

TREATMENT PLANTS* 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

* This chapter is based on the following publication: 

Meerbergen, K., Van Geel, M., Waud, M., Willems, K. A., Dewil, R., Van Impe, J., Appels, 

L., & Lievens, B. (2017). Assessing the composition of microbial communities in textile 

wastewater treatment plants in comparison with municipal wastewater treatment plants. 

MicrobiologyOpen, 6, e00413. 
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3.1 Introduction 

Wastewater treatment using activated sludge processes has been commonly practiced to purify 

municipal and industrial wastewater, mainly because of the high treatment efficiency and low 

operating cost. Activated sludge processes are based on the ability of microorganisms to utilize 

organic matter as a source of energy and/or as a source of carbon and other minerals for growth 

(Carneiro et al. 2010), thereby playing important roles in the biodegradation of organic 

materials, transformation of toxic compounds into harmless products, and removal of nutrients 

such as ammonia, nitrate, sulphate and phosphate (Gentile et al. 2007; Wang et al. 2011). The 

stable operation of biological wastewater treatment plants (WWTPs) relies upon the occurrence, 

relative abundance and activity of several microbial populations in the activated sludge 

performing these processes (Wagner and Loy, 2002; Gentile et al. 2007; Yang et al. 2014). As 

variations in microbial community composition can be associated with changes in the functional 

capabilities of the communities, microbial community and functional stability are generally 

recognized as important factors to efficiently treat wastewater (Wang et al. 2014). 

Microbial communities of activated sludge in WWTPs have been intensively studied 

over the last decade, especially for WWTPs dealing with municipal wastewater (e.g., Miura et 

al. 2007; López-Vázquez et al. 2008; Sanapareddy et al. 2009; Wang et al. 2010; Wang et al. 

2011). In general, trends are observed with members of the phylum Proteobacteria frequently 

being the most abundant in municipal WWTPs, followed by Actinobacteria and Bacteroidetes 

(Hu et al. 2012; Wang et al. 2012a; Zhang et al. 2012; Ye and Zhang 2013; Ju et al. 2014; Zhao 

et al. 2014; Wei et al. 2015, Saunders et al. 2016). Moreover, in a recent Illumina MiSeq-based 

study of 13 municipal WWTPs across Denmark, it was shown that the plants contained a core 

community of 63 abundant genus-level operational taxonomic units (OTUs) (Saunders et al. 

2016). However, it is reasonable to assume that microbial communities involved in the 

biological treatment of more hazardous wastewaters, such as those originating from the textile 

industry, harbor other microbial populations that are specifically adapted to the environmental 

stresses encountered in these systems. Textile industry effluents typically contain high 

concentrations of dyes, dyeing additives and diverse chemicals, some of which are non-

biodegradable, toxic, mutagenic and/or carcinogenic. Additionally, textile wastewater has 

generally a low biological oxygen demand/chemical oxygen demand (BOD/COD) ratio (around 

20 %) and shows a wide range of pH (4-12). Further, textile wastewater can contain several 

inhibitor compounds (hampering effective biological wastewater treatment), active substances, 

adsorbable organic halogens (e.g., chlorine compounds) (AOX) and high salt concentrations 
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(Selcuk 2005; Sandhya & Swaminathan 2006; Wu et al. 2007; Verma et al. 2012). So far, 

however, only little is known about the microbial community composition and their functioning 

in activated sludge from textile wastewater treatment systems (but see Yang et al. 2014 and 

Chapter 2 for some preliminary results).  

The aim of this study was to assess the microbial community composition in activated 

sludge from textile WWTPs in comparison with municipal WWTPs, and to explain observed 

differences by environmental factors. To this end, samples were collected from five textile and 

five municipal WWTPs in Flanders (Belgium), as well as a WWTP receiving and processing 

both textile and municipal wastewater. Differences in the microbial (both bacterial and 

archaeal) community composition were assessed by 16S rRNA gene amplicon pyrosequencing 

and real-time quantitative PCR (qPCR) techniques using the protocols described in Chapter 2. 

Environmental factors that drive species richness, diversity and community composition in 

activated sludge from the two different WWTPs were determined. 

 

3.2 Materials and methods 

3.2.1 Study samples 

Activated sludge samples (0.5 l) were collected in triplicate from aerobic tanks of five textile 

WWTPs (T1-T5) and five municipal WWTPs (R1-R5). Additionally, samples were taken from 

one plant receiving and processing both textile and municipal wastewater (TR1). Mostly, the 

latter WWTP processes municipal wastewater, whereas from time to time also textile 

wastewater is released in the system. For each WWTP, activated sludge samples were randomly 

taken in the tank. All WWTPs were located in Flanders (Belgium) and were characterized by a 

stable operating system, discharging wastewater effluents within legal standards. Sampling was 

performed in two different seasons, including winter (February 2015; indicated with “F” in the 

sample identifier) and summer (July 2015; indicated with “J” in the sample identifier). As a 

result, in total 3 times 22 samples were taken for this study. Samples were centrifuged and 

precipitated material was resuspended in 20 ml RNAlater (see Chapter 2). At the time of 

sampling, also influent samples (1 l) were collected from each wastewater for chemical 

analysis. Samples were transported in a cool box to the laboratory and stored overnight at 4°C. 

Next, following centrifugation of the sludge samples (10 ml), total DNA was extracted from 

0.15 g precipitated material using the Power Soil DNA isolation kit (MoBio Laboratories Inc., 

Solana Beach, CA, USA) according to the manufacturer’s instructions. Subsequently, DNA 

extracts from the three samples taken per studied WWTP were pooled and stored at -80 °C until 
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further processing, resulting in 22 DNA extracts for further analysis. Some of these samples 

have also been used in Chapter 2. Influent samples were stored at 4 °C until chemical analysis.  

 

3.2.2 Microbial community characterization  

Four amplicon libraries were prepared as described in Chapter 2, representing two libraries 

constructed with the archaeal primers S-D-Arch-0519-a-S-15/S-D-Arch-1041-a-A-18 (one for 

the samples taken in winter and one for the samples taken in summer) and two libraries 

constructed with the bacterial primers S-D-Bact-0341-b-S-17/S-D-Bact-0785-a-A-21 (one for 

the samples taken in winter and one for the samples taken in summer). Per DNA extract, two 

PCR reactions were performed (2 technical replicates). “Fusion” primers, required for the 454‐

pyrosequencing process, were designed according to the guidelines for 454 GS‐FLX+ Titanium 

Lib‐L sequencing and contained the Roche 454‐pyrosequencing adapters and a sample‐specific 

multiplex identifier (MID) sequence in between the adapter and the forward primer (Table S3.1, 

Supplementary information). Amplicon libraries were separately sequenced on a 1/8th 

PicoTiter Plate (PTP) section using the Roche GS‐FLX+ instrument with Titanium chemistry 

according to manufacturer's instructions (Roche Applied Science, Mannheim, Germany). 

Obtained sequences were processed as described in Chapter 2, using the UPARSE v. 7 standard 

pipeline (Edgar 2013). High-quality sequences from both PCR replicates per sample were 

combined and grouped into OTUs based on a 3 % sequence dissimilarity cut-off. Due to uneven 

sequencing depth and correlation between number of sequence reads and number of OTUs per 

sample (data not shown), the number of sequences was rarefied to 1000 sequences per sample 

for both bacteria and archaea, while excluding global singletons that occurred in the original 

dataset (i.e., OTUs represented by a single sequence in the unrarefied dataset) (Waud et al. 

2014; Brown et al. 2015). As shown in Chapter 2, a sequence depth of 1000 sequences should 

be sufficient to cover the majority of the microbial community occurring in activated sludge 

from municipal or textile WWTPs. OTU representative sequences were assigned taxonomic 

identities using the ‘classify.seqs’ command in Mothur (v. 1.36.1) (Schloss et al. 2009) against 

the Silva taxonomy database, v. 119 (Quast et al. 2013), manually curated to include 

microorganisms previously observed in activated sludge (Midas database; McIlroy et al. 2015) 

(see also Chapter 2). Taxonomic assignments were considered reliable when a bootstrap 

(confidence) cut-off of 80% was reached (≥ 0.80 score). Sequence data for all samples have 

been deposited in the Sequence Read Archive under the BioProject Accession PRJNA317527. 

http://www.ncbi.nlm.nih.gov/bioproject/PRJNA317527
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OTU representative sequences were also submitted to GenBank under the Accession Numbers 

KX029477 to KX031991.  

 

3.2.3 Real-time quantitative PCR  

To confirm and further assess the occurrence and distribution of two bacterial OTUs that could 

be specifically attributed to textile or municipal WWTPs (based on the 454 data), a qPCR 

analysis was performed. To this end, specific primers were designed for OTU217 

(Planctomyces sp.) and OTU23 (Rhodoferax sp.), respectively (Table S3.2, Supplementary 

information). Specificity of the primers was evaluated using the Basic Local Alignment Search 

(BLAST) algorithm against GenBank, and further evaluated against the 454 datasets obtained 

in this study. Furthermore, qPCR analyses were performed for two bacterial genes involved in 

nitrogen removal, including the amoA and nirK gene, encoding a functional nitrifying 

(ammonium monooxygenase subunit A) and denitrifying enzyme (copper-containing nitrite 

reductase) (for primers see Table S3.2, Supplementary information) (Geets et al. 2007). 

Analyses were performed on an ABI StepOnePlus real-time PCR system. Each reaction 

contained 1.0 µl 10x diluted genomic DNA, 0.5 µl of each primer (20 µM stock), 10.0 µl 2x 

iTaq universal SYBR Green supermix and 8.0 µl nuclease-free water. PCR amplification (in 

duplicate) was performed under the conditions described in Chapter 2 with an annealing 

temperature of 64 °C for OTU23 and OTU217 or 59 °C for the amoA and nirK genes. At the 

end of each qPCR analysis, a melting curve analysis was performed to verify specificity of the 

assay as described in Chapter 2. Quantification was performed using a standard curve based on 

known concentrations of DNA standard dilutions from 107 copies µl-1 down to 102 copies µl-1 

(Chapter 2).  

 

3.2.4 Chemical analyses 

Chemical analyses were performed on the influent samples using Nanocolor test tubes and a 

Nanocolor 500D photometer (Macherey-Nagel, Düren, Germany) according to manufacturer’s 

instructions, and included measurement of ammonium (NH4
+), nitrite (NO2

-), nitrate (NO3
-), 

COD, BOD, AOX, total phosphorus (TP) and total nitrogen (TN) concentrations. Conductivity 

(salinity) and pH were measured using Inolab benchtop meters for measuring conductivity and 

pH, respectively (WTW, Weilheim, Germany) (for each of the parameters mentioned one 

measurement was performed). Additionally, dissolved oxygen (DO) and temperature were 
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measured from each sample on the sampling site using a HI9146 DO and temperature meter, 

respectively (Hanna Instruments, Temse, Belgium).  

 

3.2.5 Data analysis 

Rarefaction curves were generated for each sample using the Vegan package (v. 2.2-1) for R 

(R Development Core Team, 2013; Oksanen et al. 2013) to visualize the overall coverage of 

the studied microbial communities. Additionally, OTU richness, Chao1 and ACE richness 

estimators, and Shannon diversity were calculated using Mothur (v. 1.36.1) (Schloss et al. 

2009). To detect OTUs that are specific for the textile or municipal activated sludge, we 

performed an indicator species analysis (ISA) in PC-ORD 6 (Dufrêne & Legendre 1997; 

McCune & Mefford 2006). This analysis calculates an indicator value based on specificity, 

relative abundance and fidelity (widespreadness) of an OTU in relation to the different sludge 

groups (textile or municipal). The method of Dufrêne and Legendre (1997) calculates the 

indicator value index between the species and each site group and then looks for the group 

corresponding to the highest association value. Finally, the statistical significance of this 

relationship is tested using a permutation test. By definition, an indicator value of 100 (perfect 

indicator) implies that the presence of a given OTU identifies a treatment without error. The 

obtained indicator values were tested for significance using a Monte Carlo randomization test 

with 5000 permutations. 

For all chemical parameters, the mean and standard error (SE) were calculated for every 

sample origin (textile or municipal) and sampling time (February and July). Further on, 

chemical parameters were linked to origin and time using general linear models (univariate 

analysis) conducted in SPSS 22.0 for Windows (SPSS Inc., Chicago, IL, USA). Non-metric 

multidimensional scaling (NMDS) was performed on the sample * OTU matrix, using Bray-

Curtis distances to visualize differences in the microbial communities (Vegan package v. 2.2-

1). Subsequently, the measured chemical parameters were fitted onto the ordination and tested 

for significance based on a permutation test with 1000 iterations, using the function ‘envfit’. 

Finally, the fitted chemical parameters were compared to the results in the univariate analysis. 
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3.3 Results and discussion 

3.3.1 Archaeal and bacterial community composition 

Bacterial and archaeal communities were profiled for a total of 22 activated sludge samples (11 

samples from February and 11 from July) from five textile WWTPs, five municipal WWTPs 

and one plant receiving and processing both textile and municipal wastewater. Strikingly, low 

amounts of sequences were obtained for the archaeal communities in sludge of the textile 

WWTPs sampled in February (varying between 5 and 1350 sequences; only one sample from 

February yielded more than 1000 archaeal sequences (sample T2F)). We are still not clear on 

the reason for this, but this phenomenon could probably be attributed to technical or 

environmental factors. Among the latter, temperature is regarded as an additional factor 

affecting microbial growth (Chin et al. 1999; Tourna et al. 2008), which could have led to a 

lower archaeal abundance in the samples from February. As a result, only one out of the five 

samples taken in February from textile WWTPs was retained for further analysis of the archaeal 

community (sample T2F). For archaea, rarefaction curves generally tended to approach 

saturation. In contrast, bacteria rarefaction curves did not reach clear saturation, indicating that 

further sequencing would be necessary to fully cover the bacterial diversity (Figure S3.1, 

Supplementary information) (as also seen in Chapter 2). Based on Chao1, the sample coverage 

ranged between 56.9 % and 100.0 % for the archaeal communities and between 34.1 (in general 

> 50 %) and 92.8 % for the bacterial communities (Table 3.1), suggesting that the most abundant 

community members were covered in our study.   
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Table 3.1 Microbial community diversity indices for activated sludge from textile and municipal wastewater treatment plants (WWTPs).  

Wastewater WWTP Sampling time Sample 
Archaea  Bacteria 

Sobsa Chao1 Coverage [%]b Acec Shannond  Sobsa Chao1 Coverage [%]b Acec  Shannond 

Municipal 1 February R1_F 48 51.93 92.43 56.05 1.98  233 336.21 69.30 420.79 4.71 

Municipal 1 July R1_J 60 85.50 70.18 75.22 2.66  353 672.05 52.53 1025.07 5.26 

Municipal 2 February R2_F 40 62.67 63.83 101.23 1.74  324 702.07 46.15 962.89 5.08 

Municipal 2 July R2_J 46 81.00 56.79 57.67 2.00  324 493.32 65.68 518.40 5.24 

Municipal 3 February R3_F 44 49.00 89.80 52.57 2.18  308 543.56 56.66 741.99 5.08 

Municipal 3 July R3_J 57 76.13 74.88 74.63 2.73  331 970.29 34.11 1267.17 5.05 

Municipal 4 February R4_F 40 49.17 81.36 49.77 1.50  274 438.41 62.50 446.92 4.87 

Municipal 4 July R4_J 44 70.25 62.63 71.10 2.18  260 359.92 72.24 393.20 4.86 

Municipal 5 February R5_F 18 23.00 78.26 23.23 1.07  314 555.38 56.54 957.48 4.93 

Municipal 5 July R5_J 50 68.20 73.31 61.99 2.72  258 340.73 75.72 372.89 4.88 

Textile 1 February T1_F N.D. N.D. N.D. N.D. N.D.  233 322.02 72.36 392.87 4.89 

Textile 1 July T1_J 30 36.00 83.33 44.17 1.90  228 414.58 55.00 416.50 4.79 

Textile 2 February T2_F 21 24.75 84.85 26.37 0.96  181 270.52 66.91 264.25 4.01 

Textile 2 July T2_J 42 55.00 76.36 72.99 2.42  119 173.08 68.75 153.68 3.85 

Textile 3 February T3_F N.D. N.D. N.D. N.D. N.D.  221 331.86 66.59 429.39 4.66 

Textile 3 July T3_J 29 44.00 65.91 32.24 1.96  141 151.90 92.82 192.31 4.10 

Textile 4 February T4_F N.D. N.D. N.D. N.D. N.D.  174 245.03 71.01 259.15 4.21 

Textile 4 July T4_J 24 25.43 94.38 28.06 0.77  126 183.95 68.50 223.01 3.15 

Textile 5 February T5_F N.D. N.D. N.D. N.D. N.D.  261 433.94 60.15 592.25 4.84 

Textile 5 July T5_J 30 39.00 76.92 56.58 1.96  222 291.45 76.17 305.62 4.79 

Combinede 1 February TR1_F 20 20.00 100.00 20.00 1.19  256 404.22 63.33 493.67 4.82 

Combinede 1 July TR1_J 58 79.38 73.07 77.13 2.27  306 441.71 69.28 510.93 4.98 
a Observed richness. 

       
 

     
b Observed richness/Chao1 estimate * 100. 

     
 

     
c Abundance-based coverage estimator. 

     
 

     
d Shannon-Wiener diversity index. 

      
 

     
e Sample from a WWTP dealing with textile and municipal wastewater. 

  
 

     
N.D., not determined due to too few sequences. 
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In total, 160 archaeal OTUs and 1645 bacterial OTUs were detected in the samples 

studied, global singletons excluded. Per sample, observed archaeal and bacterial richness varied 

between 18 and 60 OTUs (average of 39 ± 3.16 (SE)), and between 119 and 353 OTUs (average 

of 248 ± 14.5 (SE)), respectively (Table 3.1). Both archaeal (p = 0.01) and bacterial (p = 5.03E-

05) richness were significantly higher for samples from municipal WWTPs compared to those 

from textile WWTPs. More particularly, on average 29 (± 2.94 (SE)) archaeal and 191 (± 15.7 

(SE)) bacterial OTUs were recovered from a textile WWTP sample, whereas on average 45 (± 

3.63 (SE)) and 298 (± 12.3 (SE)) OTUs were recovered from a municipal WWTP sample, 

respectively. No significant differences were found between archaeal (p = 0.371) and bacterial 

(p = 0.622) richness between seasons.  

Taxonomic assignment of the OTUs revealed the presence of two archaeal and 35 

bacterial phyla in all the activated sludge samples investigated in this study (Table S3.3, 

Supplementary information). With regard to the archaea, Euryarchaeota represented 94.6 % of 

the total number of sequences, while Thaumarchaeota represented 5.4 %, respectively. This is 

in line with previous studies where Euryarchaeota were found to dominate the archaeal 

community in activated sludge from municipal WWTPs (Ju et al. 2014; Zhang et al. 2014). 

Further, as also noticed in previous studies on microbial communities in activated sludge (Hu 

et al. 2012; Wang et al. 2012a; Zhang et al. 2012; Yang et al. 2014; Zhao et al. 2014; Wei et al. 

2015; Saunders et al. 2016), Proteobacteria was the most abundant bacterial phylum detected 

(44.3 % of the total number of sequences), followed by Bacteroidetes (24.8 %).  

When comparing samples from municipal WWTPs with those from textile WWTPs, 

differences in relative abundance were observed for the archaeal phyla Euryarchaeota and 

Thaumarchaeota, being less and more abundant in samples from textile WWTPs, respectively 

(Figure 3.1A). As can be seen from Figure 3.1B and Figure 3.2, this difference can be attributed 

to the sampling time, with samples from July containing relatively more Thaumarchaeota 

sequences. Moreover, the difference can be brought back to only one specific sample (T4_J) 

(Figures S3.2-S3.23, Supplementary Information). For bacteria, Bacteroidetes and 

Actinobacteria were more abundant in samples from municipal WWTPs compared to samples 

from textile WWTPs, while Planctomycetes, Chloroflexi, Acidobacteria and Chlorobi were 

more abundant in samples from textile WWTPs (when comparing both WWTP systems 

regardless of the sampling time) (Figure 3.3). When comparing textile WWTP samples from 

February with those from July, relative abundance of Proteobacteria, Saccharibacteria, 

Verrucomicrobia and Parcubacteria was higher in February, whereas Bacteroidetes, 

Planctomycetes, Chloroflexi, Acidobacteria, Actinobacteria, Chlorobi and Firmicutes were 
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more abundant in July (Figure 3.4; Figures S3.2-S3.23, Supplementary Information). Moreover, 

Parcubacteria was only detected in February (all 5 textile WWTP samples), whereas Firmicutes 

were solely present in the samples from July (found in 4 out of 5 textile WWTP samples) 

(indicating that these phyla were completely absent or present for less than 1 % of the total 

amount of sequences and thus classified in “Other”). For municipal WWTP samples, relative 

abundance of Proteobacteria, Bacteroidetes and Gracilibacteria was higher in February, 

whereas relative abundance of Saccharibacteria, Verrucomicrobia, Actinobacteria, Chloroflexi, 

Planctomycetes, Acidobacteria and Chloroflexi was higher in July. The phylum Gracilibacteria 

was only detected in February (in all 5 samples), whereas Planctomycetes (in all 5 samples), 

Acidobacteria (in all 5 samples) and Chlorobi (in all 5 samples) were solely present in the 

samples from July (Figure 3.4; Figures S3.2-S3.23, Supplementary Information) (indicating 

that these phyla were completely absent or present for less than 1 % of the total amount of 

sequences and thus classified in “Other”). 

 

Figure 3.1 Relative abundance of archaeal phyla in activated sludge samples from textile and municipal 

wastewater treatment plants (WWTPs) (data combined for February and July; 18 samples) (A) sampled in February 

and July (data combined for textile and municipal WWTP samples; 18 samples) (B). 
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Figure 3.2 Relative abundance of archaeal phyla in activated sludge samples from textile (A) and municipal (B) 

wastewater treatment plants (WWTPs) sampled in February (data from 6 samples: 1 sample from textile WWTPs 

and 5 samples from municipal WWTPs) and July (data from 10 samples: 5 samples from textile WWTPs and 5 

samples from municipal WWTPs). 
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Figure 3.3 Relative abundance of bacterial phyla in activated sludge samples from textile and municipal 

wastewater treatment plants (WWTPs) (data combined for February and July; 22 samples) (A) sampled in February 

and July (data combined for textile and municipal WWTP samples; 22 samples) (B). Phyla representing less than 

1 % of the total amount of sequences are referred to as “Other”.  
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Figure 3.4 Relative abundance of bacterial phyla in activated sludge samples from textile (A) and municipal (B) wastewater treatment plants (WWTPs) sampled in February 

(data from 10 samples: 5 samples from textile WWTPs and 5 samples from municipal WWTPs) and July (data from 10 samples: 5 samples from textile WWTPs and 5 samples 

from municipal WWTPs). Phyla representing less than 1 % of the total amount of sequences are referred to as “Other”. 
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Thaumarchaeota represents a ubiquitous, relatively recently described archaeal phylum 

(Brochier-Armanet et al. 2008), constituting of chemolithoautotrophic ammonia-oxidizers that 

play important roles in biogeochemical cycles, such as the nitrogen cycle and carbon cycle 

(Tourna et al. 2011; Offre et al. 2013), and can therefore be considered as an important player 

in activated sludge processes (Park et al. 2006). Planctomycetes, Chloroflexi, Chlorobi and 

Acidobacteria are known to contain halotolerant species that are found in extreme, heavily 

polluted habitats such as coastal salt marches and contaminated soils (Strous et al. 1999; 

Canfora et al. 2014; Kutovaya et al. 2015). They fulfill important roles in global carbon, 

nitrogen and/or sulfur cycles, degrading carbohydrates, hydrocarbons and heavy pollutants 

(Glöckner et al. 2003; Hug et al. 2013; Baker et al. 2015; Hiras et al. 2016; García-Fraile et al. 

2016), making them important constitutes of activated sludge processes. 

In total, recovered species-level OTUs could be classified in 21 archaeal and 259 

bacterial genera (Table S3.4, Supplementary information) (approximately 40 % of all OTUs), 

among which 76 genera were uniquely found in municipal WWTPs, 68 were uniquely found in 

textile WWTPs, and 136 were shared by both. A number of these genera have been functionally 

characterized and some of these are important to the successful operation of an activated sludge 

process, e.g., through removal of carbon, ammonia, nitrate, sulfate or phosphate or through their 

unwanted accumulating, bulking or foaming activity, which is typically caused by filamentous 

bacteria such as Kouleothrix, Anaerolinea, Microthrix and Thiothrix (Rossetti et al. 2005; 

Nielsen et al. 2009). These filamentous bacteria were present (albeit at low relative abundance) 

in both municipal (eight OTUs representing these four genera) and textile (four OTUs belonging 

to the genera Anaerolinea, candidatus Microthrix and Thiothrix) WWTPs, but were generally 

more abundant in municipal WWTP samples (data not shown). Furthermore, nitrifying and 

denitrifying bacteria as well as phosphate accumulating bacteria showed a higher relative read 

abundance in municipal WWTPs (Figure 3.5).  
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Figure 3.5 Read abundance of bacterial genera performing essential functions in activated sludge processes (non-exhaustive list), including nitrification (A), denitrification (B), 

sulfate reduction (C) and phosphate accumulation (D), in samples from textile and municipal wastewater treatment plants (WWTPs) (data combined for February and July; 22 

samples).  
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This was confirmed by a qPCR analysis targeting the bacterial amoA and nirK genes, the first 

being involved in nitrification, the second in denitrification: samples from municipal WWTPs 

were significantly higher in amoA abundance during winter (p = 6.75E-03) and summer (p = 

8.34E-05) as opposed to textile WWTP samples. Also, nirK abundance was higher in municipal 

samples, albeit not significantly (p = 0.518). These findings suggest that removal of ammonium, 

nitrate and phosphate is likely more efficient in municipal WWTPs (under the assumption that 

the corresponding genes are equally expressed and encode enzymes with identical efficiency). 

Indeed, effluent measurements of the different municipal wastewaters showed an enhanced 

removal of phosphate and ammonium for the investigated municipal WWTPs in comparison 

with the investigated textile WWTPs (data not shown). In contrast, sulfate-reducing bacteria 

were almost solely found in textile WWTPs (Figure 3.5). Notably, a great number of OTUs (40) 

belonging to the genus Planctomyces (Planctomycetes) were specifically found in textile 

WWTPs, suggesting that these bacteria are well-adapted to the conditions encountered in textile 

wastewater treatment systems, which, for example, are typically characterized by a high salt 

concentration. As such, these findings are in line with previous research showing that these 

bacteria can thrive in salt rich environments (Scheuner et al. 2014). Additionally, members of 

the genera Leucobacter (Actinobacteria) and Hydrogenophaga (Proteobacteria) were 

predominantly found in the textile activated sludge samples. For both genera, species have been 

described isolated from dye wastewater (Yoon et al. 2008; Kim & Lee 2011). Additionally, 

some Leucobacter species have already been used as part of a microbial consortium to degrade 

disperse and reactive dyes (Franciscon et al. 2010; Franciscon et al. 2015). 

NMDS ordination of the community composition, inferred from the archaeal (p = 0.033; 

R² = 0.280) and bacterial (p = 0.001; R² = 0.663) OTU relative abundance, revealed that there 

was a significant difference (Goodness of Fit) between activated sludge samples from textile 

and municipal WWTPs (Figure 3.6). Furthermore, samples from municipal WWTPs were much 

more similar than those from textile WWTPs, suggesting that textile WWTPs show more 

variation in microbial community composition in between different plants (Figure 3.6). 

Interestingly, especially for the bacterial community analysis NMDS ordination plotted the 

samples from the plant dealing with both municipal and textile wastewater (TR1) in between 

samples from municipal WWTPs on the one hand and samples from textile WWTPs on the 

other hand (Figure 3.6). Significant differences were found in community composition of 

archaeal communities sampled in February and July (p = 0.034; R² = 0.179), but not for bacteria 

(p = 0.694; R² = 0.014). 
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Figure 3.6 Non-metric multidimensional scaling (NMDS) ordination (Bray-Curtis; with environmental fit) of the 

archaeal (A; stress value = 0.153) and bacterial communities (B; stress value = 0.082) in activated sludge samples 

of textile (green squares) and municipal wastewater treatment plants (WWTPs) (red circles), as well as from one 

plant receiving and treating both municipal and textile wastewater (‘combined’; blue triangles). Samples were 

taken in February (marked with asterisks) and July (unmarked). Arrows represent environmental variables with 

significant correlations (Table 3.6). Length and orientation of the arrow is proportional to the direction and the 

amount of correlation between the ordination and the environmental variable. 
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Strikingly, only one archaeal and one bacterial OTU was shared by all samples 

investigated. These included an OTU corresponding to Methanosaeta sp. (a methanogen 

belonging to the phylum of Euryarchaeota) and an OTU corresponding to an unidentified 

member of Proteobacteria, respectively. The first one covered approximately 23 % of all 

archaeal sequences whilst the second covered about 3 % of all bacterial sequences. A core 

microbial community, consisting of five archaeal and 30 bacterial OTUs could be identified for 

municipal WWTPs that made up 33.0 and 19.3 % of the total archaeal and bacterial sequences, 

respectively. In contrast, only one archaeal (methanogen) and one bacterial (unknown) OTU 

was shared by all textile WWTPs, confirming the NMDS results (huge variation in between 

samples) and suggesting that microbial communities in textile WWTPs are driven by diverse 

factors.  

To identify the OTUs that best described differences between both types of investigated 

WWTPs (textile and municipal WWTPs) an ISA was performed based on specifity, relative 

abundance and fidelity. ISA revealed the presence of two and six archaeal indicator OTUs that 

could be attributed to textile and municipal WWTPs, respectively. For the bacteria, ISA 

revealed 10 and 34 indicator OTUs, respectively (Table 3.2). In order to confirm and generalize 

these results, all 22 samples investigated as well as six additional sludge samples from three 

textile WWTPs (sampled in February and July) and ten additional samples from five municipal 

WWTPs (sampled in February and July) were subjected to qPCR analysis targeting two 

randomly selected indicator bacteria. These included OTU23, representing a member of the 

genus Rhodoferax (Proteobacteria), which was found as an indicator for municipal activated 

sludge, and OTU217, member of the genus Planctomyces (Planctomycetes), which was found 

as an indicator for activated sludge from textile WWTPs. OTU23 was found in all municipal 

WWTP samples analyzed, while it was absent in the textile WWTP samples. Additionally, 

OTU23 was found in activated sludge from the plant purifying both municipal and textile 

wastewater. OTU217 was found in activated sludge samples from five out of eight investigated 

textile WWTPs (T1, T3, T4, T7 and T8), both in February and July, while it was not detected 

in any sample from the municipal WWTPs (Table 3.3), suggesting a strong link with textile 

WWTPs. However, as the OTU was absent from the textile WWTPs T2, T5 and T6, more 

samples should be investigated prior considering it a true “indicator” for textile WWTPs.   
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Table 3.2 Results of indicator species analysis (p < 0.05). 

Domain 

Municipal WWTP Textile WWTP 

Indicator 

OTU  

Taxonomic affiliation 

(Silva v.119/Midas) 

p-value Indicator 

OTU  

Taxonomic affiliation 

(Silva v.119/Midas) 

p-value 

Archaea OTU_1 Methanosaeta sp. 3.40E-03 OTU_432 Thaumarchaeota 4.22E-02 

OTU_91 Methanospirillum sp. 3.06E-02 OTU_58 Euryarchaeota 4.94E-02 

OTU_309 Methanosaeta sp. 7.40E-03 
   

OTU_29 Methanospirillum sp. 1.86E-02 
   

OTU_172 Methanosaeta sp. 3.56E-02 
   

OTU_97 Euryarchaeota 3.94E-02 
   

Bacteria OTU_4 Zoogloea sp. 2.00E-04 OTU_296 Hyphomicrobium sp. 4.00E-04 

OTU_47 Actinobacteria 2.00E-04 OTU_217* Planctomyces sp. 4.00E-03 

OTU_97 Proteobacteria 4.00E-04 OTU_200 CPB_S60 

(Proteobacteria) 

1.90E-02 

OTU_120 Bacteroidetes 2.00E-04 OTU_430 Hydrogenophaga sp. 2.66E-02 

OTU_141 Bacteroidetes 2.00E-04 OTU_212 Proteobacteria 2.82E-02 

OTU_262 Aquabacterium sp. 2.00E-04 OTU_595 Proteobacteria 2.68E-02 

OTU_273 Zoogloea sp. 4.00E-04 OTU_33 Proteobacteria 3.22E-02 

OTU_444 Bacteroidetes 2.00E-04 OTU_219 Cyanobacteria 3.46E-02 

OTU_126 Bacteroidetes 2.00E-04 OTU_940 ML817J-10 

(Actinobacteria) 

3.34E-02 

OTU_42 Proteobacteria 4.00E-03 OTU_791 mle I-48 (Chloroflexi) 2.96E-02 

OTU_175 Bacteroidetes 4.40E-03 OTU_135 Verrucomicrobia 1.80E-02 

OTU_512 Dechloromonas sp. 5.00E-03 
   

OTU_684 Bacteroidetes 1.40E-03 
   

OTU_99 Tepidicella sp. 9.60E-03 
   

OTU_23* Rhodoferax sp. 1.50E-02 
   

OTU_113 Rhodoferax sp. 2.50E-02 
   

OTU_17 Flavobacterium sp. 2.18E-02 
   

OTU_122 Ferruginibacter sp. 2.28E-02 
   

OTU_211 Brevifollis sp. 2.90E-02 
   

OTU_286 Proteobacteria 2.92E-02 
   

OTU_56 Candidatus Microthrix 3.30E-02 
   

OTU_261 Proteobacteria 2.98E-02 
   

OTU_147 Proteobacteria 3.38E-02 
   

OTU_133 Sulfuritalea sp. 3.64E-02 
   

OTU_636 Flavobacterium sp. 3.34E-02 
   

OTU_1 Ferribacterium sp. 3.68E-02 
   

OTU_86 Flavobacterium sp. 3.10E-02 
   

OTU_338 Turneriella sp. 3.10E-02 
   

OTU_109 Thermomonas sp. 4.44E-02 
   

OTU_269 PHOS-HE28 

(Bacteroidetes) 

3.78E-02 
   

OTU_558 Candidatus 

Accumulibacter 

4.72E-02 
   

OTU_76 Bacteroidetes 3.78E-02 
   

OTU_283 Candidatus BRC1 4.72E-02 
   

OTU_352 Candidatus 

Gracilibacteria  

3.84E-02       
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Table 3.3 Distribution of two bacterial indicator operational taxonomic units (OTUs; identified at a 3 % sequence 

dissimilarity cut-off) over several activated sludge samples from textile and municipal wastewater treatment plants 

(WWTPs), as determined by qPCR analysisa.  

Wastewater WWTP Sampling time Sample OTU23b OTU217b 

Municipal 1 February R1_F + - 

Municipal 1 July R1_J + - 

Municipal 2 February R2_F + - 

Municipal 2 July R2_J + - 

Municipal 3 February R3_F + - 

Municipal 3 July R3_J + - 

Municipal 4 February R4_F + - 

Municipal 4 July R4_J + - 

Municipal 5 February R5_F + - 

Municipal 5 July R5_J + - 

Municipal 6 February R6_F + - 

Municipal 6 July R6_J + - 

Municipal 7 February R7_F + - 

Municipal 7 July R7_J + - 

Municipal 8 February R8_F + - 

Municipal 8 July R8_J + - 

Municipal 9 February R9_F + - 

Municipal 9 July R9_J + - 

Municipal 10 February R10_F + - 

Municipal 10 July R10_J + - 

Textile 1 February T1_F - + 

Textile 1 July T1_J - + 

Textile 2 February T2_F - - 

Textile 2 July T2_J - - 

Textile 3 February T3_F - + 

Textile 3 July T3_J - + 

Textile 4 February T4_F - + 

Textile 4 July T4_J - + 

Textile 5 February T5_F - - 

Textile 5 July T5_J - - 

Textile 6 February T6_F - - 

Textile 6 July T6_J - - 

Textile 7 February T7_F - + 

Textile 7 July T7_J - + 

Textile 8 February T8_F - + 

Textile 8 July T8_J - + 

Combinedc 1 February TR1_F + - 

Combinedc 1 July TR1_J + - 
a Ct < 28 is considered positive (+), > 28 negative (-). 

b OTU23 (Rhodoferax sp.) was found as an indicator for municipal activated sludge whereas OTU217 

(Planctomyces sp.) was determined as an indicator for activated sludge from textile WWTPs. 

c Sample from a WWTP dealing with textile and municipal wastewater. 
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3.3.2 Environmental factors explaining differences in microbial communities 

In order to determine environmental factors potentially explaining the differences in microbial 

communities in activated sludge from textile WWTPs and municipal WWTPs, several 

environmental variables were measured on the influent wastewater (single timepoint 

measurements performed on samples taken at the inflow of aeration tanks coming from buffered 

tanks (i.e. tanks in which the wastewater is stored over a period of time before being released 

in the purification system); Table 3.4), including concentrations of ammonium (NH4
+), nitrite 

(NO2
-), nitrate (NO3

-), COD, BOD, AOX, total phosphorus (TP) and total nitrogen (TN), 

conductivity, pH, dissolved oxygen (DO) and temperature. However, it should be noted that 

these measurements represent single timepoint measurements, while the establishment of 

microbial communities is determined by the (micro-) environment to which the microorganisms 

are exposed over a certain period of time. Therefore, caution is needed when linking these 

variables with the microbial community compositions observed.  

Samples from textile WWTPs had significantly higher salt levels and were higher in 

temperature (Table 3.4 and 3.5). Further, textile wastewater contained a significantly higher 

organic load, as shown by the high COD and BOD values as opposed to municipal wastewater, 

whereas the DO level was significantly lower (Table 3.4 and 3.5), supporting previous findings 

(Verma et al. 2012). Also AOX values were slightly, but not significantly higher for textile 

wastewater. Little or no differences were found for NH4
+, NO2

-, NO3
-, TP, TN and pH (Table 

3.4 and 3.5). Wastewater from the plant treating both municipal and textile wastewater was 

characterized by values situated between textile and municipal wastewater (Table 3.4). Notably, 

for some plants, differences were observed for particular influent characteristics (e.g., NH4
+, TP 

and COD) between the two sampling periods (Table 3.4), suggesting that these companies treat 

wastewaters with a variable composition or that their wastewaters were stored for a shorter 

period in the buffer tank compared to the other plants.   
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Table 3.4 Influent wastewater characteristics. 

Wastewater WWTP 
Sampling 

time 
Sample 

Conductivity     

(mS/cm) 

DO 

(ppm) 
pH 

Temperature 

(°C) 

NH4
+ 

(mg/l) 

NO2
- 

(mg/l) 

NO3
-
 

(mg/l) 

COD 

(mg O2/l) 

BOD 

(mg O2/l) 

TP 

(PO4-P)          

(mg/l) 

TN       

(mg/l) 

AOX 

(mg/l) 

Municipal 1 February R1_F 0.959 6.27 6.97 10.4 29.1 0.02 1.3 167 6 2.22 26 0.03 

Municipal 1 July R1_J 1.000 1.81 7.52 19.9 43.7 0.02 3.1 199 25 6.66 38 0.03 

Municipal 2 February R2_F 0.580 10.96 7.01 8.3 8.8 0.02 1.3 21 2 0.73 9 0.04 

Municipal 2 July R2_J 1.000 0.04 7.64 20.6 53.0 0.06 2.1 240 22 7.30 53 0.03 

Municipal 3 February R3_F 0.652 10.27 6.88 9.4 0.2 0.02 24.4 52 2 1.65 10 0.04 

Municipal 3 July R3_J 1.000 1.05 7.59 9.6 80.0 0.02 3.2 380 34 8.68 75 0.09 

Municipal 4 February R4_F 1.080 9.02 6.77 11.0 17.8 0.04 5.2 519 116 6.35 33 0.04 

Municipal 4 July R4_J 2.000 0.53 7.76 10.3 41.2 0.03 1.3 92 13 14.78 33 0.04 

Municipal 5 February R5_F 1.541 8.52 7.08 14.2 41.0 0.02 1.6 307 29 2.97 43 0.04 

Municipal 5 July R5_J 2.000 3.09 7.62 21.1 61.0 0.02 2.4 261 34 5.33 52 0.05 

Textile 1 February T1_F 3.960 0.67 7.23 15.4 4.0 0.06 6.6 1476 90 1.75 16 0.18 

Textile 1 July T1_J 4.010 0.30 7.40 34.8 12.9 0.11 3.7 1724 300 9.84 24 0.06 

Textile 2 February T2_F 3.900 0.91 7.67 18.2 76.0 0.02 6.3 1153 125 4.19 96 0.14 

Textile 2 July T2_J 3.000 0.20 7.84 34.5 80.0 0.05 4.0 1124 320 9.34 91 0.14 

Textile 3 February T3_F 1.356 1.46 5.80 22.3 1.0 0.09 14.3 2818 28 2.66 51 0.08 

Textile 3 July T3_J 1.000 0.30 6.62 27.5 1.6 0.04 13.2 2993 480 5.61 42 0.04 

Textile 4 February T4_F 8.140 2.28 8.11 15.6 6.5 0.02 9.1 1426 134 14.20 29 0.02 

Textile 4 July T4_J 9.000 0.90 7.98 26.2 2.2 0.03 4.8 2771 130 7.42 7 0.44 

Textile 5 February T5_F 3.280 0.88 7.55 16.0 76.0 0.03 2.6 693 35 8.10 81 0.03 

Textile 5 July T5_J 2.000 0.42 7.53 25.2 37.1 0.06 8.8 786 62 7.79 54 0.02 

Combineda 1 February TR1_F 0.812 3.56 6.77 3.3 11.0 0.07 2.5 580 2 1.52 17 0.06 

Combineda 1 July TR1_J 1.000 0.99 7.67 10.3 47.5 0.09 5.4 720 43 9.79 53 0.06 

a Sample from a WWTP dealing with textile and municipal wastewater. 
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Table 3.5 Univariate analysis of the environmental variables corresponding to the analyzed activated sludge 

samples.  

Archaeal community composition significantly (p < 0.05) varied with temperature, 

COD, BOD, conductivity, pH and TN (Table 3.6), whereas the bacterial communities varied 

with temperature, conductivity, pH, DO, COD, BOD, and NH4
+ (Table 3.6). When fitting the 

environmental variables on the NMDS ordination plot of the microbial communities (Figure 

3.6), temperature, conductivity, COD, BOD and DO differentiated both archaeal and bacterial 

communities from textile and municipal WWTPs, with an increasing gradient towards samples 

from textile WWTPs except for DO, which shows an increasing gradient towards municipal 

activated sludge samples. For archaea, also TN and pH significantly divided samples from both 

groups. Fitting the environmental variables on the NMDS ordination of the bacterial 

communities also revealed that NH4
+ and pH significantly discriminated samples from textile 

WWTPs, with an increasing gradient towards samples of two textile WWTPs (T2 and T5; 

irrespective of sampling time). Altogether, these findings suggest that the microbial community 

composition in WWTPs is strongly dependent on the environmental conditions in these 

systems. Furthermore, knowledge of key environmental factors is especially important when, 

for example, aiming at inoculating textile WWTPs with decolorizing microbial strains, as these 

strains should be able to reach (and maintain) high cell densities in these specific conditions. 

Environmental variablea 

Univariate analysis  Multiple comparisons (Tuckey) 

F-value P-value  
 textile/ 

municipal 

textile/ 

combinedb 

combinedb/ 

municipal 

Conductivity 6.309 0.008  0.009 0.112 0.980 

DO 5.150 0.016  0.013 0.814 0.451 

pH 0.097 0.908  0.933 0.934 0.988 

Temperature 9.641 0.001  0.005 0.007 0.374 

NH4
+  0.196 0.824  0.826 1.000 0.930 

NO2
- 5.397 0.014  0.071 0.311 0.025 

NO3
- 0.720 0.500  0.527 0.719 0.988 

COD 15.177 0.000  0.000 0.089 0.639 

BOD 5.110 0.017  0.018 0.189 0.977 

AOX 1.694 0.210  0.191 0.707 0.967 

TP 0.336 0.719  0.781 0.892 1.000 

TN 0.601 0.558  0.580 0.765 0.992 

a Each environmental parameter is investigated through multiple comparisons in the origin subgroups  

(i.e., textile, municipal and combined). 

b Sample from a WWTP dealing with textile and municipal wastewater. 
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Table 3.6 Results of the permutation test of the non-metric multidimensional scaling coordinates (NMDS 1 and 

NMDS 2) testing for significant relationships between activated sludge samples from textile and municipal 

wastewater treatment plants (WWTPs) and influent chemical variables.  

Archaea  Bacteria 

Environmental variable R² P-valuea  Environmental variable R² P-valuea 

AOX 0.3795 0.068  AOX 0.2964 0.053 

BOD 0.3892 0.041*  BOD 0.4630 0.007* 

COD 0.4960 0.014*  COD 0.8605 0.001* 

Conductivity 0.5433 0.017*  Conductivity 0.5997 0.001* 

DO 0.2908 0.088  DO 0.2868 0.047* 

NH4
+ 0.2985 0.061  NH4

+ 0.4298 0.006* 

NO2
- 0.0759 0.558  NO2

- 0.1211 0.269 

NO3
- 0.0201 0.811  NO3

- 0.1149 0.312 

pH 0.3122 0.046*  pH 0.3608 0.012* 

Temperature 0.5423 0.005*  Temperature 0.4674 0.004* 

TN 0.3504 0.034*  TN 0.2468 0.066 

TP 0.2796 0.093  TP 0.1001 0.343 

a 
The results are based on 999 permutations where significant P-values are indicated with *.

 

 

In summary our study shows that activated sludge from textile WWTPs harbors a 

microbial community that is different from those from municipal WWTPs and is highly adapted 

to the textile WWTP environment. High salinity, high organic loads and a higher water 

temperature are most likely important factors driving the microbial community composition in 

activated sludge from textile WWTPs. Earlier research confirms the importance of these factors 

in establishing microbial community structures (Griffiths et al. 1998; Rietz & Haynes 2003; 

Pietikäinen et al. 2005; Liu et al. 2008; Siggins et al. 2011; Wakelin et al. 2012; Wang et al. 

2012a). In addition to these general parameters, other variables specifically linked to the textile 

dyeing industry (e.g., the dyes used, chemical additives etc.) are also likely to be involved in 

the mechanisms behind the assembly of these microbial communities. Further research is 

needed to unravel the importance of these variables in driving the assembly of textile WWTP 

communities. Future research building on our results could also lead to faster isolation and 

identification of key players in the community that may be exploited for enhanced purification 

of textile wastewaters. It can be expected that microorganisms isolated from textile WWTPs 

that are adapted to the harsh environmental conditions in these ecosystems harbor strains with 

promising decolorization abilities that can be exploited for industrial decolorization of textile 

wastewaters (see also Chapter 5).  
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CHAPTER 4: DECOLORIZATION OF REACTIVE AZO 

DYES USING A SEQUENTIAL CHEMICAL AND 

ACTIVATED SLUDGE TREATMENT* 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

* This chapter is based on the following publication: 

Meerbergen, K., Crauwels, S., Willems, K. A., Dewil, R., Van Impe, J., Appels, L., & Lievens, 

B. (2017). Decolorization of reactive azo dyes using a sequential chemical and activated sludge 

treatment. Journal of Bioscience and Bioengineering, 124, 668-673. 
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4.1 Introduction 

Textile wastewater is typically intensely colored and contains high concentrations of organic 

substances derived from diverse dyes and auxiliary chemicals (Meriç et al. 2004; 

Muruganandham & Swaminathan 2004). More than 10,000 different dyes are used in the textile 

industry, of which approximately 280,000 tons are discharged worldwide every year (Maas & 

Chaudhari 2005). About 70 % of these dyes are synthetic azo dyes, representing a highly diverse 

group of dyes characterized by nitrogen to nitrogen double bonds (so-called “azo bonds”; -

N=N-) (Zollinger 2003). Many azo dyes and their metabolites are recalcitrant in nature and can 

be highly toxic to both terrestrial and aquatic life (Hao et al. 2000; Saratale et al. 2011). 

Furthermore, disposal of azo dyes into surface water strongly affects not only its aesthetic 

qualities, but also its transparency, by which photosynthesis in aquatic organisms is hampered 

(Vandevivere et al. 1998). Therefore, it is essential that these dyes and auxiliary chemicals are 

removed from textile wastewaters using appropriate and effective methods prior to their 

discharge into the environment (Hao et al. 2000; Supaka et al. 2004). 

 Many approaches have been proposed to remove dyes from textile wastewaters, 

including chemical coagulation/precipitation, physical adsorption, electrochemical oxidation, 

chemical oxidation, and biological anaerobic/aerobic degradation and/or conversion (Kim et al. 

2003; de Souza et al. 2010; Saratale et al. 2011; Han et al. 2012; Solís et al. 2012; for an 

overview also see Chapter 1). Recently, Advanced Oxidation Processes (AOPs) have been 

proposed as a promising technique for wastewater treatment as AOPs are able to oxidize a wide 

range of compounds that are otherwise difficult to degrade (Oller et al. 2011). Among AOPs, 

oxidation using Fenton's reagent is an attractive treatment for decolorization and degradation of 

dyes because it uses effective, easy to handle, non-toxic reagents (i.e., Fe2+ and H2O2) (Kuo 

1992; Babuponnusami & Muthukumar 2014). Many studies have been performed regarding the 

decolorization of dyes using Fenton oxidation (Nidheesh et al. 2013; Babuponnusami & 

Muthukumar 2014). Additionally, its capacity to improve organic biodegradability of toxic or 

non-biodegradable wastewaters has been described (Chamarro et al. 2001). Despite the apparent 

potential AOPs show for the degradation and removal of recalcitrant dyes, disadvantages of 

these processes include high reagent costs, input of energy and production of iron sludge waste 

in the Fenton process, which requires management and safe disposal (Azbar et al. 2004).  

To circumvent these limitations, various methods have been investigated, including the 

use of photo-Fenton techniques (Torrades & García-Montaño 2014), electro-Fenton techniques 

(Panizza & Cerisola 2009), sono-Fenton techniques (Cai et al. 2016) and Fenton-like oxidation 
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techniques (Wang 2008). Additionally, the combination of an AOP to obtain partial dye 

degradation followed by a biological treatment has been shown to have potential to achieve 

effective decolorization and mineralization (COD removal) of azo dyes (Oller et al. 2011; 

Chapter 1). Thus far, most studies have focused on combining a chemical pretreatment followed 

by a biological treatment with a specific microbial strain or biofilms which are able to complete 

the dye’s degradation (COD removal) (Lucas et al. 2007; Kiran et al. 2013; Punzi et al. 2015). 

Surprisingly, a combination of AOP and activated sludge processes has remained 

underexplored, despite some studies suggesting that a Fenton treatment combined with a 

(aerobic) biological treatment could be an interesting option for the treatment of recalcitrant 

compounds, including dyes (Tantak & Chaudhari 2006; Lodha & Chaudhari 2007). The main 

objective of this study was to develop and evaluate a combined method of Fenton oxidation and 

a biological treatment using activated sludge to achieve decolorization and enhance 

mineralization of azo dyes using Reactive Violet 5 (RV 5) as a model dye. To this end, our first 

goal was to evaluate and optimize the Fenton oxidation process to achieve partial degradation 

of azo dyes in order to make them easily biodegradable. Secondly, we evaluated the potential 

of activated sludge to perform dye removal, and finally the overall performance of a 

combination of both methods was evaluated. In order to identify key microbes in the biological 

treatment, the activated sludge microbial community composition was determined using 454 

amplicon pyrosequencing of the bacterial 16S ribosomal RNA (rRNA) gene as well as the 

fungal internal transcribed spacer 2 (ITS2) region. 

 

4.2 Materials and methods 

4.2.1 Reagents 

Experiments were performed using the monoazo dye Reactive Violet 5 (RV5) (Figure 4.1) as 

model dye. RV5 is widely used in textile and dyeing industries and is typically found in high 

concentrations over other reactive dyes in dyebath effluents (Chung & Chen 2009). Both RV5 

and all other required chemicals were obtained from Sigma-Aldrich (Saint Louis, MO, USA), 

unless mentioned otherwise. 
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Figure 4.1 Chemical structure of Reactive Violet 5. 

 

4.2.2 Fenton oxidation 

Fenton oxidation was performed in 250 ml Erlenmeyers containing 200 ml demineralized water 

with RV5. Erlenmeyers were incubated at 24 °C and continuously stirred (300 rpm) using a 

Cimarec i Poly 15 stirrer (Thermo Fisher Scientific, Waltham, MA, USA) to ensure proper 

homogenization and mixing of the reagents. Experiments were carried out at an initial pH of 

5.0 (higher pH levels interact with H2O2, hereby decreasing oxidation activity; Jung et al. 2009), 

which is known to decrease during the experiment to a pH around 3-4 (Peres et al. 2004). This 

can be attributed to the formation of organic acids after cleavage of the azo bonds in the dye 

molecules (Bilgi & Demir 2005), which are not further degraded, resulting in a more acidic 

solution at the end of the incubation (Bigda 1995). In a first experiment, Fenton’s reagent 

decolorization capacity (i.e., the ability to remove color) was evaluated using different dye 

concentrations ranging from 100 to 900 mg l-1. For this experiment, a H2O2 concentration of 

1.5 mM and a Fe2+ concentration of 0.15 mM was used as proposed by Lucas et al. (2007), who 

performed a similar study. More particularly, in this study a Fenton pretreatment was coupled 

to a biological treatment using specific yeast species (Lucas et al. 2007). In a second experiment, 

the decolorization capacity of different H2O2 concentrations (ranging from 0.0 to 2.5 mM, while 

maintaining the molar ratio between H2O2 and Fe2+ at 10:1 (Lucas et al. 2007)) was evaluated 

for a dye concentration of 500 mg l-1. For all experiments, Fe2+, H2O2 and dye solutions were 

freshly prepared from FeSO4.7H2O, H2O2 and RV5 stock solutions, respectively. The required 

amounts of Fe2+ and H2O2 were added simultaneously to the dye solution. Dye decolorization 

capacity (%) was determined by measuring the solution’s absorbance at the start of the 

experiment and after 1, 2, 3, 4, 5, 7.5, 12.5, 20, 30, 45 and 60 min, and was calculated as: 

 

Decolorization capacity (%) = 
Initial absorbance – Final absorbance

Initial absorbance
 x 100 
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Measurements were performed immediately after sampling to avoid further decolorization. 

Absorbance readings were performed using a Multiskan GO Microplate Spectrophotometer 

(Thermo Fisher Scientific) at visual maximum peak wavelength (530 nm), and demineralized 

water without azo dye was used as a blank solution to calibrate the spectrophotometer. All 

experiments were performed in duplicate, which should be enough to draw statistically sound 

conclusions, as variation between the different replicates was very low.  

 

4.2.3 Microbial decolorization 

Microbial decolorization was assessed using fresh activated sludge from a well-operating 

municipal wastewater treatment plant (WWTP) located in Flanders, Belgium. Besides 

municipal wastewater, the plant also treats septic material from households, but little to no 

industrial wastewater. Although we could have used activated sludge from a textile wastewater 

treatment plant, which most probably would contain microorganisms that are highly adapted to 

resist and use or degrade textile dyes, activated sludge from a municipal WWTP was selected 

for this study. The microbial communities in such systems are less diverse (less variation in 

microbial community composition between samples from different municipal WWTPs 

compared to samples from different textile WWTPs) (Chapter 3; Meerbergen et al. 2017b), 

making activated sludge from municipal WWTPs better suited as a model sludge. Furthermore, 

species richness in activated sludge from municipal WWTPs is higher than in textile WWTPs 

(Chapter 3; Meerbergen et al. 2017b), suggesting a larger pool of microbial populations that 

can perform the decolorization. Moreover, such initial diverse community serves as a good 

system to evaluate the effects of dye exposure on the microbial community structure. Following 

aeration of 1 h, the sludge was centrifuged and added (10 g l-1) into autoclaved minimal medium 

(0.5 l). Immediately thereafter, 10 ml of the sludge-containing medium was added to 90 ml RV5 

containing demineralized water. The final test medium consisted of 5.0 g l-1 glucose, 1.0 g l-1 

(NH4)2SO4, 1.0 g l-1 KH2PO4, 0.5 g l-1 MgSO4.7H2O, 0.1 g l-1 yeast extract and 0.1 g l-1 

CaCl2.2H2O (Lucas et al. 2007), and dye concentrations ranging between 100 and 500 mg l-1. 

The experiment was performed in duplicate. Treatments without sludge were included as a 

control and showed that no spontaneous color degradation occurred throughout the duration of 

the experiment. Incubations were carried out at 20 °C on an orbital shaker at 150 rpm (to prevent 

oxygen depletion) for a total of 168 h. Samples were gathered periodically after 0, 24, 48, 72, 

96, 120 and 168 h of incubation and were centrifuged to remove solid particles prior to 
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absorbance measurement. Absorbance readings and calculations of decolorization capacity 

were performed as described above.  

 

4.2.4 Sequential Fenton oxidation and microbial decolorization 

The efficacy of a combination of Fenton oxidation (1.0, 1.5 or 2.0 mM) and activated sludge 

was evaluated for a dye amount of 500 mg l-1. After 60 min of Fenton oxidation, 90 ml of the 

Fenton treated RV5 water was combined with 10 ml minimal medium solution containing 

activated sludge, followed by incubation on an orbital shaker as described above. As a 

comparison, treatments with the chemical reagent or the activated sludge alone were included. 

Samples were gathered at the start of the experiment and 1, 3, 5, 7.5, 12.5, 20, 30, 45 and 60 

min after Fenton treatment, and after 24, 48, 72, 96, 120 and 168 h of incubation and were 

analyzed as described above. The experiment was repeated twice.  

 

4.2.5 Microbial community characterization 

For a number of treatments described above, molecular microbial community composition 

analyses were performed at the end of the experiment (i.e., after 168h of incubation). 

Furthermore, analyses were performed on the activated sludge before addition of the sludge to 

the dye medium. Total DNA was extracted from 0.15 g precipitated, homogenized sludge using 

the Power Soil DNA isolation kit (MoBio Laboratories Inc., Solana Beach, CA, USA) 

according to the manufacturer’s instructions. Subsequently, two 454 pyrosequencing amplicon 

libraries were built as described in Chapter 2, including one for bacteria (partial 16S rRNA gene 

amplicons; primers used: S-D-Bact-0341-b-S-17/S-D-Bact-0785-a-A-21) and one for fungi 

(ITS2 region; primers used: ITS86F/ITS4 (Waud et al. 2014)) (Table S4.1 and S4.2, 

Supplementary Information) (two PCR replicates per DNA extract) (for more details see 

Chapter 2). Archaea were not monitored here as aerobic incubation conditions were installed, 

while most archaea are anaerobic (Fredriksson et al. 2012). In addition to archaea and bacteria 

it is known that fungi are present in activated sludge from WWTPs (Matsunaga et al. 2014), 

among which some having the ability to decolorize or adsorb dyes (Robinson et al. 2001). Next, 

amplicon libraries were sequenced and obtained sequences were processed as described in 

Chapter 2 using the UPARSE v8.0 standard pipeline (Edgar 2013). Sequences from both PCR 

replicates per sample were combined and grouped into operational taxonomic units (OTUs) 

based on a 3 % sequence dissimilarity cut-off. Due to uneven sequencing depth and correlation 

between number of sequence reads and number of OTUs per sample (data not shown), the 
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number of sequences was rarefied to 700 sequences (average length of 150 bp) per sample for 

bacteria and 2,200 for fungi (average length of 200 bp), while excluding initial global singletons 

(i.e., OTUs represented by a single sequence in the unrarefied data) (Waud et al. 2014; Brown 

et al. 2015). For a still unknown reason, the obtained read length was lower than anticipated 

when using the GS-FLX+ system (as noticed already in Chapter 3). In contrast to our previous 

work (Chapter 2 and 3) bacterial sequences could not be rarefied to 1000 sequences per sample 

as some samples yielded less than 1000 sequences. Bacterial OTUs were assigned taxonomic 

identities by using the ‘classify.seqs’ command in Mothur (v. 1.36.1) (Schloss et al. 2009) and 

the Silva taxonomy database v. 119 (Quast et al. 2013), which we manually curated to include 

additional microorganisms previously observed in activated sludge (using the Midas database, 

McIlroy et al. 2015) (see also Chapter 2). Taxonomic assignments were considered reliable 

when a confidence cut-off of 80% was reached (≥ 0.80 score). Fungal OTUs were identified by 

querying a representative sequence (selected by UPARSE) against GenBank (Benson et al. 

2012), excluding uncultured/environmental entries. Rarefaction curves were generated for each 

sample using the Vegan package (v. 2.4-1) for R (Figure S4.1, Supplementary Information) (R 

Development Core Team 2013; Oksanen et al. 2013). Nonmetric multidimensional scaling 

(NMDS) and Chao1 and Ace coverage calculations were performed using the R-package Vegan 

(v. 2.4-1) and the ‘summary.single’ command in Mothur (v. 1.36.1) (Schloss et al. 2009). 

Sequence data obtained in this study have been deposited in the Sequence Read Archive under 

BioProject accession PRJNA355983.  

 

4.3 Results and discussion 

4.3.1 Chemical decolorization of Reactive Violet 5 

As pollutant concentration is an important parameter in textile wastewater treatment, first 

Fenton’s reagent decolorization capacity was evaluated using different RV5 dye concentrations. 

The concentrations used were 100, 200, 300, 500, 700 and 900 mg l-1. Further, a H2O2 and Fe2+ 

concentration of 1.5 mM and 0.15 mM was used based on previous research (Lucas et al. 2007). 

After 60 min of Fenton’s reaction, dye removal decreased from 98.4 to 60.8 % when increasing 

the dye concentration from 100 to 900 mg l-1 (Figure 4.2). Most activity was recorded during 

the first 45 min of the reaction, after which no substantial further decolorization was observed 

(Figure 4.2). Almost complete decolorization was obtained for dye concentrations up to 300 mg 

l-1 (Figure 4.2). In contrast, Fenton’s reagent was unable to completely decolorize RV5 solutions 

at dye concentrations of ≥ 500 mg l-1 (Figure 4.2), most likely due to depletion of reagents.  
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Figure 4.2 Effect of different Reactive Violet 5 (RV5) concentrations on the decolorization ability of Fenton’s 

reagent. Experimental conditions: [RV5] = 100-900 mg l-1; [H2O2] = 1.5 mM; [Fe2+] = 0.15mM; temperature = 24 

°C; initial pH = 5.0. Data represent the mean of two experiments. Standard error of mean is plotted but not visible 

due to low error values. 

As dye concentrations in textile wastewaters may often reach or exceed 500 mg l-1 

(O’Neill et al. 1999), in a second experiment color removal at an initial RV5 concentration of 

500 mg l-1 was assessed using higher Fenton’s reagent dosages (Figure 4.3). For a H2O2 

concentration of 0.5 mM, 24.1 % color was removed after 60 min of reaction. Increasing the 

H2O2 concentration to 1.5 mM led to a color removal of 84.7 %, confirming the results of the 

first experiment (decolorization capacity of 87.4 % for a dye concentration of 500 mg l-1; Figure 

4.2). A further increase of the peroxide dosage until a H2O2 concentration of 2.5 mM increased 

decolorization up to 93.7 % (Figure 4.3).  
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Figure 4.3 Decolorization of a Reactive Violet 5 (RV5) containing aqueous solution by Fenton’s reagent at 

different H2O2 concentrations. Experimental conditions: [RV5] = 500 mg l-1; [H2O2] = 0-2.5 mM and [Fe2+] = 0-

0.25 mM (molar ratio between H2O2 and Fe2+ was kept at 10:1); temperature = 24 °C; initial pH = 5.0. Data 

represent the mean of two experiments. Standard error of mean is plotted but not visible due to low error values. 

 

4.3.2 Microbial decolorization of Reactive Violet 5 using activated sludge 

After 168 h of incubation, batch culture tests containing activated sludge decolorized 14.2 to 

43.9 % of the RV5 containing solution, depending on the amount of RV5 added (Figure 4.4). 

The results further suggest that color removal will continue to occur after seven days of 

incubation as the decolorization did not reach saturation (Figure 4.4), especially for the test 

concentrations < 500 mg l-1. As can be observed from Figure 4.4, the activated sludge samples 

first entered an adaptation period of approximately 24 hours, after which an increase in 

decolorization rate is recorded. However, it should be noted that the test medium contained a 

relatively high glucose concentration (5.0 g), which may have influenced the degradation of 

RV5 during activated sludge treatment, as glucose has the potential to act as an electron donor 

(Modi et al. 2010). Further investigation using a large variation in glucose concentrations is 

required to examine the precise influence of glucose on the decolorization kinetics. The effects 

of different carbon sources on decolorization of reactive azo dyes is further investigated in 

Chapter 5. 
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Figure 4.4 Decolorization of a Reactive Violet 5 (RV5) aqueous solution by activated sludge during a period of 

seven days. Experimental conditions: [RV5] = 100-500 mg l-1; temperature = 20 °C; incubation at 150 rpm; 

activated sludge end concentration = 1 g l-1. Treatments without activated sludge were included as a control 

(“Blank”) and showed no spontaneous color degradation at any of the dye concentrations tested. Data represent 

the mean of two experiments. Error bars represent standard error of mean. 

 

4.3.3 A combination of Fenton’s reagent and activated sludge performs better than a 

single chemical and single activated sludge treatment for decolorization of Reactive Violet 

5 

Although H2O2 concentration of 2.5 mM could almost completely decolorize an initial RV5 

concentration of 500 mg l-1, a major drawback of such approach is the cost involved in using 

higher peroxide concentrations. Therefore, to reduce the operating costs inherent to an AOP 

treatment, the next step of this study was to investigate the capacity of a combination of 

Fenton’s reagent with an activated sludge treatment to efficiently decolorize the RV5 dye at a 

concentration of 500 mg l-1 (Figure 4.5). First, Fenton’s reagent was used to oxidize RV5 during 

60 min at different H2O2 concentrations (molar ratio H2O2/Fe2+ = 10:1). Afterwards, each 

Fenton-treated solution was inoculated with activated sludge for further RV5 color removal.  
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Figure 4.5 Decolorization of a Reactive Violet (RV5) aqueous solution with a combined Fenton’s reagent (reaction 

time of 60 min) – activated sludge (AS) process (incubation of 7 days) (solid lines). As a reference results of the 

corresponding chemical and biological treatments alone are presented (dashed lines). Experimental conditions: 

[RV5] = 500 mg l-1; [H2O2] = 1.0-2.0 mM and [Fe2+] = 0.10-0.20 mM (molar ratio between H2O2 and Fe2+ was 

kept at 10:1); temperature = 20 °C; sludge incubation at 150 rpm; activated sludge end concentration = 1 g l-1. Data 

represent the mean of two experiments. Error bars represent standard error of mean but are not visible for all points 

due to low error values. The inset shows the results from the Fenton pretreatment in detail. At the end of the 

treatment, all treatments differed significantly (ANOVA; p < 0.05). 

The combined Fenton – activated sludge treatment performed significantly better than 

the single chemical (pairwise comparisons; p = 6.03E-03, p = 1.65E-03, and p = 1.69E-03 for 

a H2O2 concentration of 1.0, 1.5 and 2.0 mM, respectively) and single activated sludge treatment 

(pairwise comparisons; p = 7.22E-03, p = 4.73E-03, and p = 4.47E-03 for a H2O2 concentration 

of 1.0, 1.5 and 2.0 mM, respectively). After 60 min, the Fenton treatment removed 52.9, 83.9 

and 91.3 % of the color when a H2O2 concentration of 1.0, 1.5, and 2.0 mM was used, 

respectively (Figure 4.5, inset). Whereas the curves for the 1.5 and 2.0 mM H2O2 treatment 
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were almost identical to the ones obtained in the previous experiment, curve shapes were 

different for the 1.0 mM treatment across both experiments (Figure 4.3 vs. Figure 4.5), most 

probably due to different experimental conditions (e.g., different reagent solutions were used). 

No residual H2O2 was found at the end of the Fenton reaction (determined using Macherey-

Nagel H2O2 Quantofix test trips and a Quantofix Relax semi-automated reader (Düren, NRW, 

Germany)) to adversely affect the biological treatment and formation of ferric-based sludge was 

almost neglible. Through subsequent activated sludge treatment, microbial decolorization 

removed 70.2 % (± 0.5 (SE)) of the remaining RV5 concentration, on average (across the 

different treatments) (Figure 4.5). Compared to application of the Fenton’s reagent alone, the 

combination of methods enabled 33.2, 11.1 and 6.2 % more dye decolorization at the end of the 

experiment at a H2O2 concentration of 1.0, 1.5, and 2.0 mM, respectively (Figure 4.5). When 

compared to the biological treatment alone (Figure 4.5), 71.9, 80.8 and 83.3 % more 

decolorization was obtained using the combination of methods, respectively. The total amount 

of dye removed after the combined treatment was the highest for the 2.0 mM H2O2 treatment 

(97.5 %), as opposed to 95.0 and 86.1 % for the 1.5 and 1.0 mM H2O2 treatment (Figure 4.5). 

It can be expected that the differences in remaining dye concentrations at the end of the 

experiment are caused by the different H2O2 concentrations that have been used during the 

chemical pretreatment. As can be seen from Figure 4.3 and the inset of Figure 4.5, different 

H2O2 concentrations in the pretreatment will lead to different dye concentrations at the end of 

the pretreatment that subsequently can be used in the biological treatment. Furthermore, 

different start concentrations in the biological treatment lead to different dye concentrations at 

the end of the experiment (Figure 4.4), explaining the observations seen in the combined 

treatment. 

Compared to the experiments where only activated sludge was used, no apparent lag 

phase was detected when the chemical and biological method were combined (Figure 4.4 and 

4.5), suggesting that the dye compounds have been partially degraded to compounds readily 

usable by the sludge microbes. Previous research has shown that Fenton’s treatment is not only 

effective for decolorization of dyes (removal of the –N=N– bond) but also for partial 

degradation of aromatic amines (measured as COD removal) (Lucas et al. 2007; Tantak & 

Chaudhari 2006; Lodha & Chaudhari 2007). Indeed, for example, when applying a H2O2 

concentration of 1.0 mM, the RV5 dye concentration dropped to 235.3 mg l-1 after 60 min. 

Further activated sludge decolorization reduced the dye concentration to 69.5 mg l-1, resulting 

in a total decolorization of 86.1 %. In contrast, when activated sludge was directly subjected to 

a similar dye concentration of 200 mg l-1 only 33.3 % was removed, leaving a residual dye 



 

95 

 

 

concentration of 133.3 mg l-1 (Figure 4.4). Furthermore, it is reasonable to assume that the 

Fenton’s treatment has increased the O2 concentration in the test medium (Neyens & Baeyens 

2003), which may also have contributed to the change in lag phase.  

 

4.3.4 Microbial community composition of activated sludge changes when exposed to 

Reactive Violet 5 

As our experiments were performed with activated sludge from a WWTP treating municipal 

wastewater (mostly from domestic activities) rather than textile industry wastewater it is 

reasonable to predict that the activated sludge microbial community would change after 

exposure to toxic compounds like azo dyes. To test this hypothesis, both bacterial and fungal 

community compositions were assessed for a number of samples, including the original 

activated sludge samples used in this study (after 1 hour of aeration and settling in the lab), two 

sludge samples taken after seven days of incubation in RV5 solution (100 mg l-1 and 500 mg l-

1), and three samples taken following a combination of a Fenton (H2O2 concentration of 1.0, 

1.5, and 2.0 mM) and an activated sludge treatment. In total, 237 bacterial OTUs and 195 fungal 

OTUs were detected in the samples studied, global singletons and aspecific fragments excluded 

(Table S4.3 and S4.4, Supplementary Information). NMDS ordination of the microbial 

community composition revealed that the community composition changed after seven days of 

exposure to RV5 when compared to the original situation (Figure 4.6). It has to be noted, 

however, that including another measurement of the activated sludge without dyes at day 7 

would have represented a better reference, but such samples were not included. While the 

bacterial communities appeared to be more diverse (more scatter on the plot), fungal 

communities diverged into two separate groups, each represented by a different experiment 

(biological treatment versus chemical-biological treatment) (Figure 4.6). Likewise, exposure to 

RV5 dramatically reduced the number of OTUs recovered from the samples (Table 4.1). Indeed, 

when zooming in at the taxonomic composition of the communities and the relative abundance 

of their most abundant members, it is clear that the communities changed from diverse 

communities into less diverse communities (Figure 4.6), which may also explain the observed 

lag-phase before actually starting with dye removal (Figure 4.4).  
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Figure 4.6 Non-metric multidimensional scaling (NMDS) ordination of the bacterial (A) and fungal (B) communities, together with the relative distribution of their Operational 

Taxonomic Units (OTUs) (C and D) (OTUs with a total relative abundance of less than 1 % are classified as “others”) in activated sludge samples taken before and after exposure 

to a Reactive Violet (RV5) aqueous solution. OTUs were assigned taxonomic identities to the highest accurate taxonomic rank possible. Samples represent activated sludge 

communities which have been exposed to RV5 containing water (500 mg l-1; 7 days of incubation) that has been treated with Fenton’s reagent ([H2O2] = 1.0, 1.5 or 2.0 mM and 

[Fe2+] = 0.1, 0.15 or 0.2 mM (molar ratio between H2O2 and Fe2+ was kept at 10:1); 60 min), communities that have been exposed to RV5 containing water (100 mg l-1or 500 

mg l-1) which has not been chemically treated and communities that were present in the activated sludge before the start of the experiment. Sample identifiers “X_y_z” contain 

information about their origin: X: C = combination of chemical and microbial treatment, M = microbial treatment only; y = [RV5] (mg l-1); and z = [H2O2] (mM). nMDS 

constructs a 'map' on which 'similar' samples cluster closely together and 'dissimilar' samples plot far apart: the greater the distance between two data points, the more dissimilar 

the samples (here the microbial community composition of the activated sludge samples). Stress values of the NMDS analyses were low due to the low number of samples 

analyzed. 
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Table 4.1 Microbial community diversity indices for the activated sludge samples investigated in this study.  

Samplea 
Bacteria   Fungi 

Sobsb Chao1 Coverage [%]c Aced Shannone   Sobsb Chao1 Coverage [%]c Aced Shannone 

C_0_0 159 183.12 86.83 187.88 4.53  152 157.44 96.54 159.77 3.22 

C_500_1.0 95 166.50 57.40 165.27 2.83  29 36.20 80.11 46.93 1.39 

C_500_1.5 37 43.50 40.22 45.35 2.25  28 31.50 88.89 35.02 1.25 

C_500_2.0 N.D. N.D. N.D. N.D. N.D.  21 35.00 60.00 56.89 1.10 

M_0_0 158 175.03 90.27 178.77 4.68  108 123.62 87.37 130.51 2.36 

M_100_0 41 54.00 75.93 65.51 2.20  35 53.33 65.63 47.08 2.03 

M_500_0 12 12.00 100.00 12.00 0.94   48 50.10 95.81 51.79 2.27 

a Sample identifiers “X_y_z” contain information about their origin: X: C = combination of chemical and microbial treatment, M = microbial treatment only; y = [RV5] 

(mg/l); and z = [H2O2] (mM). 

b Observed richness. 

c Observed richness/Chao estimate * 100. 

d Abundance-based coverage estimator. 

e Shannon-Wiener diversity index. 

N.D., not determined due to too few sequences. 
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Further investigation of the most abundant OTUs revealed that some of them are known 

for their decolorizing ability. For example, Trichosporon species, which were abundantly 

present in the activated sludge samples exposed to RV5 (Figure 4.6; Table S4.4, Supplementary 

Information), have been identified as azo dye reducing yeasts, most probably performed by 

reductive reactions through an NADH-dependent reductase and azoreductase (Saratale et al. 

2009c). Furthermore, the fungal genus Aspergillus, representing another abundant genus in our 

data set (Figure 4.6; Table S4.4, Supplementary Information), contains different species known 

for their decolorizing ability (Parshetti et al. 2007; Ali et al. 2008). Further, several of the most 

abundant bacteria in the activated sludge samples after exposure to RV5, such as Acidocella, 

Acidithiobacillus and Streptococcus, contain azo dye reducing abilities (Stolz 2001; Ito et al. 

2016). Further, Clostridium represented an important OTU in the dye exposure experiments 

(Figure 4.6; Table S4.3, Supplementary Information). Several Clostridium species have been 

identified as degraders of toxic compounds, such as chlorinated aliphatic compounds, ethylene 

and toluene compounds, as well as some herbicides. Additionally, azo dye reducing abilities 

have been identified in Clostridium (Rafii et al. 1990; Joe et al. 2008). Altogether, it is clear 

from our results that the microbial communities in the activated sludge samples swiftly shifted 

from diverse communities towards less diverse communities adapted to the new situation (as 

was also observed by the presence of such adapted species in activated sludge samples of textile 

WWTPs (see Chapter 3 or Meerbergen et al. 2017b)), which were able to withstand possible 

toxicity of the azo dye and degrade it over a test period of seven days. Further research could 

aim at the isolation and characterization of these key players in the community that may be 

exploited for enhanced purification of textile wastewaters, e.g., after inoculation in activated 

sludge processes combined with a Fenton treatment, or in a combined treatment between a 

Fenton’s reagent and the microorganism itself, as described by Lucas et al. (2007). For such 

study, the reader is referred to Chapter 5. 

 

Altogether, we have shown that RV5 color removal was significantly higher when a 

combination of Fenton treatment and activated sludge were used, as opposed to each method 

applied separately. Pretreatment with Fenton’s reagent significantly improved biological RV5 

removal by making the dye compound more amenable for the biological treatment. 

Furthermore, it has been shown that the Fenton oxidation process is able to degrade the 

intermediate aromatic amines as well (Tantak & Chaudhari 2006; Lodha & Chaudhari 2007). 

Subsequent biological treatment further enhanced decolorization and COD removal. However, 

it should be noted that these results were obtained for simple water solutions and further 
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research is needed with industrial textile effluents (see Chapter 6 for further discussion). Such 

effluents generally represent more complex solutions, due to higher organic loads and matrix 

effects of various additives and multiple dyes, which may impact the decolorization efficacy of 

the chemical and/or biological treatments applied. Furthermore, our data suggest that microbial 

communities that are exposed to recalcitrant azo dyes shift from diverse towards less diverse 

communities harboring taxa with azo dye-degrading activity.  
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CHAPTER 5: ISOLATION AND SCREENING OF 

BACTERIAL ISOLATES FROM WASTEWATER 

TREATMENT PLANTS TO DECOLORIZE AZO DYES* 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

* This chapter is based on the following publication: 

Meerbergen, K., Willems, K. A., Dewil, R., Van Impe, J., Appels, L., & Lievens, B. (2017). 

Isolation and screening of bacterial isolates from wastewater treatment plants to decolorize azo 

dyes. Journal of Bioscience and Bioengineering, 10.1016/j.jbiosc.2017.11.008. 
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5.1 Introduction 

Environmental pollution caused by the release of dye-containing wastewaters, e.g., from textile 

and printing processes, dry cleaning and tanneries, the food industry, and paint and varnish 

industries, is a serious problem in present days (Zollinger 2003). Reduced water clarity not only 

makes the water aesthetically less pleasing, it also leads to a reduction in gas solubility and 

decreases the amount of sunlight penetrating the water, thereby affecting photosynthesis and 

entire aquatic ecosystems (Vandevivere et al. 1998). In addition, the discharge of dye-

containing effluents into water resources like rivers, ponds and lakes alters the pH and increases 

biological oxygen demand (BOD), chemical oxygen demand (COD) and total organic carbon 

(TOC) (Lade et al. 2012). Further, some synthetic dyes such as azo dyes, i.e. dyes characterized 

by at least one nitrogen to nitrogen double bond (-N=N-), and their degradation products are 

toxic, carcinogenic and/or mutagenic, leading to potential hazards to human and environmental 

health (Spadaro et al. 1992). Azo dyes are commonly used in the food, pharmaceutical and 

textile industry, and account for approximately 50 % of all known dyes produced annually 

(Carliell et al. 1995; Bae & Freeman 2007; Kusic et al. 2011). Therefore, azo dyes are the most 

common synthetic colorants massively released into the environment (Chang et al. 2004; Zhao 

& Hardin 2007; Saratale et al. 2009b). 

 Various methods have been proposed for dye removal from wastewater effluents, 

including adsorption, coagulation, precipitation, filtration, electrochemical oxidation and 

chemical oxidation (de Souza et al. 2010; Saratale et al. 2011; for an overview see Chapter 1). 

However, many of these methods have important drawbacks of being economically unfeasible 

or are unable to adequately remove or degrade the dyes and/or their degradation products (Banat 

et al. 1996). Additionally, excessive use of chemicals produces large amounts of sludge causing 

additional waste streams, or may lead to secondary pollution (Anjaneyulu et al. 2005). 

Therefore, there is a need for more effective and cheaper ways of treating colored wastewaters. 

Biological treatment methods based on microbial or enzymatic activities are a promising 

alternative to decolorize dye-contaminated wastewaters (Rai et al. 2005), and may take place 

by an anaerobic and/or aerobic process (Van der Zee & Villaverde 2005; Chapter 1). They are 

relatively cheap, effective and less energy intensive. Additionally, these methods are 

environmentally friendly and can yield end products that are stable and non-toxic. Furthermore, 

compared to physicochemical methods, less sludge is produced (Banat et al. 1996; Rai et al. 

2005).  
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The effectiveness of microbial decolorization strongly depends on the adaptability and 

activity of the selected microorganisms. As a result, a large number of microbial species has 

been tested for the decolorization and mineralization (COD removal) of various dyes in recent 

years, including bacteria, fungi, yeasts and algae (Pandey et al. 2007; Saratale et al. 2011; Solís 

et al. 2012; Khan et al. 2013). Decolorization by fungi is mainly attributed to adsorption rather 

than degradation, which, together with slow fungal growth, often results in low decolorization 

efficiency (Robinson et al. 2001). In contrast, bacteria can achieve a higher degree of 

degradation and even complete mineralization of dyes under optimum conditions (Nigam et al. 

1996; Kalyani et al. 2009). Azo dye decolorizing bacteria have been isolated from diverse 

habitats, including soil, water, colored effluents, human/animal excreta, and contaminated food 

materials (Rafii et al. 1990; Pandey et al. 2007; Modi et al. 2010; Jain et al. 2012). Additionally, 

azo dye reducing bacteria have been isolated from activated sludge wastewater treatment plants 

(WWTPs) (Xu et al. 2005a; Khalid et al. 2008a; Wu et al. 2009). Their abundant presence in 

activated sludge systems has also been suggested through culture-independent microbial 

community analysis of activated sludge used for the biological treatment of dye-contaminated 

wastewater (Meerbergen et al. 2017a, 2017b; Chapter 3 and 4). In these habitats, a highly 

adapted bacterial community harboring several taxa with presumed decolorization activity was 

found, illustrating the potential to find novel azo dye decolorizing bacteria within such systems 

(Meerbergen et al. 2017a, 2017b; Chapter 3 and 4). One of the main limitations of the dye 

decolorizing microorganisms available so far is that most likely are not able to maintain 

proliferation or viability as well as enzyme activity in the various specific environmental 

conditions to which they are subjected, especially if these represent harsh conditions such as 

those in textile wastewater. Therefore, the aim of this study was to isolate and characterize 

bacterial strains that are capable of decolorizing and/or degrading azo dyes from activated 

sludge systems treating (textile) wastewater. One hundred twenty-five isolates were screened 

for their ability to decolorize azo dyes, of which the five most promising strains were used to 

investigate the influence of various environmental parameters on decolorization ability. 

Furthermore, UV-VIS spectrophotometry was used to investigate whether the the dyes were 

also mineralized. Experiments were performed using single strains as experiments with 

microbial consortia (generally) not allow unequivocal interpretation of the results and often lack 

reproducibility. By contrast, the use of pure cultures ensures reproducible data and makes the 

interpretation of experimental observations easier (Singh & Arora 2011). In particular, we 

aimed to identify bacteria that show great potential for the treatment of azo dye containing 
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industrial wastewaters under existing operating conditions (i.e. variable temperature, pH, dye 

and salt concentration).  

 

5.2 Materials and methods 

5.2.1 Sampling, bacterial isolation and identification 

Activated sludge samples were taken in August 2016 from two well-operating WWTPs located 

in Flanders, Belgium. These included a WWTP treating colored textile wastewaters and a 

municipal WWTP that predominantly treats domestic wastewater. Following aeration of 1 h, 

10 ml of the activated sludge samples were inoculated in duplicate in 250 ml Erlenmeyer flasks 

containing 100 ml Tryptic Soy Broth (Sigma-Aldrich, Saint Louis, MO, USA) with high salt 

concentration (composition final medium: 15.0 g l-1 pancreatic digest of casein, 5.0 g l-1 

enzymatic digest of soybean, 40.5 g l-1 NaCl, 9.8 g l-1 MgSO4.7H2O, 3.5 g l-1 MgCl2 and 1.0 g 

l-1 KCl) or 100 ml minimal medium containing reactive azo dye as sole carbon source (1.0 g l-

1 (NH4)2SO4, 1.0 g l-1 KH2PO4, 0.5 g l-1 MgSO4.7H2O, 0.1 g l-1 CaCl2.2H2O and 0.1 g l-1 of a 

mixture of the mono azo dye Reactive Orange 16 (RO16) and the diazo dye Reactive Green 19 

(RG19) (Sigma-Aldrich)). Flasks were incubated at 30 °C for 48 h under shaking conditions 

(120 rpm). Subsequently, for each flask, a 10-fold serial dilution (from 10-1 to 10-4) was plated 

in duplicate on Tryptic Soy Agar (Sigma-Aldrich), and incubated at 30 °C for 48 h. 

Subsequently, for each countable plate (< 300 colonies), bacterial colonies with distinct 

morphology were picked up and purified by two subculturing steps on the same medium. In 

total, 125 colonies were selected for purification. Isolates were identified by amplifying and 

sequencing part of the small subunit ribosomal RNA (rRNA) gene as described previously 

(Jacquemyn et al. 2013). Obtained sequences were compared with available sequence data in 

the Silva database (v. 123), manually curated to include organisms previously observed in 

activated sludge (Midas 2.0; McIlroy et al. 2015). Furthermore, for the five strains that were 

retained after screening the collection’s decolorizing ability (see further), identifications were 

refined through sequence comparison with available sequences in the EZ-taxon database (Yoon 

et al. 2017) and the nucleotide database in GenBank (excluding uncultured bacteria, unclassified 

sequences and environmental samples) (Benson et al. 2012). Additionally, for the Acinetobacter 

strains retained part of the rpoB gene (encoding the RNA polymerase β-subunit) was amplified 

and sequenced as described previously (La Scola et al. 2006). Sequence data for all the strains 

studied (both 16S rRNA and rpoB sequence data) have been deposited in GenBank under the 

Accession Numbers MF787616 - MF787740 (16S rRNA gene sequences) and MF787939 - 
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MF787941 (rpoB sequences). All isolates were preserved at -80 °C in Nutrient Broth (NB) 

(Sigma-Aldrich) containing 25 % glycerol. 

 

5.2.2 Screening azo dye decolorizing bacterial isolates 

All isolates were screened for their ability to decolorize azo dyes. More particularly, strains 

were subjected to two azo dyes (one at the time) that are widely used in the dyeing industry, 

including Reactive Orange 16 (RO16; λmax 494 nm) and Reactive Green 19 (RG19; λmax 630 

nm) (dyes obtained from Sigma-Aldrich) (Figure 5.1). Additionally, both dyes were chosen as 

they represent different classes of azo dyes, including monoazo (RO16) and diazo dyes (RG19), 

having one and two nitrogen-to-nitrogen double bonds, respectively (Figure 5.1). As a result, 

this allowed us to compare the azo dye decolorizing activity of the strains for both classes of 

dyes, and identify strains with a broad decolorizing activity. Compared to our previous work on 

azo dyes (Meerbergen et al. 2017a; Chapter 4), Reactive Violet 5 (RV5; λmax 530 nm) was not 

included in the experiments as this product was discontinued for purchase at the supplier’s 

website. However, RV5 and RO16 show a highly similar structure (see Figure 4.1 and Figure 

5.1), suggesting that results obtained for RO16 can most likely be extrapolated to RV5. Further, 

Paenibacillus azoreducens LMG 21668, which is well known for its azo dye reducing abilities 

(Meehan et al. 2001), was included as a reference for proper decolorization. Prior to screening, 

preserved isolates were recultured twice on Nutrient Agar (Sigma-Aldrich) for 48 h at 30 °C, 

and subsequently inoculated in NB and incubated for 24 h at 30 °C. Next, a 10 % (v/v) aliquot 

(20 µl) of each isolate (optical density (OD) of 0.6 at 600 nm) was inoculated in duplicate in 

the wells of a 96 well microtiter plate (Lucas et al. 2008), each containing 180 µl sterile test 

solution (pH 7.0), consisting of Mineral Salt Medium (MSM; 1.6 g l-1 K2HPO4, 0.2 g l-1 

KH2PO4, 1.0 g l-1 (NH4)2SO4, 0.1 g l-1 NaCl, 0.2 g l-1 MgSO4.7H2O, 0.01 g l-1 FeSO4.7H2O and 

0.02 g l-1 CaCl2.2H2O) supplemented with 100 mg l-1 filter-sterilized azo dye, 3.0 g l-1 glucose 

and 1.0 g l-1 yeast extract as described previously (Franciscon et al. 2012). In order to prevent 

evaporation outer wells were filled with sterile water (200 µl per well) and remained 

uninoculated. Furthermore, each plate contained two wells that were not inoculated but 

contained only the test solution as a control. Plates were covered with gas-permeable sealing 

films (Diversified Biotech, Dedham, MA, USA), incubated under static conditions for 72 h at 

30 °C and subsequently visually scored for decolorization. 
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Figure 5.1 Chemical structure of the monoazo dye Reactive Orange 16 (A) and the diazo dye Reactive Green 19 

(B). 

 For the five strains that most effectively removed color, Erlenmeyer experiments (in 

duplicate) were performed to confirm their azo dye decolorizing ability in a larger volume as 

well as to assess differences in their rate of decolorization. To this end, 250 ml Erlenmeyer 

flasks filled with 47.5 ml of the same test medium mentioned above were inoculated with 2.5 

ml bacterial inoculum of an overnight NB culture (OD of 0.6 at 600 nm), and incubated at 30 

°C under static conditions for 72 h. At the start of the experiment, as well as after 6 h, 24 h, 48 

h and 72 h, 1.2-ml subsamples were taken from each Erlenmeyer and centrifuged (6000 rpm; 5 

min) to remove cells and determine color removal by using spectrophotometry. Absorbance 

readings on the cell-free supernatants were performed at the visual maximum peak wavelength 

of the dyes tested (494 nm for RO16; 630 nm for RG19) in semi-micro polysterene cuvettes 

(Brand, Wertheim, Germany) using a Multiskan GO Microplate Spectrophotometer (Thermo 

Fisher Scientific, Waltham, MA, USA). Uninoculated medium (MSM medium supplemented 

with 3.0 g l-1 glucose and 1.0 g l-1 yeast extract) without azo dye was used as a blank solution 

to calibrate the spectrophotometer. Decolorization capacity (%) was then calculated as follows: 
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Decolorization capacity (%) = 
Initial absorbance – Final absorbance

Initial absorbance
 x 100 

 

Again, P. azoreducens LMG 21668 was included as a reference. Furthermore, uninoculated 

media were incubated under the same conditions to check for potential contamination or abiotic 

decolorization (which was never observed throughout our experiments). In order to assess strain 

differences, first data were analysed using a repeated measures analysis of variance (ANOVA) 

with the bacterial strain as fixed factor and decolorization in time as dependent variable. Next, 

a Tukey HSD (honest significant difference) post hoc test was performed to investigate which 

strains performed significantly better than others in terms of decolorization capacity in a 3-day 

incubation period. While ANOVA tells us whether there are statistically significant differences 

between groups (in this case “strains”), the procedure does not, in and of itself, tell us which 

specific groups are actually different when there are more than two groups. Therefore, to 

determine which groups significantly differ from each other, post hoc comparisons such as the 

Tukey HSD post hoc test are used. 

 

5.2.3 Impact of physicochemical parameters 

The potential of the five retained bacterial isolates to decolorize azo dyes was further 

investigated using the microplate-based assay described earlier by varying different 

environmental factors. First, the effect of different carbon sources was investigated by 

supplementing the azo dye-containing (100 mg l-1) MSM medium with 1.0 g l-1 yeast extract 

and one of six different carbon sources at a concentration of 3.0 g l-1 (glucose, lactose, maltose, 

mannitol, sucrose and xylose). To study the effect of different nitrogen sources, the dye-

containing MSM medium was supplemented with 3.0 g l-1 glucose and one of three organic 

(yeast extract, peptone and ureum) or one of three inorganic nitrogen sources (NH4Cl, NH4NO3 

and (NH4)2SO4) at a concentration of 1.0 g l-1 (all tested carbon and nitrogen sources were 

obtained from Sigma-Aldrich). Instead of testing these compounds at the same concentration 

(as often done in the literature (see for example Moosvi et al. 2007; Modi et al. 2010; Mahmood 

et al. 2011), another option would have been to compare effects at identical molecular weights, 

which may lead to different conclusions. Further, the effect of temperature (10, 20, 30 and 40 

°C), pH (4, 7 and 10), dye concentration (100, 250 and 500 mg l-1) and additional salt 

concentration (2, 4 and 6 % NaCl) on the decolorization ability of the isolates was evaluated 

using the conditions mentioned above (see 5.2.2) with exception of the investigated parameter. 
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For all treatments, after 72 h of static incubation decolorization percentage was determined as 

described above. To this end, plates were centrifuged (2,500 rpm; 2 min) and dye decolorization 

capacity was determined by measuring the supernatant absorbance at the visual maximum peak 

wavelengths for both tested dyes (see above). All experiments were performed in duplicate, and 

in all experiments non-inoculated negative controls as well as a positive control (P. azoreducens 

(LMG 21668)) were included. Differences in decolorization were analyzed using ANOVA with 

environmental parameter or strain as fixed factor and decolorization as dependent variable. 

Additionally, a Tukey HSD post hoc test was performed to investigate differences between 

strains and between the different conditions tested.  

 

5.2.4 Analysis of dye decolorization and degradation 

In order to study the decolorization and degradation process, degradation products formed by 

the selected isolates (including reference isolate P. azoreducens LMG 21668) were examined 

by following the change in the UV-VIS spectra (300 to 800 nm) using a UV-VIS 

spectrophotometer (Multiskan Go Microplate Spectrophotometer, Thermo Fisher Scientific). 

Experiments were performed in larger test volumes of 50 ml in 250 ml Erlenmeyer flasks (see 

5.2.2). Uninoculated media were incubated under similar conditions to check for potential 

abiotic decolorization and degradation of the dyes. UV-VIS spectra were recorded at the start 

of the experiment, after 6 h and every 24 h for a total of 3 days. 

 

5.3 Results and discussion 

5.3.1 Isolation, identification and screening of potential azo dye decolorizing bacteria 

Plating of the activated sludge samples resulted in a collection of 125 bacterial isolates that 

were used in this study (~50 % from textile WWTP; ~50 % from municipal WWTP). Isolates 

belonged to four different phyla and nineteen families (Table S5.1, Supplementary 

Information). The majority of isolates were members of the Proteobacteria phylum (49.6 %), 

followed by Firmicutes (34.4 %), Actinobacteria (12.0 %) and Bacteroidetes (4.0 %), covering 

phyla that are commonly described in activated sludge samples from textile and municipal 

WWTPs (Chapter 3; Hu et al. 2012; Wang et al. 2012a; Zhang et al. 2012; Yang et al. 2014; 

Zhao et al. 2014; Wei et al. 2015; Meerbergen et al. 2017b). Among these isolates, after 72 h 

of static incubation at 30 °C, five isolates were identified that had comparable decolorization 

abilities with the reference strain when tested with a microplate screening method (Table S5.1, 
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Supplementary Information). One of the most important advantages of microtiter-based 

screening methods over more conventional screening methods using Petri dishes or test tubes 

is the ability to screen a huge number of strains under a significant number of conditions in a 

very fast, efficient and cost-effective way (Lucas et al. 2008). Based on 16S rRNA gene 

sequencing, three out of these five strains were assigned to Acinetobacter (Proteobacteria; 

Moraxellaceae; strains ST16.16/164, ST16.16/165 and ST16.16/166), one strain to Klebsiella 

(quasi)pneumoniae (Proteobacteria; Enterobacteriaceae; ST16.16/034; 99.6 % sequence 

identity with the type strains of K. pneumoniae (DSM 30104) and K. quasipneumoniae 

(01A030)) and one to Pseudomonas aeruginosa (Proteobacteria; Pseudomonadaceae; 

ST16.16/140; 99.9 % sequence identity with the P. aeruginosa type strain (JCM 5962)) (Table 

5.1). In a previous study using a culture-independent molecular method, all three genera were 

detected in the activated sludge of textile and municipal WWTPs, albeit at low relative 

abundance (ranging from 0-2.1%, 0-1.8 % and 0-0.2 % per sample for Acinetobacter, 

Pseudomonas and Klebsiella, respectively) (Chapter 3; Meerbergen et al. 2017b). Acinetobacter 

and Pseudomonas were detected in both textile and municipal WWTPs, whereas Klebsiella was 

solely detected in a WWTP receiving and processing both textile and municipal wastewater. In 

order to increase the accuracy of our Acinetobacter identifications, part of the rpoB gene, which 

is more informative than the 16S rRNA gene to distinguish Acinetobacter species (Gundi et al. 

2009), was amplified and sequenced. Phylogenetic analysis with all validly named 

Acinetobacter species (type strains of 63 species) revealed that the three strains obtained in this 

study clustered tightly together in a single group, basal to Acinetobacter johnsonii as its closest 

relative (Figure 5.2). RpoB sequences showed < 96 % sequence similarity with A. johnsonii (on 

a total of 738 bp), which is below the commonly accepted limit of 97 % for species delineation 

(Gundi et al. 2009), suggesting a possible new species.  
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Table 5.1 Bacterial isolates retained in this studya.  

Strain 

(GenBank 

Accession N°) 

Phylogenetic affiliation based on 16S rRNA gene sequencing  

Eztaxon Genbank 

Closest match to type strains 

(Accession N° ) 

Sequence identity 

(%) 

Closest match to identified species 

(Accession N°) 

Sequence identity 

(%) 
E-value Score 

ST16.16/034 

(MF787616) 

Klebsiella pneumoniae (AJJI01000018) 794/797 (99.6) Klebsiella pneumoniae (KY788338.1) 795/797 (99.8) 0.0 1521.0 

Klebsiella quasipneumoniae (HG933296) 791/794 (99.6) Klebsiella quasipneumoniae (KY317925.1) 795/797 (99.8) 0.0 1521.0 
 

Klebsiella variicola (CP010523) 793/797 (99.5) Klebsiella variicola (KJ123838.1) 795/797 (99.8) 0.0 1521.0 
 

Enterobacter cloacae (Z96079) 790/797 (99.1) Enterobacter cloacae (JX514420.1) 795/797 (99.8) 0.0 1521.0 
 

Klebsiella singaporensis (AF250285) 704/711 (99.0) Providencia rettgeti (GU049676.1) 795/797 (99.8) 0.0 1521.0 

ST16.16/140  

(MF787726) 

Pseudomonas aeruginosa (BAMA01000316) 1382/1382 (100.0) Pseudomonas aeruginosa (MF370906.1) 1382/1382 (100.0) 0.0 2657.0 

Pseudomonas otitidis (AY953147) 1362/1382 (98.6) Pseudomonas otitidis (JX133237.1) 1381/1382 (99.9) 0.0 2652.0 
 

Pseudomonas alcaligenes (BATI01000076) 1348/1382 (97.5) Pseudomonas fluorescens(HQ907732.1) 1381/1382 (99.9) 0.0 2652.0 
 

Pseudomonas resinovorans (Z76668) 1336/1375 (97.2) Pseudomonas thermaerum (AB088116.1) 1381/1382 (99.9) 0.0 2652.0 
 

Pseudomonas indoloxydans(DQ916277) 1342/1382 (97.1) Pseudomonas putida(KJ960183.1) 1378/1381 (99.8) 0.0 2609.0 

ST16.16/164 

(MF787737) 

Acinetobacter gyllenbergii(ATGG01000001) 1349/1374 (98.2) Acinetobacter beijerinckii (KU308266.1) 1326/1327 (99.9) 0.0 2536.0 

Acinetobacter oryzae(GU954428) 1348/1344 (98.1) Acinetobacter haemolyticus (KJ806397.1) 1332/1343 (99.2) 0.0 2509.0 
 

Acinetobacter johnsonii (APON01000005) 1347/1374 (98.0) Acinetobacter guillouiae (KF873017.1) 1350/1375 (98.2) 0.0 2490.0 
 

Acinetobacter beijerinckii(APQL01000005) 1346/1374 (98.0) Acinetobacter bouvetii (KY786288.1) 1347/1375 (98.0) 0.0 2480.0 
 

Acinetobacter bouvetii(APQD01000004) 1346/1374 (98.0) Acinetobacter calcoaceticus (AB680365.1) 1345/1372 (98.0) 0.0 2473.0 

ST16.16/165 

(MF787738) 

 

 

 

 

Acinetobacter johnsonii (APON01000005) 1350/1375 (98.2) Acinetobacter beijerinckii (KU308266.1) 1326/1327 (99.9) 0.0 2546.0 

Acinetobacter oryzae (GU954428) 1349/1375 (98.1) Acinetobacter haemolyticus (KJ806397.1) 1332/1343 (99.2) 0.0 2519.0 

Acinetobacter gyllenbergii(ATGG01000001) 1348/1375 (98.0) Acinetobacter guillouiae (KF873017.1) 1351/1375 (98.3) 0.0 2505.0 

Acinetobacter guillouiae (APOS01000028) 1347/1375 (98.0) Acinetobacter bouvetii (KY786288.1) 1348/1375 (98.0) 0.0 2496.0 

Acinetobacter beijerinckii(APQL01000005) 1347/1375 (98.0) Acinetobacter calcoaceticus (AB680365.1) 1344/1372 (98.0) 0.0 2477.0 
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Strain 

(GenBank 

Accession N°) 

Phylogenetic affiliation based on 16S rRNA gene sequencing  

Eztaxon Genbank 

Closest match to type strains  

(Accession N° ) 

Sequence identity   

(%) 

Closest match to identified species 

(Accession N°) 

Sequence identity 

(%) 
E-value Score 

ST16.16/166 Acinetobacter johnsonii (APON01000005) 1350/1375 (98.2) Acinetobacter beijerinckii (KU308266.1) 99.9 (1326/1327) 0.0 2546.0 

(MF787739) Acinetobacter oryzae (GU954428) 1349/1375 (98.1) Acinetobacter haemolyticus (KJ806397.1) 99.1 (1332/1343) 0.0 2519.0 
 

Acinetobacter 

gyllenbergii(ATGG01000001) 

1348/1375 (98.0) Acinetobacter guillouiae (KF873017.1) 98.2 (1351/1375) 0.0 2505.0 

 
Acinetobacter guillouiae (APOS01000028) 1347/1375 (98.0) Acinetobacter bouvetii (KY786288.1) 98.0 (1348/1375) 0.0 2496.0 

 
Acinetobacter beijerinckii(APQL01000005) 1347/1375 (98.0) Acinetobacter calcoaceticus (AB680365.1) 98.0 (1344/1372) 0.0 2477.0 

a Isolates were assigned to the species level based on sequence homology with available sequence data in the EZ-taxon database (Yoon et al. 2017) and the nt database in 

GenBank (excluding uncultured bacteria, unclassified sequences and environmental samples) (Benson et al. 2012). The top 5 hits (different species) are presented in the 

Table. 
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Figure 5.2 Unrooted neighbor-joining tree, based on partial rpoB gene sequences (738 bp), showing the 

relationships of the three Acinetobacter isolates investigated in this study (ST16.16/164, ST16.16/165 and 

ST16.16/166, (indicated in red) with respect to all validly named Acinetobacter species (type strains). Evolutionary 

distances were computed using the Maximum Composite Likelihood method in MEGA7. GenBank accession 

numbers are given in parentheses. 

 Acinetobacter modestus NIPH 236 (KJ124832.1)

 Acinetobacter parvus NIPH 384 (EU477107.2)

 Acinetobacter vivianii NIPH 2168 (KJ124844.1)

 Acinetobacter courvalinii ANC 3623 (KT997518.1)

 Acinetobacter colistiniresistens NIPH 2036 (KX014585.1)

 Acinetobacter gyllenbergii NIPH 2150 (EU477148.2)

 Acinetobacter proteolyticus NIPH 809 (KJ124841.1)

 Acinetobacter dispersus ANC 4105 (KT997527.1)

 Acinetobacter tjernbergiae NIPH 2285 (EU477153.2)

 Acinetobacter venetianus NIPH 1925 (EU477136.2)

 Acinetobacter beijerinckii NIPH 838 (EU477124.2)

 Acinetobacter calcoaceticus NIPH 2245 (EU477149.2)

 Acinetobacter oleivorans KCTC 23045 (LC102687.1)

 Acinetobacter nosocomialis LMG 10619 (HQ123389.1)

 Acinetobacter seifertii NIPH 973 (EU477126.2)

 Acinetobacter baumannii strain NIPH 501 (EU477108.2)

 Acinetobacter pittii NIPH 519 (EU477114.2)

 Acinetobacter dijkshoorniae JVAP01 (KJ600793.1)

 Acinetobacter lactucae NRRL B-41902 (LRPE01000023.1)

 Acinetobacter johnsonii NIPH 518 (EU477113.2)

 ST16.16/164 (MF787940)

 ST16.16/165 (MF787939)

 ST16.16/166 (MF787941)

 Acinetobacter celticus ANC 4603 (KX548350.1)

 Acinetobacter bereziniae NIPH 521 (EU477116.2)

 Acinetobacter guillouiae NIPH 522 (EU477117.2)

 Acinetobacter bouvetii NIPH 2281 (EU477150.2)

 Acinetobacter pragensis ANC 4149 (KX014578.1)

 Acinetobacter lwoffii NIPH 512 (EU477111.2)

 Acinetobacter kookii 11-0202 (JX844152.1)

 Acinetobacter schindleri NIPH 1034 (EU477128.2)

 Acinetobacter guangdongensis 1NM-4 (KJ701021.1)

 Acinetobacter indicus A648 (JF772169.1)

 Acinetobacter refrigeratoris WB1 (KJ701022.1)

 Acinetobacter variabilis NIPH 546 (EU477119.2)

 Acinetobacter albensis ANC 4874 (KR611814.1)

 Acinetobacter equi 114 (KC494699.2)

 Acinetobacter gandensis ANC 4275 (KJ569689.1)

 Acinetobacter defluvii WCHA30 (KY435935.1)

 Acinetobacter harbinensis HITLi 7 (KF803234.1)

 Acinetobacter kyonggiensis JCM17071 (AB938200.1)

 Acinetobacter bohemicus ANC 3994 (KJ124834.1)

 Acinetobacter pakistanensi NCCP 644 (AB938199.1)

 Acinetobacter gerneri NIPH 2282 (EU477151.2)

 Acinetobacter haemolyticus NIPH 510 (EU477109.2)

 Acinetobacter halotolerans R160 (KU958712.2)

 Acinetobacter tandoii DSM14970 (EF611403.1)

 Acinetobacter towneri NIPH 2286 (EU477154.2)

 Acinetobacter grimontii CIP 107470 (DQ207483.1)

 Acinetobacter junii NIPH 511 (EU477110.2)

 Acinetobacter plantarum THG-SQM11 (KR856237.1)

 Acinetobacter rudis CIP 110305 (FN393751.2)

 Acinetobacter brisouii DSM 18516 (LC102676.1)

 Acinetobacter baylyi NIPH 2312 (EU477155.2)

 Acinetobacter soli CCUG 59023 (HQ148175.1)

 Acinetobacter septicus AK001 (EF611383.1)

 Acinetobacter ursingii NIPH 137 (EU477105.2)

 Acinetobacter boissieri SAP 284.1 (JQ771155.1)

 Acinetobacter nectaris SAP 763.2 (JQ771146.1)

 Acinetobacter apis HYN18 (JX863071.1)

 Acinetobacter larvae BRTC-1 (KU837228.1)

 Acinetobacter radioresistens NIPH 513 (EU477112.2)

 Acinetobacter qingfengensis 2BJ1 (KC631629.1)

 Acinetobacter marinus ANC 3699 (FMYK01000005.1)

 Acinetobacter populi PBJ7 (KM518646.1)

 Acinetobacter puyangensis BQ4-1 (JX499272.1)

0.05
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Acinetobacter species have been isolated from a variety of habitats, including but not 

limited to clinical specimens, soils, wastewater, activated sludge, insect guts and plant related 

environments including tree bark and floral nectar, with still very regularly new species being 

described (Carr et al. 2003; Doughari et al. 2011; Álvarez-Pérez et al. 2013; Jung & Park 2015). 

Species of Acinetobacter have been attracting increasing attention in both environmental and 

biotechnological applications, including bioremediation and wastewater decolorization (Lokesh 

& Sivakiran 2014; Chen et al. 2015a). For example, A. calcoaceticus has been shown to 

decolorize different textile dyes of various classes under both static anoxic and agitated 

incubation conditions (albeit the latter with less efficiency) (Ghodake et al. 2011). Furthermore, 

A. calcoaceticus purified lignin peroxidase was able to oxidize a variety of compounds 

including various textile dyes (Ghodake et al. 2009a). Also, a strain of A. junii was isolated 

from textile wastewater and able to simultaneously decolorize azo dyes and hexavalent 

chromium (Anwar et al. 2014). Furthermore, isolates of A. johnsonii, A. guillouiae and A. lwoffii 

were found to be efficient decolorizers of a wide variety of dyes (Zhang et al. 2010; Ng et al. 

2014; Ahmady Asbchin et al. 2016), and A. baumannii has been successfully used for 

decolorization and degradation experiments with the azo dye Congo Red (Li et al. 2015). This 

illustrates the huge potential of Acinetobacter as a bioresource to develop new biotechnological 

approaches for the removal of azo dyes and other important pollutants such as heavy metals 

from textile wastewaters. Like Acinetobacter, Klebsiella and Pseudomonas species are 

ubiquitous in nature and have been isolated from diverse habitats such as activated sludge, 

industrial effluents and several others (Bagley 1985; Podschun & Ullmann 1998; Moore et al. 

2006). Klebsiella strains also efficiently decolorize and degrade azo dyes (e.g., Wong & Yuen 

1996; Franciscon et al. 2009; Yu et al. 2012). Furthermore, Pseudomonas strains, including 

those belonging to P. aeruginosa, are able to decolorize industrial textile dyes (Silveira et al. 

2009; Shah et al. 2013; Vilar Junior et al. 2015). However, Klebsiella and Pseudomonas 

bacteria, especially those belonging to K. (quasi)pneumoniae and P. aeruginosa, have also been 

associated with opportunistic infections in humans and other mammals (Podschun & Ullmann 

1998, de Bentzmann & Plésiat 2011; Brisse et al. 2014), which may hamper their use for 

biotechnological applications. The same is true for Acinetobacter, although A. johnsonii, the 

most related species to our strains, is only rarely associated with infections (Peleg et al. 2008). 

Anyway, to avoid any potential health risks, further research is needed on the health 

consequences of our strains.  



 

114 

 

 

The decolorizing ability of the five selected strains was confirmed using experiments on 

a 50 ml scale in an Erlenmeyer flask, reaching mean (2 flasks per strain) decolorization 

percentages after three days of incubation of up to 97.9 % (RO16) and 93.4 % (RG19) for the 

Klebsiella strain ST16.16/034 and the Acinetobacter strain ST16.16/164, respectively (Figure 

5.3). Interestingly, repeated measures ANOVA revealed a significant difference between the 

tested strains (RO16: F6,7 = 2.91E05; p = 1.98E-17; RG19: F6,7 = 3.71E05; p = 8.43E-18), 

pointing towards differences in decolorization rate among strains (Figure 5.3). Indeed, 

significantly faster decolorization was observed for strain ST16.16/034 (RO16) and 

ST16.16/164 (RO16 and RG19) when compared to the reference isolate (LMG 21668) as well 

as to the other tested strains (Figure 5.3). Furthermore, our results suggest that the monoazo 

dye, RO16, is more easily (faster) removed as opposed to the diazo dye RG19, with an average 

removal of 25.1 % (RO16) against 14.5 % (RG19) after 6 h of incubation, and 93.5 % (RO16) 

against 71.8 % (RG19) after 24 h of incubation. These findings suggest that the decolorization 

rate may depend on the structure of the dyes, particularly the aromatic ring position and 

resulting interactions with the azo bond as well as the number of azo bonds, as shown in 

previous studies (Saratale et al. 2011; Solís et al. 2012; Khan et al. 2013).  
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Figure 5.3 Bacterial decolorization of Reactive Orange 16 (RO16; monoazo dye) (A) and Reactive Green 19 

(RG19; diazo dye) (B). Studied bacteria represent strains from the genera Acinetobacter (ST16.16/164; 

ST16.16/165; ST16.16/166), Klebsiella (ST16.16/034) and Pseudomonas (ST16.16/140). Paenibacillus 

azoreducens LMG 21668 was included as a reference. The experiment was performed in a total volume of 50 ml 

Mineral Salt Medium (MSM), supplemented with 3.0 g l-1 glucose, 1.0 g l-1 yeast extract and 100 mg l-1 of the 

tested dye, and inoculated with 2.5 ml bacterial inoculum (OD of 0.6 at 600 nm). Flasks were incubated at 30 °C 

under static conditions for 72 h. Decolorization was determined after 6, 24, 48 and 72 h using cell-free supernatants. 

Data points represent the mean of two biological replicates. Error bars represent standard error of mean but are not 

visible for all points due to low error values. Statistical differences were assessed using repeated measures ANOVA 

comparing decolorization of the different strains over the course of 72 h. Different letters indicate significant 

differences at the 95 % confidence level.  
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5.3.2 Effects of physicochemical parameters 

5.3.2.1 Carbon and nitrogen sources 

Decolorization of azo dyes depends on the presence and availability of a suitable co-substrate. 

Moreover, microbial degradation of dyes without any supplement of carbon or nitrogen sources 

has proven to be very difficult, although not impossible but usually slower and less efficient 

(Solís et al. 2012). Carbon sources provide energy for microbial growth and survival, and act 

as electron donors that are necessary for the breakage of the azo bond (Moosvi et al. 2007). 

However, it has also to be noted that in some cases additional carbon sources may repress 

decolorization activity by carbon catabolite repression, meaning that in the presence of a highly 

preferred carbon source the genes required for utilization of the secondary carbon sources may 

not be expressed, or preexisting enzymes may become inactivated to prevent a waste of 

resources (Deutscher 2008). Further, the metabolism of organic nitrogen sources is considered 

essential for the regeneration of NADH that is needed to reduce the azo dyes (Saratale et al. 

2009c). Several reports are available for the decolorization of azo dyes in the presence of 

additional carbon and nitrogen sources (e.g., Moosvi et al. 2007; Modi et al. 2010; Parshetti et 

al. 2010; Garg et al. 2012; Jain et al. 2012). For example, Wang et al. (2009) reported that in 

the presence of glucose, 90 % decolorization of the reactive textile dye Reactive Red 180 by 

Citrobacter sp. CK3 was observed, whereas in the absence of glucose only 26.7 % 

decolorization was found. Further, Modi et al. (2010) showed that different carbon sources have 

a different effect on decolorization. For example, in the presence of sucrose 92 % decolorization 

of Reactive Red 195 was observed, whereas for xylose only 25 % decolorization was reached. 

Other carbon sources showed at least 50 % decolorization for the unknown Gram positive strain 

used (Modi et al. 2010). With regard to nitrogen sources, yeast extract has mostly been found 

to be one of the best nitrogen sources (Chen et al. 2003b; Moosvi et al. 2005). In contrast, 

inorganic nitrogen sources generally fail to enhance color removal by bacterial species (Chen 

et al. 2003b).  

Here, effects of different carbon and nitrogen sources were assessed on the 

decolorization abilities of the selected isolates for the monoazo dye RO16 and the diazo dye 

RG19 upon three days of incubation. Again, the microtiter plate method was used which 

allowed us to evaluate the selected strains under various conditions in a highly efficient way. 

Nevertheless, lower decolorization percentages were reached using the microtiter plate method 

compared to the Erlenmeyer flasks (up to 97.9 % (RO16) and 93.4 % (RG19) for ST16.16/034 

and ST16.16/164 in the Erlenmeyer flasks, respectively, while these strains reached only 84.6 
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% and 78.3 % under the same conditions in the microtiter plates), suggesting that the microtiter 

plate method underestimates the decolorization ability of the strains. This effect can most likely 

be attributed to different factors, including volume of the test medium and headspace, 

incubation effects etc. (Schmidt 2005). 

Decolorization of the monoazo dye was significantly higher than the diazo dye, 

irrespective of the carbon (p = 2.83E-10) or nitrogen (p = 2.63E-04) source (Figure 5.4; Table 

S5.2, Supplementary Information). For example, mean decolorization (six strains, two 

measurements per strain) of RO16 in the presence of the different carbon sources ranged 

between 70.0 (lactose) and 78.2 % (maltose), while decolorization of RG19 varied between 

44.4 (lactose) and 67.4 % (glucose) (Figure 5.4; Table S5.2, Supplementary Information). 

Especially when lactose was added as co-substrate substantially less decolorization was 

observed for the diazo dye compared to the monazo dye, showing 25.6 % less decolorization 

(Figure 5.4; Table S5.2, Supplementary Information). Furthermore, whereas no significant 

differences (p = 0.339) were found between the different carbon sources tested (glucose, lactose, 

maltose, mannitol, sucrose and xylose) to decolorize RO16, significantly lower decolorization 

of RG19 was observed with lactose (p = 1.81E-05). Similar results have been reported by 

Moosvi et al. (2007) for decolorization of Reactive Violet 5, confirming that lactose is a poor 

co-substrate to obtain effective bacterial decolorization. This observation can most probably be 

attributed to the absence of lactose in natural environments (except in milk), explaining why 

most organisms cannot properly utilize lactose as a carbon source. In contrast, Khobragade and 

Deshmukh (2013) found strongest decolorization of the diazo dye Reactive Blue 160 by 

Streptomyces species when using lactose as a co-substrate compared to other carbon sources 

such as glucose, sucrose and several others. When comparing mean decolorization of the 

different strains irrespective of the carbon source tested, significantly higher RO16 

decolorization was noticed for strain ST16.16/164 whereas strain ST16.16/165 performed 

significantly worse (p = 2.73E-05). The other strains were not significantly different from each 

other or from reference isolate LMG 21668. With regard to RG19, no significant differences 

were found among strains (p = 0.340). It has to be noted that we did not test sugar consumption 

in this study. Consequently, no conclusions can be drawn regarding the use of these carbon 

sources as a source of growth. 
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Figure 5.4 Dot plot showing the effect of different physicochemical factors on the decolorization of Reactive 

Orange 16 (RO16; monoazo dye) and Reactive Green 19 (RG19; diazo dye) by the bacterial strains investigated 

in this study after 72 h of incubation. Studied isolates represented strains from the genera Acinetobacter 

(ST16.16/164; ST16.16/165; ST16.16/166), Klebsiella (ST16.16/034) and Pseudomonas (ST16.16/140). 

Paenibacillus azoreducens LMG 21668 was included as a reference. Studied factors were carbon source (A), 

nitrogen source (B), temperature (C), pH (D), dye concentration (E) and increased salt concentration (F). 

Experiments were performed in a 96 well microtiter plate (200 µl per well, composed of 180 µl test medium and 

20 µl bacterial inoculum (OD of 0.6 at 600 nm)) as described in the text. Plates were incubated at 30 °C under 

static conditions for 72 h. Data points represent the mean of two replicates. Furthermore, mean decolorization for 

the 6 investigated strains is plotted as a horizontal red line for each parameter. For more detailed information, the 

reader is referred to Table S5.2 (Supplementary Information). 

With regard to the nitrogen sources tested, including three organic (yeast extract, 

peptone and ureum) and three inorganic nitrogen sources (NH4Cl, NH4NO3 and (NH4)2SO4), as 

for the carbon sources, higher decolorization was observed for the monoazo dye RO16 

compared to the diazo dye RG19, irrespective of the nitrogen source used (p = 2.63E-04). Mean 



 

119 

 

 

decolorization (six strains, two measurements per strain) of RO16 ranged between 57.7 and 

77.2 % in the presence of NH4NO3 and peptone, respectively, while decolorization of RG19 

varied between 44.9 and 67.8 % in the presence of NH4NO3 and yeast extract, respectively 

(Figure 5.4; Table S5.2, Supplementary Information). The results also showed that especially 

for NH4Cl a substantially lower decolorization was obtained for RG19 compared to RO16 

(mean decolorization of 69.4 and 27.4 %, respectively), which was mainly due to strain 

ST16.16/164 reaching a mean decolorization percentage of 69.8 and 12.3 %, respectively 

(Figure 5.4; Table S5.2, Supplementary Information). For RO16, strains performed 

significantly different on the different nitrogen sources (p = 0.019) with NH4NO3 being 

significantly worse than yeast extract, NH4Cl and peptone. Similar results were obtained for 

RG19, showing significant differences between nitrogen sources (p = 0.044), with NH4NO3 

being significantly worse than yeast extract, (NH4)2SO4 and peptone. Especially, reference 

isolate LMG 21668 and ST16.16/034 performed poor when NH4NO3 was used as main nitrogen 

source, irrespective of the dye tested (Figure 5.4; Table S5.2, Supplementary Information). 

These findings confirm previous research that when nitrogen sources such as yeast extract are 

replaced by other nitrogen sources like NH4NO3 or other ammonium and nitrate salts, 

decolorization can drastically lower, in some cases even to 20 % (Chen et al. 2003b; Moosvi et 

al. 2005; Telke et al. 2008; Jain et al. 2012). This might be due to the fact that some species 

preferentially reduce nitrate compounds over dyes, thereby delaying and/or even lowering total 

decolorization (Carliell et al. 1998). No significant differences were found among strains when 

all nitrogen sources were taken into account (RO16: p = 0.484; RG19: p = 0.950). However, 

the use of carbon or nitrogen sources for cell growth such as those tested in this study would be 

of low economic efficiency when implemented on an industrial scale. Therefore, in order to 

enhance process efficiency, the search for cheaper supplementary carbon and nitrogen sources 

would be essential in future works. 

 

5.3.2.2 Temperature and pH 

Besides carbon and nitrogen, also temperature and pH are important factors for optimal 

performance of microbial cultures. These factors affect cell growth and various biochemical 

and enzymatic mechanisms, and therefore also affect decolorization of dyes. With regard to 

temperature, mean decolorization (six strains, two measurements per strain) of RO16 ranged 

between 25.5 (10 °C) and 79.4 % (20 °C), while decolorization of RG19 varied between 20.3 

(10 °C) and 68.3 % (30° C). Mean decolorization was slightly lower for RG19 as opposed to 
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RO16 for each temperature tested, i.e. 0.57 % lower for 10 °C, 7.7 % lower for 20 °C, 9.1 % 

lower for 30 °C and 8.2 % lower for 40 °C (Figure 5.4; Table S5.2, Supplementary information). 

For both dyes mean decolorization was significantly lower at incubation temperature 10 °C as 

opposed to 20-40 °C (RO16: p = 4.37E-04; RG19: p = 6.38E-07) (no significant difference 

between 20, 30 and 40 °C). Nevertheless, increasing the temperature to 40 °C affected the 

decolorization activity of a number of strains, especially ST16.16/140, ST16.16/165 and 

ST16.16/166 (Figure 5.4; Table S5.2, Supplementary Information). These findings are in 

agreement with previous research showing that the decolorization efficiency of mesophilic 

microorganisms such as those investigated in this study drops when the temperature rises above 

37 °C (probably due to thermal deactivation of enzymes) (Moosvi et al. 2007; Asad et al. 2007). 

Notably, strains ST16.16/034 and ST16.16/166 exhibited decolorization over the entire 

temperature range tested. Indeed, even at a temperature as low as 10 °C, these strains were able 

to decolorize RO16 for 73.8 and 66.3 %, and RG19 for 31.6 and 32.7 %, respectively, after 72 

h of incubation (Figure 5.4; Table S5.2, Supplementary Information), indicating that both 

strains were able to retain their enzymatic activity for decolorization at such relatively low 

temperature. As a comparison, reference isolate P. azoreducens performed poor at 10 °C, 

reaching a decolorization percentage of 0.3 and 16.1 % for RO16 and RG19, respectively 

(Figure 5.4; Table S5.2, Supplementary Information). Decolorization ability at low temperature 

opens possibilities to treat for example colored wastewaters that are stored in huge tanks and 

which generally have a temperature below 20 °C. On the other hand, decolorization activity at 

higher temperatures is also interesting as dye-house effluents are commonly discharged from 

plants at a temperature well above ambient temperature (Ghaly et al. 2014).  

With regard to pH, maximum decolorization was observed at pH 7.0 (mean 

decolorization (six strains, two measurements per strain) of 74.3 % for RO16 and 67.0 % for 

RG19). A further increase or decrease to pH 10 or 4, respectively, significantly decreased the 

decolorization percentages for both RO16 (p = 7.67E-09) and RG19 (p = 1.88E-06). A pH of 

4.0 lowered mean decolorization to 13.7 and 11.8 % for RO16 and RG19, respectively, while 

decolorization at pH 10.0 was on average 46.0 % for RO16 and 38.4 % for RG19, respectively 

(Figure 5.4; Table S5.2, Supplementary Information). Whereas strain differences at pH 4 were 

small, highest decolorization at pH 10.0 was observed for ST16.16/034 and ST16.16/164, as 

well as for reference isolate LMG 21668, ranging between 54.3 and 58.0 % for RO16 and 

between 41.0 and 59.3 % for RG19 (Figure 5.4; Table S5.2, Supplementary Information), which 

is approximately 20 % less compared to decolorization for these strains at pH 7. The other 

strains decolorized on average 36.2 % less at pH 10 compared to neutral pH (irrespective of the 
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dye used) (Figure 5.4; Table S5.2, Supplementary Information). These findings are in line with 

previous studies, showing that neutral pH is more favorable for complete decolorization (Asad 

et al. 2007; Moosvi et al. 2007). However, sufficient decolorization at higher pH is also 

important for certain dye classes, e.g. for reactive azo dyes that are applied to cotton under 

alkaline conditions and generate alkaline wastewater (Aksu 2003). 

 

5.3.2.3 Dye concentration and increased salt concentration 

In addition to the factors mentioned above, also dye concentration and salinity are important 

factors affecting microbial activity and decolorization (Kargi & Dincer 1996). High salinity 

concentrations or wide salinity ranges in colored wastewater make dye degradation by 

microorganisms challenging and represent important limiting factors in the development of 

biotreatment methods due to the sensitivity of most bacteria to the high concentrations of salts 

that are released in colored effluents like textile industry wastewaters (Carliell et al. 1994; Manu 

& Chaudhari 2003). Hyper-salinity wastewater generally causes plasmolysis and/or loss of 

activity of bacterial cells (He et al. 2017). Therefore, often a pretreatment of the effluent 

wastewater is needed mixing effluent wastewater with less salt-containing wastewaters mixing 

effluent wastewater with less salt-containing wastewaters mixing effluent wastewater with less 

salt-containing wastewaters mixing effluent wastewater with less salt-containing wastewaters) 

to dilute the high load of salts before the biological treatment (thereby also generating larger 

volumes of wastewater). Obviously, implementation of salt-tolerant bacteria would be a great 

improvement of conventional biological treatment systems, especially if the microorganisms 

can also degrade the dyes at high dye concentrations. Here, mean decolorization (six strains, 

two measurements per strain) of RO16 at different concentrations (100, 250 and 500 mg l-1) 

ranged between 77.6 (100 mg l-1) and 86.9 % (500 mg l-1), while mean decolorization of RG19 

varied between 70.0 (100 mg l-1) and 79.6 % (250 mg l-1) (Figure 5.4). When comparing RO16 

with RG19, it can be seen that mean decolorization dropped with 10.5, 7.4 and 9.9 % at a dye 

concentration of 100, 250 and 500 mg l-1, respectively, in the case of RG19 (Figure 5.4; Table 

S5.2, Supplementary Information). No significant differences in decolorization were found 

between the different dye concentrations tested to decolorize RO16 (p = 0.222) or RG19 (p = 

0.220). This suggests that the studied strains have the capacity to efficiently decolorize the 

tested dyes up to a concentration of at least 500 mg l-1, which represents a dye concentration 

that is sometimes reached in textile industry effluents (O’Neill et al. 1999). As such, for this 

feature our strains outcompete many others that have been studied before (Moosvi et al. 2005; 
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Moosvi et al. 2007; Shah et al. 2013). When zooming in on strain differences, it was found that 

strain ST16.16/165 performed significantly worse compared to the other strains tested, both for 

RO16 (p = 0.028) and RG19 (p = 0.009); no statistical differences were observed between the 

other strains.  

 When increasing the salt concentration of the test medium by additional NaCl (2.0, 4.0 

and 6.0 %), mean decolorization (six strains, two measurements per strain) of RO16 ranged 

between 36.8 (6.0 %) and 78.5 % (2.0 %), while decolorization of RG19 at 2.0 % additional 

NaCl was 68.7 % (Figure 5.4; Table S5.2, Supplementary Information) (no accurate results 

were obtained for RG19 at NaCl concentrations of 4.0 and 6.0 % due to precipitation of the dye 

during the aborbance measurements). Significant differences were found between the different 

NaCl concentrations tested to decolorize RO16 (p = 0.006). Furthermore, huge strain 

differences were observed at an additional NaCl concentration of 6 % (Figure 5.4; Table S5.2, 

Supplementary Information). More particularly, whereas strains ST16.16/165, ST16.16/166, 

ST16.16/140 and reference isolate LMG 21668 decolorized on average 14.2 % of RO16, strains 

ST16.16/034 and ST16.16/164 were able to decolorize 80.4 and 83.7 %, respectively, which is 

similar to their decolorization performance at 2 or 4 % additional NaCl (Figure 5.4; Table S5.2, 

Supplementary Information), suggesting a great potential of these strains in the treatment of 

industrial wastewaters containing azo dyes. Wastewater from textile processing industries 

typically contains various acids, alkalis, metal ions and salts (Verma et al. 2012). Up to 15 % 

salt concentrations have been reported in industrial wastewaters, because high salt 

concentrations are needed for the dyeing process (Ali 2010). At such concentrations, bacterial 

activity may be seriously hampered, requiring the use of halotolerant or halophilic bacteria, that 

are able to withstand high salt concentrations. There are a few examples of azo dye degrading 

bacteria that are able to decolorize azo dyes even in the presence of high salt concentrations 

(Chen et al. 2011; Ogugbue et al. 2011). In these studies, as for our study, the effect of different 

salt concentrations up to 6 % were tested, yielding similar results as in the present study.  

 

5.3.3 UV-VIS analysis 

Decolorization of dyes by bacteria can be due to adsorption by the bacterial cells or to 

biodegradation (Knapp & Newby 1995; Sani & Banerjee 1999). In order to differentiate 

between both mechanisms, UV-VIS analyses before and after decolorization can be performed 

on supernatant samples (removing possible interference of the cells present in the samples) 

(Chen et al. 2003b; Moosvi et al. 2005; Asad et al. 2007; Modi et al. 2010). In the case of 
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adsorption, the UV–VIS absorption peaks decrease approximately in proportion to each other. 

In the case of decolorization, the major visible light absorbance peak disappears completely 

with new peaks being formed by the degradation products. A strain able to fulfill complete 

degradation removes any newly formed peaks in the process as well. Erlenmeyer experiments 

revealed that over a period of 72 h both dyes were decolorized by all strains in such a way that 

the absorbance peak at the maximum peak wavelength disappeared while new peaks were 

formed in the UV range (between 350-400 nm) (Figure S5.1 and Figure S5.2, Supplementary 

Information), thus suggesting primary dye degradation. Indeed, inspecting the bacterial cells 

after decolorization also showed that the microorganisms retained their natural color after 

decolorization, confirming this scenario. Obtained patterns were not affected by the dye tested 

(Figure S5.1 and Figure S5.2, Supplementary Information), suggesting a common mechanism 

to degrade both tested dyes. Nevertheless, differences in dye degradation were observed across 

the different isolates tested. Isolates ST16.16/034 and ST16.16/140 produced a pattern similar 

to that of the reference strain (LMG 21668); the dye absorbance peak at the maximum 

wavelength disappeared within 24 h, while also the formed metabolites were further removed, 

as shown by the complete lack of newly formed peaks in the UV range. In contrast, the three 

Acinetobacter isolates (ST16.16/164, ST16.16/165 and ST16.16/166) were also able to degrade 

the dye, but in this case the new peaks formed in the UV range were not reduced in time, 

indicating the inability of these strains to further remove the metabolites, at least under the 

conditions applied in this study (Figure S5.1 and Figure S5.2, Supplementary Information). 

Further research is needed to identify these metabolites and also assess their potential health 

and environmental hazards. Several analytical methods have been developed for identification 

of degradation products of azo dye, including, amongst many others, gas chromatography/mass 

spectrometry analysis (Rehorek & Plum 2007; Zhang et al. 2009). Decolorization of colored 

wastewater without complete dye degradation can be sufficient for reuse of the water in, for 

example, the textile processing industry as long as the generated metabolites are well 

characterized and show no environmental impact (Parmar & Shukla 2015). Nevertheless, many 

metabolites formed after azo dye degradation are toxic when left untreated, especially due to 

the formation of aromatic amines and other benzene and naphthalene related compounds 

(Saratale et al. 2011). Therefore, additional microbes, e.g., acting in a consortium (Kudlich et 

al. 1996), or other methods may be needed to completely remove the azo dye metabolites to 

ensure a safe discharge of the treated wastewater.  
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Altogether, in this study two promising candidates were identified showing high 

potential for effective removal of azo dyes in colored wastewaters, i.e. ST16.16/164 

(Acinetobacter sp.) and ST16.16/034 (Klebsiella sp.). A major advantage of these strains 

compared to other azo dye-degrading bacteria lies in their good performance under a wide 

variety of harsh environmental conditions (Table 5.2), making them ideal candidates for the 

treatment of industrial wastewaters containing azo dyes. Both strains exhibited strong 

decolorization ability over a wide range of dye concentrations, and retained excellent 

decolorization activity at high salt concentrations, which are very important features to be useful 

in the treatment of industrial textile wastewaters. Additionally, and maybe most importantly, 

strain ST16.16/034 showed strong decolorization over the whole temperature range tested, 

including high activity between 10 and 40 °C., Actual treatment of dye-containing waste on a 

practical level requires a stable bacterial culture to a wide change of environmental temperature. 

In this regard, the application of a thermotolerant strain for the treatment of textile industry 

effluentswhich may reach temperatures up to 70 °C (Santos et al. 2005), is advisable. Most of 

the studies currently available on azo dye degradation by bacteria indicate that microorganisms 

degrade synthetic dyes best in the range of 25–37 °C (Verma et al. 2012). Activity at lower 

temperatures is especially an important feature to treat colored wastewaters that are stored at 

ambient temperature. In this regard, strain ST16/16.034 thus shows huge potential to be used in 

the treatment of azo dye containing industrial wastewaters. Furthermore, both ST16/16.034 and 

ST16/16.164 were able to completely (ST16.16/034) or partly (ST16.16/164) degrade the azo 

dyes. Moreover, additional experiments have shown that strain ST16.16/034 is able to grow on 

the azo dyes as sole carbon source, indicating compound utilization. Nevertheless, as 

intermediate products of azo dyes can be toxic, and both strains belong to genera harboring 

opportunistic pathogens, further research is needed regarding potential risks to health and 

environment (e.g., potential virulence, infection process, route of infection etc.). Additionally, 

before implementing the strains in the treatment of colored wastewaters further upscaling using 

larger test volumes is needed as results obtained under standard laboratory conditions cannot 

always be directly extrapolated to practical conditions. Furthermore, future research should aim 

at investigating the competing power of these strains, which is a necessary feature for long-term 

stability, as well as the mechanisms behind the observed patterns. 

  



 

  

 

 

1
2
5 

 
Table 5.2 Decolorization performance of the five strains obtained and retained in this study for monoazo dye Reactive Orange 16 (RO16) and diazo dye Reactive Green (RG19)a.  

Dye Strain Species 
Decolor. 

ratec 
Mineral.c 

Decolorization under different test conditionsb 

Carbon source Nitrogen source 
Temperature 

(°C) 
pH Dye conc. (mg l-1) Add. salt concentration (%) 
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RO16 ST16.16/034 Klebsiella sp. High Complete ++ + ++ + ++ ++ + + +/- ++ + ++ + ++ ++ ++ +/- ++ + ++ ++ ++ ++ ++ ++ 

 ST16.16/140 Pseudomonas sp. Good Complete ++ + ++ ++ ++ ++ ++ ++ + ++ + ++ +/- ++ ++ + +/- ++ + ++ ++ ++ ++ + +/- 

 ST16.16/164 Acinetobacter sp. High Partial ++ + ++ ++ ++ ++ ++ ++ ++ ++ + ++ +/- ++ ++ ++ +/- ++ + ++ ++ ++ ++ ++ ++ 

 ST16.16/165 Acinetobacter sp. Moderate Partial + + + + + + + ++ + + ++ + +/- + + + +/- + +/- + + + + + +/- 

 ST16.16/166 Acinetobacter sp. Good Partial + + + + + + + ++ + ++ + + + ++ + + +/- + + + ++ ++ ++ ++ +/- 

 LMG 21668 P. azoreducens Good Complete ++ + ++ + ++ ++ ++ ++ +/- ++ + ++ +/- ++ ++ ++ +/- ++ + ++ ++ ++ ++ ++ +/- 

                              

RG19 ST16.16/034 Klebsiella sp. Good Complete + + + + + + + + +/- + + + +/- + + ++ +/- + + + ++ ++ + N.A. N.A. 

 ST16.16/140 Pseudomonas sp. Moderate Complete + + + + + + + + + + + + +/- + + + +/- + +/- + ++ ++ + N.A. N.A. 

 ST16.16/164 Acinetobacter sp. High Partial + + + + + + + +/- + + + + +/- + ++ ++ +/- + + ++ ++ ++ ++ N.A. N.A. 

 ST16.16/165 Acinetobacter sp. Moderate Partial + + + + + + + + + + + + +/- + + + +/- + + + + + + N.A. N.A. 

 ST16.16/166 Acinetobacter sp. Moderate Partial + + + + + + + + + + + + +/- + + + +/- + +/- + ++ ++ + N.A. N.A. 

 LMG 21668 P. azoreducens Good Complete ++ + + ++ + + ++ + +/- + + ++ +/- + ++ + +/- ++ + ++ ++ ++ + N.A. N.A. 

a Isolate Paenibacillus azoreducens LMG 21668 was included as a reference. The experiment was performed in a 96 well microtiter plate (200 μl per well, composed of 180 μl test medium which was varied based on the 

physicochemical parameter tested (carbon source; nitrogen source; pH; dye concentration; additional salt concentration) and 20 μl bacterial inoculum (OD of 0.6 at 600 nm)) as described in the text, unless stated otherwise. 

Plates were incubated at 30°C (unless indicated otherwise) under static conditions for 72 h. Decolorization performance is presented based on mean decolorization percentages (X) (n = 2), and divided into four categories: 

-, no decolorization (not observed in our experiments); +/-, 0 % < X < 35 %; +, 35 % < X < 75 %; ++, X > 75 %. 

bGlu, Glucose; Lac, Lactose; Mal, Maltose; Man, Mannose; Suc, Sucrose; Xyl, Xylose; AS, Ammonium sulfate; AC, Ammonium carbonate; AN, Ammonium nitrate; Pep, Peptone; Ure, Ureum; Yea, Yeast extract; N.A., 

Not available. 

c Experiment performed in a test volume of 50 ml in 250 ml Erlenmeyer flasks with 47.5 ml test medium and 2.5 ml bacterial inoculum (OD of 0.6 at 600 nm), as described in the text. Erlenmeyers were incubated at 30 

°C under static conditions for a total duration of 72 h. Dye degradation and mineralization was determined with UV-VIS spectroscopy.
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CHAPTER 6: GENERAL CONCLUSION AND 

PERSPECTIVES 
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Textile wastewater is typically intensely colored and contains high concentrations of dyes, 

dyeing additives and diverse chemicals, some of which have a non-biodegradable, toxic, 

mutagenic and/or carcinogenic nature. An estimate was made that 280,000 ton of textile dyes 

is annually discharged into industrial effluents worldwide, thereby posing a serious threat to 

human health and environment (Maas & Chaudhari 2005). Therefore, it is essential to treat the 

wastewaters in order to remove these substances before discharge into the environment. Over 

the past few decades, extensive research has been performed concerning dye removal from 

industrial wastewater using chemical and biological processes or a combination of both. 

Nevertheless, only little is known about the microbial ecology and microbial communities in 

biological wastewater treatment plants (WWTPs) treating textile wastewaters, and about the 

efficiency of these systems to remove recalcitrant dyes. In this PhD thesis, using reactive azo 

dyes as a model, several aspects were studied contributing to a better understanding of dye 

degradation and its removal from textile wastewater. Reactive azo dyes are an important group 

of recalcitrant, toxic textile dyes, and represent nearly 50 % of all the dyes used in the textile 

industry, and were therefore highly suited for this research. Below we summarize the most 

important findings of this thesis and discuss future perspectives. 

 

6.1 Main results of this study 

Activated sludge microbial communities differ between textile and municipal wastewater 

treatment plants 

Microbial communities of activated sludge in WWTPs have been intensively studied over the 

past decade, especially for WWTPs treating municipal wastewater (e.g., Hu et al. 2012; Wang 

et al. 2012a; Zhang et al. 2012; Ye & Zhang 2013; Ju et al. 2014; Zhao et al. 2014; Wei et al. 

2015, Saunders et al. 2016). However, up till the start of this PhD very little was known about 

the microbial community composition and their functioning in activated sludge from textile 

wastewater treatment systems. Textile industry effluents have different characteristics than 

municipal wastewaters and typically contain high concentrations of dyes, salts and other 

auxiliary compounds (Selcuk 2005; Sandhya & Swaminathan 2006; Wu et al. 2007; Verma et 

al. 2012; Chapter 1). Therefore, it was reasonable to assume that, compared to municipal 

WWTPs, the microbial communities involved in the biological treatment of textile wastewaters 

harbor different microbial populations which are specifically adapted to the environmental 

stresses encountered in these systems. Following the development of a molecular-ecological 

toolbox to study microbial communities and a selection of relevant gene functions in activated 
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sludge systems (Chapter 2), we assessed the microbial community composition over two 

seasons (winter and summer) in activated sludge from well-operating textile WWTPs in 

comparison with municipal WWTPs, and explained observed differences by environmental 

variables (Chapter 3). 454 pyrosequencing of partial 16S rRNA genes generated 160 archaeal 

and 1645 bacterial species-level operational taxonomic units (OTUs). Euryarchaeota 

represented 94.6 % of the total number of archaeal sequences in the samples, while 

Proteobacteria was the most abundant bacterial phylum detected (44.3 % of the total number of 

sequences), followed by Bacteroidetes (24.8 %). The results of our study suggest that activated 

sludge from textile WWTPs harbors a less diverse, highly adapted microbial community which 

is different from those from municipal WWTPs. Both archaeal and bacterial richness were 

significantly higher for samples from municipal WWTPs compared to those from textile 

WWTPs. The bacterial phyla Planctomycetes, Chloroflexi, Chlorobi and Acidobacteria were 

more abundant in activated sludge samples from textile WWTPs (irrespective of sampling 

period), together with archaeal members of Thaumarchaeota (but this result was correlated to 

one specific sample containing a high amount of sequences from this phylum). These phyla 

contain species which are often found in extreme (e.g. salt-rich) heavily polluted habitats, 

fulfilling important roles in the degradation of carbohydrates, hydrocarbons and heavy 

pollutants (Strous et al. 1999; Tourna et al. 2011; Offre et al. 2013; Canfora et al. 2014; 

Kutovaya et al. 2015). It may therefore be assumed that these taxa also play an important role 

in the dye degradation and decolorization by the activated sludge process. Non-metric 

multidimensional scaling analysis (NMDS) of the microbial communities showed that 

microbial communities from textile and municipal WWTPs were significantly different, with a 

seasonal effect on archaea. Nitrifying and denitrifying bacteria as well as phosphate-

accumulating bacteria were more abundant in municipal WWTPs, while sulfate-reducing 

bacteria were almost only detected in textile WWTPs. Additionally, microbial communities 

from textile WWTPs were more dissimilar than those of municipal WWTPs, possibly due to a 

wider diversity in environmental stresses to which microbial communities in textile WWTPs 

are subjected to. High salinity, high organic loads and a higher water temperature were 

important potential variables driving the microbial community composition in textile WWTPs. 

Earlier research confirms the importance of these factors in establishing microbial community 

structures (Griffiths et al. 1998; Rietz & Haynes 2003; Pietikäinen et al. 2005; Liu et al. 2008; 

Siggins et al. 2011; Wakelin et al. 2012; Wang et al. 2012a). All these factors affect cell growth 

and various biochemical and enzymatic mechanisms. Hyper-salinity wastewater, for example, 

generally causes plasmolysis and/or loss of activity of bacterial cells (He et al. 2017) and thus 
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affects decolorization of dyes. In addition to these general parameters, other variables 

specifically linked to the textile dyeing industry (e.g., the dyes used, chemical additives, etc.) 

are also likely to be involved in the mechanisms behind the assembly of these microbial 

communities. Further research is needed to unravel their importance in driving the assembly of 

textile WWTP communities. Knowledge of these environmental conditions is also important 

when aiming at the inoculation of dye decolorizing strains, as they have to be able to thrive in 

these conditions and compete with other microbes that are present in and most likely adapted 

to these habitats. In this regard, future research building on our results could also aim at faster 

identification of key players in the community that may be exploited for enhanced purification 

of textile wastewaters. 

 

Microbial communities of activated sludge turn into less diverse communities when exposed 

to reactive azo dyes 

In a first attempt to investigate how microbial communities in textile WWTPs are established, 

the response of activated sludge microbial communities when exposed to textile dyes was 

studied. To this end, we assessed the microbial community composition in activated sludge 

from municipal WWTPs, harboring a large pool of microbial populations before and after 

exposure to azo dyes (Reactive Violet 5 (RV5)) (Chapter 4). Our results revealed that 

microbial communities that become exposed to recalcitrant azo dyes shift from diverse 

communities to less diverse communities harboring highly adapted members with azo dye-

degrading activity. Trichosporon and Aspergillus were found as two of the most abundant 

fungal OTUs (representing 29.2 % of the sequences), among which some strains are known to 

contain decolorizing abilities (Parshetti et al. 2007; Ali et al. 2008; Saratale et al. 2009c). The 

most important bacterial OTU was identified as a member of the genus Clostridium, which is 

known to degrade toxic compounds such as chlorinated aliphatic compounds, ethylene and 

toluene compounds, as well as some herbicides. Additionally, Clostridium strains have been 

found to possess azo dye reducing abilities (Rafii et al. 1990; Joe et al. 2008). Indeed, microbial 

communities are known to adapt to local environmental conditions and stress factors, favoring 

the growth of specialists, highly adapted strains or strains that can acclimate or easily adapt to 

the new conditions. Examples of stress factors not only include toxic compounds, but also salt, 

drought, heat, low temperature, anaerobiosis, etc. Microorganisms that cannot adapt to the 

changing conditions will be forced into dormancy or death (Suzina et al. 2004). Acclimation 

allows a microbe to induce specific tolerance mechanisms in response to stress, and requires 

that energy and nutrients will be redirected from resource acquisition and growth to survival, 
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such as the synthesis of chaperones to stabilize proteins (Yerbury et al. 2005) and osmolytes to 

reduce water potential and maintain hydration (Csonka 1989). Microorganisms can also adapt 

to stress over extended periods (years to decades) by altering their genetic capacities (Walker 

et al. 2006), becoming either better able to acclimate to stress or enhancing their function after 

doing so. Such information can be crucial to both newly developed and existing wastewater 

treatment methods applied by WWTPs (or similar systems). 

 

Combined chemical-biological treatment outperforms single treatment for decolorization of 

reactive azo dyes 

Many approaches have been proposed to remove dyes from textile wastewaters, including 

(physico)chemical and biological methods (Chapter 1). Many of these methods, however, are 

expensive or not efficient enough. For example, whereas a biological treatment is the preferred 

method to treat dye-contaminated wastewater (in terms of cost-effectiveness and general 

environmental benignity), its efficiency is often too low to purify textile wastewaters (Forgacs 

et al. 2004), whereas most chemical methods are too expensive and/or environmentally 

unfriendly. By contrast, a combination of a chemical method to obtain partial dye degradation 

followed by a biological treatment is believed to be a promising method for cost-effective 

decolorization of colored wastewater (Oller et al. 2011; Chapter 1). The aim of Chapter 4 was 

to develop and evaluate a combined method of partial Fenton oxidation and a biological 

treatment using activated sludge for decolorization of azo dyes. Using RV5 as a model dye, 

color removal was significantly higher when the combined Fenton treatment/activated sludge 

method was used, as opposed to separate application of these treatments. More specifically, 

pretreatment with Fenton's reagent removed 52.9, 83.9 and 91.3 % of color from a 500 mg l-

1 RV5 aqueous solution within 60 min when H2O2 concentrations of 1.0, 1.5, and 2.0 mM were 

used, respectively. Subsequent biological treatment was found to significantly enhance the 

chemical treatment, with microbial decolorization removing 70.2 % of the remaining RV5 

concentration, on average. Compared to application of the Fenton’s reagent alone, the 

combination of methods enabled 33.2, 11.1 and 6.2 % more dye decolorization at the end of the 

experiment at a H2O2 concentration of 1.0, 1.5, and 2.0 mM, respectively. When compared to 

the biological treatment alone, 71.9, 80.8 and 83.3 % more decolorization was obtained using 

the combination of methods, respectively. It has to be noted that only a limited number of H2O2 

concentrations were tested in combination with a relatively high dye concentration (500 mg l-

1). For lower dye concentrations, it can be expected that a combination with a lower 

concentration of H2O2 would be adequately effective for decolorization, by which costs can be 
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further decreased. No apparent lag phase was detected when the chemical and biological 

method were combined, suggesting that the dye compounds have been partially degraded to 

compounds readily usable by the sludge microbes. This is in line with previous research 

showing that Fenton’s treatment is able to dearomatize azo dyes (removal of the N=N bond) 

and partially degrade aromatic amines (measured as COD removal), making them more 

amenable for biodegradation (Lucas et al. 2007; Tantak & Chaudhari 2006; Lodha & Chaudhari 

2007). Although these results are highly promising and speaking in favor of the combined 

method, it should be noted that our results were obtained for simple water solutions and further 

research is needed with real-world textile effluents. Such effluents generally represent more 

complex solutions, due to higher organic loads and matrix effects of various additives, which 

may impact the decolorization efficacy. However, preliminary experiments using such effluents 

unfortunately yielded interpretation problems due to the increased complexity of the medium 

and adverse effects on the measurements. Also, upscaling experiments are important to 

consider, especially for long term stability of the system.  

 

Activated sludge microbial communities contain azo dye-degrading bacteria that can be 

exploited for enhanced purification of textile wastewaters 

Instead of combining a biological with chemical treatment to enhance purification of textile 

wastewater, another alternative is the application of microorganisms with dye-degrading 

capabilities. In this regard, however, it is of utmost importance that the applied microbes thrive 

and perform well under the environmental conditions experienced in the WWTP. Azo dye 

decolorizing bacteria have been isolated from diverse habitats, including soil, water, colored 

effluents, contaminated food materials and human/animal secretions (Rafii et al. 1990; Pandey 

et al. 2007; Modi et al. 2010; Jain et al. 2012). However, most of these strains are most likely 

not able to maintain enzyme activity and viability/growth in harsh environmental conditions 

such as textile. By contrast, it is reasonable to assume that isolates from textile WWTPs are 

able to do so and able to outcompete less adapted strains upon inoculation in textile WWTPs. 

So far only few studies have assessed the presence of dye-degrading microorganisms in 

activated sludge from textile WWTPs (e.g., Dafale et al. 2008; Tony et al. 2009b; Ayed et al. 

2010). Nevertheless, based on the results obtained in this PhD it can be expected that promising 

microorganisms can be isolated from these habitats (Chapter 3; Meerbergen et al. 2017b). 

Therefore, the aim of Chapter 5 was to isolate and characterize bacterial strains capable of 

decolorizing and/or degrading azo dyes commonly applied in textile production (monoazo dye 

Reactive Orange 16 and diazo dye Reactive Green 19) from activated sludge systems used in 
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the treatment of (textile) wastewater. Plating of the investigated samples resulted in a collection 

of 125 bacterial isolates belonging to Proteobacteria (49.6 %), Firmicutes (34.4 %), 

Actinobacteria (12.0 %) and Bacteroidetes (4.0 %). Following a prescreening of the isolates for 

their decolorization potential, five strains belonging to the genera Acinetobacter, Klebsiella and 

Pseudomonas were retained for further evaluation of their decolorization rate and effects of 

physicochemical parameters using a microtiter plate method. These genera were also detected 

by the culture-independent microbial community analysis of the activated sludge systems 

investigated in Chapter 3, albeit at low relative abundance. Of those five strains, one strain 

belonging to the genus Acinetobacter (ST16.16/164) and another belonging to Klebsiella 

(ST16.16/034) outperformed the other tested strains. Interestingly, it was suggested that this 

Acinetobacter strain possibly represents a novel species, which is closely related to A. johnsonii. 

Acinetobacter species are widespread, occurring in diverse habitats, and new species are 

regularly observed and described. Further research is needed to confirm that a new 

Acinetobacter species was found in this study. Such study would include both phenotypic and 

genotypic analyses in comparison with type strains of the most closely related species. Standard 

phenotypic tests include analysis of morphological traits, analysis of fatty acid methyl ester 

composition, and analysis of biochemical, physiological and metabolic characteristics (e.g., 

utilization of carbon and nitrogen sources, growth requirements (anaerobic or aerobic; 

temperature optimum and range, pH optimum and range), preferred osmotic conditions, 

production of enzymes, production of fermentation products, production of antimicrobial 

compounds, resistance to metabolic inhibitors and antibiotics, etc.). Genotypic characterization 

typically contains comparative sequence analysis of several genes, DNA-DNA hybridization 

and determination of the DNA G+C content. Additionally, whole genome sequencing is 

increasingly performed to help classifying the organism (Stackebrandt et al. 2002). Both 

Acinetobacter and Klebsiella are known to harbor species which can efficiently decolorize and 

degrade azo dyes (e.g., Yu et al. 2012; Lokesh & Sivakiran 2014). Both strains investigated in 

our study exhibited strong decolorization ability (> 80%) within a wide temperature range (20 

°C to 40 °C) and retained good decolorization activity at temperatures as low as 10 °C 

(especially strain ST16.16/034). Among the different pH values tested (4, 7 and 10), highest 

dye removal for both strains occurred under neutral conditions (pH 7), with decolorization 

efficiency remaining relatively high under alkaline conditions (pH 10), which is also important 

as such alkaline conditions frequently occur in textile wastewater. Additionally, neither isolates 

decolorization efficiency was negatively impacted by high salt or high dye concentration. 

Furthermore, both strains displayed the highest rate of decolorization and were able to 
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completely (ST16.16/034) or partly (ST16.16/164) degrade the azo dyes. A major advantage of 

these strains is their good performance under a wide variety of harsh environmental conditions, 

making them ideal candidates for the treatment of industrial wastewaters containing azo dyes.  

The effect of several carbon (glucose, lactose, maltose, mannitol, sucrose and xylose) 

and nitrogen sources (yeast extract, peptone, ureum, NH4Cl, NH4NO3 and (NH4)2SO4) was 

tested on the decolorization capacity of the strains. In general, not much differences were 

recorded between the different treatments. Nevertheless, addition of lactose had a negative 

impact on the decolorization activity for all strains including reference strain LMG21668 (more 

pronounced for RG19), whereas NH4NO3 had a negative impact on the decolorization activity 

for strains ST16.16/034, ST16.16/165 and LMG21668. Further experiments are needed to 

reveal the mechanisms behind these observations. Growth experiments using sole sources of 

carbon and nitrogen can complement the experiment and help interprete obtained results. By 

doing so, it can be determined whether or not the strains are able to consume and grow on these 

compounds. In specific cases, the addition of carbon sources may repress decolorization activity 

by carbon catabolite repression, meaning that in the presence of a highly preferred carbon 

source the genes required for utilization of the secondary carbon sources (in this case the azo 

dye) may not be expressed, or preexisting enzymes may become inactivated to prevent a waste 

of resources (Deutscher 2008). Furthermore, in this study only analytically pure compounds 

were tested which are relatively expensive. For implementation in practice, cheaper 

supplementary carbon and nitrogen sources should be searched and evaluated in future work. 

One such example is molasses, an inexpensive carbon source that could be used in a large-scale 

operation at low cost (Quan et al. 2005). 

Intermediate products of azo dyes can be toxic, emphasizing the need for further 

research regarding potential risks of the intermediates to health and environment. 

Decolorization of colored wastewater without complete dye degradation could be sufficient for 

the reuse of the water in industry processes as long as the generated intermediates show no 

environmental impact (Parmar & Shukla 2015). Nevertheless, many toxic metabolites can be 

formed during azo dye degradation such as aromatic amines and other benzene and naphtelene 

related compounds, requiring additional microorganisms or other methods to completely 

remove the azo dye metabolites (Saratale et al. 2011). Furthermore, as both promising isolates 

belong to genera harboring opportunistic pathogens, also in this regard further research is 

needed assessing potential health hazards. Additionally, before implementing the strains in the 

treatment of colored wastewaters, further upscaling using larger test volumes is needed as 
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results obtained under standard laboratory conditions cannot always be directly extrapolated to 

practical conditions. 

 

6.2 Research perspectives 

Although this PhD study has further increased our understanding of activated sludge microbial 

communities from textile WWTPs and their use in decolorization and degradation of reactive 

azo dyes, there are several routes possible for further investigation. For example, in addition to 

the general parameters investigated in Chapter 3 (e.g. BOD, COD, pH, temperature and 

conductivity), which were found to partly explain the differences between microbial 

communities in textile and municipal WWTPs, it is reasonable to assume that other parameters 

such as sludge retention time, dye class and concentration, and the variety and amount of 

chemical additives may also have a strong impact on the microbial community structure as most 

of these compounds (and mixtures thereof) can exhibit toxic effects (Puvaneswari et al. 2006). 

Indeed, dyes and their derivatives not only cause damage to plants, fish and mammals, but may 

also have toxic effects on microbial populations and thereby eliminate particular populations 

from the ecosystem (Üstün et al. 2007). Furthermore, metal ions that are present may impact 

microbial populations, and thus the extablishment of microbial communities (Foo & Hameed 

2010).   

 Secondly, in this thesis a sequential chemical and activated sludge treatment was found 

to be promising for efficient decolorization of reactive azo dyes. Although such combination of 

a chemical and biological treatment is expected to be more cost-effective compared to only a 

chemical treatment, an economic analysis comparing both treatment technologies still remains 

to be done. However, performing such analysis may be challenging due to the high number of 

variables involved, including varying amortization, raw materials, energy and labor costs. 

Further, despite the apparent huge potential of using Fenton’s reagent as a pretreatment, 

disadvantages for application on a larger scale could still involve high reagent costs, high input 

of energy and production of iron sludge waste (Azbar et al. 2004). Besides the use of Fenton 

processes, promising alternatives such as electrochemical AOPs could be investigated as well 

to further improve the combined treatment, as they typically provide several advantages for 

prevention and remediation of pollution problems by the use of electrons, which are a clean 

reagent (Martínez-Huitle & Brillas 2009). Another, even more important task is to characterize 

the environmental toxicity and health effects of the partially treated wastewaters, as the 

intermediate products can be more toxic than the original compound(s), not only inhibiting 
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biological processes for further degradation (O’Neill et al. 1999), but also posing major risks to 

human health and environment (e.g., Nilsson et al. 1993; Vandevivere et al. 1998). Examples 

of such compounds include several aromatic amines and phenolic compounds, based on the 

original dye structure. Harmful effects of contaminants on humans and the environment cannot 

be assessed by standard chemical analyses as such analyses only provide information about the 

absolute concentrations of known chemicals in the environmental sample without an adequate 

interpretation of its true toxicity to biota. Moreover, compounds that are toxic below the 

analytical detection limit or new compounds that are not yet present in available databases, can 

not be detected in this way. Another limitation of chemical methods is the lack of information 

about the combined toxicity of different compounds such as additive, synergistic or antagonistic 

effects (Logar & Vodovnik 2007). Therefore, toxicity tests using living organisms or cells are 

currently the standard for monitoring environmental toxicity. Many different biological 

methods based on wildtype or genetically modified microorganisms, have already been 

successfully applied to environmental toxicity/genotoxicity assessment, including assays 

applying bacteria, microalgae, protozoa or yeasts (Pauli et al. 1993; Stauber et al. 2002; Van 

Gompel et al. 2005; Parvez et al. 2006). Other methods include the use of microbial biosensors, 

immunoassays and endocrine disruptor assays (Harris 1999; Rodriguez-Mozaz et al. 2004; 

Leskinen et al. 2005). Many of them are also standardized and commercially available (Logar 

& Vodovnik 2007). 

In this PhD thesis, we assessed the combination of a chemical pretreatment followed by 

a biological treatment. However, when the textile effluent would not inhibit microbial activity, 

it could also be an option to implement the AOP as a posttreatment and the biological process 

as a pretreatment to remove easily degradable COD and nutrients before applying the chemical 

treatment. In particular, removal of easily degradable COD and nutrients during the biological 

treatment will reduce the chemical reagent requirements, and thus reduce the cost of the AOP 

treatment. Irrespective of the method or combination of methods used, it is clear that toxicity is 

an important characteristic which should be taken into account together with an economic 

analysis of the treatment. Unfortunately, no single AOP/combined treatment will be universally 

appropriate for the different kinds of textile effluents, each containing different amounts and 

types of dyes and other chemicals (Holkar et al. 2016), making the development of a universal 

textile wastewater treatment highly challenging.  

 Another approach that merits further investigation is bioaugmentation for enhanced 

decolorization of textile effluents. Several efforts have been performed to isolate and 

characterize microorganisms that are able to degrade synthetic dyes (as also done in this study). 
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However, more research is necessary on their mode of action and how these microorganisms 

should be applied to obtain maximum degradation capacity. It has been demonstrated that azo 

bonds of azo dyes are cleaved more efficiently by reductive enzymes under microaerophilic 

conditions while oxidative enzymes for detoxification of formed amines work better at aerobic 

conditions (Duran & Esposito 2000), making sequential microaerophilic/aerobic processes a 

promising approach for decolorization and detoxification of textile effluents (Lade et al. 2015b). 

With regard to the inoculation strategy, a first option is the inoculation of selected strains into 

existing water treatment systems to accelerate the removal of undesired pollutants. Previous 

research has been performed on various types of wastewater such as textile industry wastewater, 

but was mainly focused on lab-scale reactors, while full-scale applications are only rarely 

reported (e.g., Chen et al. 2006). However, as laboratory-derived results cannot always be 

extrapolated to the real environment, process performance based on lab results is often 

unpredictable and needs follow-up research on a bigger scale. Successful bioaugmentation 

largely depends on the behavior and activity of the inoculated microorganisms in the 

environment where they are introduced, making it very important that the growth rate of the 

used strains is higher than, for example, the predation rate or wash-out in the system (El 

Fantroussi & Agathos 2005). To avoid this, repeated inoculation of the pollutant-degrading 

microorganisms would be necessary (Singer et al. 2005). However, although periodic strain 

inoculation could ensure that the system generates enough biomass, associated costs will 

increase and the whole operation will become more complex. As an alternative, microbial cells 

could be immobilized on a support along which the effluent is applied, giving the possibility 

for repeated use of the microbial cultures. Additional advantages of immobilizing the microbial 

cells include longer retention times and protection against washout, with the cells being less 

sensitive to toxic compounds present in the effluents (Massalha et al. 2010; Kampmann et al. 

2014). Several immobilization methods are available these days (e.g. entrapment, encapsulation 

etc.), but entrapment in alginate gel beads is often used due to its ease of use, low cost and low 

toxicity (Tan et al. 2014). These beads could also encapsulate specific nutrient sources for 

optimal growth and activity. Candidate compounds can be selected based on the results obtained 

in Chapter 5. Nevertheless, large scale application would require the use of cheap substrates to 

be competitive with other treatment technologies currently applied. However, before applying 

strains in the practical treatment of colored wastewaters, potential health risks of the applied 

strains should be investigated. In this study, for example, strains of Klebsiella and Acinetobacter 

were found to be highly promising for decolorization and degradation of azo dyes. 

Nevertheless, as these strains belong to genera harboring opportunistic pathogens, further 
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research is needed regarding potential risks to health and environment. As an alternative one 

could also use purified dye-degrading enzymes by which health risks associated with the 

microbial cells are circumvented. Such approach has attracted a lot of interest in the last couple 

of years as the application of bioremediation-related enzymes is independent of cell physiology 

and microbial metabolism. Furthermore, bioremediation using the cells themselves can be 

effective only where the environmental conditions permit microbial growth and activity 

(Husain et al. 2006). Potential enzymes that could be used for dye removal include peroxidases, 

manganese peroxidases, lignin peroxidases, laccases, microperoxidase-11, polyphenol oxidases 

and azoreductases, which all have been found in microorganisms and were able to decolorize 

and degrade dyes (Singh et al. 2015). The best option to employ these enzymes is based on 

immobilization, since soluble enzymes cannot be exploited at a large scale due to several 

limitations such as low stability, no reusability and high costs (Zille et al. 2003). Several 

methods have been reported for immobilization of enzymes (comparable to the cell 

immobilization mentioned above), including adsorption, entrapment, encapsulation, covalent 

binding and cross-linking (Asgher et al. 2014; Bilal et al. 2017). Immobilized enzyme 

formations are advantageous due to longer lifetime and reuse of the enzyme, reducing costs for 

the treatment (Khan et al. 2010). Moreover, as a result of the immobilization and the protective 

effect of the matrix, immobilized enzymes are more resistant to changes of environmental 

parameters such as temperature, pH or inhibitory effects of different compounds (Guzik et al. 

2014). So far practical applications of immobilized enzymes in biotechnological processes on 

a large scale are still limited, but future improvement of the properties of the immobilized 

biocatalyst can be achieved using genetic engineering or further chemical modification of both 

enzymes and support (Guzik et al. 2014). Chemical modification of the support may change the 

nature of the hydrophobic matrix by incorporation of different groups such as epoxy groups. 

The usage of modified support improves the immobilization rate and orientation of the protein 

on the support. Likewise, genetic engineering and/or chemical modification of proteins allow 

immobilization of enzymes at a well-defined position. Additionally, the use of modern 

biotechnology techniques may lead to enzyme systems with improved effects at diverse 

physiological conditions of temperature and pH resulting in increased efficiency with lesser 

energy consumption and lower costs (Gurung et al. 2013). 

Finally, it should be noted that the decolorization experiments performed in this thesis 

were carried out in simple water solutions. Consequently, further research is needed with real-

world textile effluents. Such effluents represent more complex solutions, due to higher organic 

loads and matrix effects of various additives, which may impact the decolorization efficacy of 
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the chemical and/or biological treatments applied. As an intermediate step, synthetic 

wastewater can be used, mimicking the matrix effects of real-world textile effluents. As 

opposed to real-world samples, the use of synthetic wastewater allows to perform experiments 

under standardized conditions. Such synthetic wastewaters were also used in this thesis, but, 

unfortunately yielded interpretation problems due to the increased complexity of the medium. 

It was for example noticed that high salt concentrations and other additives adversely affected 

spectrophotometric measurements due to precipitation effects. Further research could aim at the 

optimization of such model solutions, e.g. by gradually adding different key compounds to the 

medium and investigating their effect (first individually, then in combinations). Furthermore, 

color measurements in real samples are challenging as the final color is often the result of a 

combination of dyes. The ADMI (American Dye Manufacturers’ Institute) Color Index was 

developed to monitor the color of wastewater effluent as an indicator of water quality (Allen et 

al. 1972), and could theoretically be used to measure the color in real textile wastewaters as 

well decolorization abilities. ADMI is a single metric based on the Adams Nickerson (ANLab) 

color difference between water and the visual Pt-Co liquid color standards that is independent 

of hue (McLaren et al. 1970). Nevertheless, the method is not evenly suited for all types of 

water and is based on a reference scale giving no absolute values. 

 

6.3 Implementation of research results 

Based on the knowledge gathered during this study, (at least) two pathways can be proposed 

for treatment of dye-containing textile wastewater. A first option involves initial treatment of 

the textile wastewater with an AOP treatment, such as the Fenton reaction investigated in 

Chapter 4, followed by a biological treatment. Without such pretreatment, most synthetic dyes 

and other chemicals from the wastewater will resist microbial attack, and will not be degraded 

by existing biological treatments. Or the biological process will act too slow or not efficient 

enough. However, it is clear that the type and concentration of the chemicals used in the 

pretreatment should be thoroughly chosen. It can be anticipated that this will be strongly 

dependent on the composition of the wastewater (chemical load, organic load, complexity of 

the dyes etc.). The impact of these aspects on dye degradation was, however, not investigated 

in this study. Furthermore, to develop a cost-effective combination, the optimum point should 

be found where the primary xenobiotic compounds are degraded into secondary, biodegradable 

rest products before being completely mineralized by the chemical treatment method to reduce 

treatments costs. As a result, the rest stream could then flow to the biological treatment system 
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(activated sludge) where the dye rest products and other remaining chemicals are transformed 

and removed.  

The second option would involve the use of highly effective dye-decolorizing strains, 

in combination with a regular biological treatment. In this regard, an immobilized reactor 

system (optimized for optimal performance of the microorganisms) (Lade et al. 2015a) to which 

azo dye degrading organisms (single strains or a combination of strains able to perform dye 

degradation over a wide range of environmental conditions) are attached is highly promising 

and could possibly be used. Bioaugmentation by direct inoculation of the strains, e.g. in 

activated sludge systems, would most probably lead to inconsistent results as the strains may 

be eliminated by competition with other microbes or being washed out. In such reactor systems, 

effluent wastewater can flow through the reactor while being decolorized by the 

microorganisms. In order to increase decolorization efficiency the wastewater can be recycled 

until a status (dependent on the decolorization rate of the microorganisms) is obtained after 

which the wastewater can be further dispensed in the existing activated sludge systems for 

treatment of the remaining, more biodegradable compounds.  

The choice between the options will be dependent on many factors, including associated 

costs, wastewater composition, concentration of the (aiding) chemicals, possible initial toxicity 

and the easiness to implement one of the two systems in a wastewater treatment plant. An 

important advantage of the first option is that the chemical treatment will most probably also 

oxidize other harmful compounds next to the synthetic dyes, while the microbial strains applied 

in the second method may not have such activity. Further research is needed to investigate such 

scenarios. Altogether, we can conclude that a lot can be learned from this thesis, but it is also 

clear that there is much more to learn before effectively implementing and valorizing the 

research results. 
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Supplementary files 

Appendix to Chapter 1: No supplementary files for Chapter 1 

 

Appendix to Chapter 2:  

Table S2.1 Fusion primer component sequences and structurea. 

454 GS-FLX+ Lib-L Adapter Sequences 

Application Adapter Sequence (5’-3’) 

Forward Fusion 

Primers Adaptor “A” CCATCTCATCCCTGCGTGTCTCCGACTCAG 

Reverse Fusion 

Primers Adapter “B” CCTATCCCCTGTGTGCCTTGGCAGTCTCAG 

Target Specific Primer Sequences 

Combination Target Primer Sequence (5’-3’) Direction 

S-D-Bact-0341-b-S-17  V3-V4 Bakt341F CCTACGGGNGGCWGCAG Forward 

S-D-Bact-0785-a-A-21   Bakt805R GACTACHVGGGTATCTAATCC Reverse 

S-D-Arch-0519-a-S-15 V4-V6 A519F CAGCMGCCGCGGTAA Forward 

S-D-Arch-1041-a-A-18   Arch1017R GGCCATGCACCWCCTCTC Reverse 

Multiplex Identifier Sequences (MIDs)b 

MID-1 ACGAGTGCGT MID-26 ACTACTATGT 

MID-4 AGCACTGTAG MID-29 AGCGTCGTCT 

MID-5 ATCAGACACG MID-30 AGTACGCTAT 

MID-17 TGTACTACTC MID-43 TCTATACTAT 

MID-18 ACGACTACAG MID-44 TGACGTATGT 

MID-19 CGTAGACTAG MID-45 TGTGAGTAGT 

Multiplex Identifier (MID) Usage 

Archaea Eubacteria 

Activated sludge T1 MID-1 Activated sludge T1 MID-26 

Activated sludge T2 MID-7 Activated sludge T2 MID-29 

Activated sludge T3 MID-5 Activated sludge T3 MID-30 

Activated sludge M1 MID-17 Activated sludge M1 MID-43 

Activated sludge M2 MID-18 Activated sludge M2 MID-44 

Activated sludge M3 MID-19 Activated sludge M3 MID-45 

Fusion Primer Concatemer Structure 

Forward Fusion 

Primers 5’ – Adapter “A” – MID – Forward Target Specific Primer – 3’ 

Reverse Fusion 

Primers 5’ – Adapter “B” – Reverse Target Specific Primer – 3’ 
a Fusion Primers designed for Roche GS-FLX+ XLR70 instrument and Lib-L Titanium chemistry (Roche 

Applied Science, Mannheim, Germany). 

b Multiplex identifier sequences were selected from extended MID set TCB No: 005-2009 (Roche Applied 

Science, Mannheim, Germany). 
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Appendix to Chapter 3: 

 

Figure S3.1 Rarefaction curves generated for each activated sludge sample, illustrating accumulated number of 

operational taxonomic units (OTUs) (based on a DNA dissimilarity cut-off value of 3%) for archaea (A; 18 

samples) and bacteria (B; 22 samples). For archaea, rarefaction curves generally tended to approach saturation; for 

bacteria rarefaction curves did not reach clear saturation. Solid blue lines represent activated sludge samples 

originating from textile WWTPs, green dotted lines represent samples from municipal WWTPs and red dot-dash 

lines are used for a plant dealing with both textile and municipal wastewater. 
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Figure S3.2 Relative abundance of archaeal and bacterial phyla in activated sludge sample R1_F (originating from 

a municipal wastewater treatment plant; sampled in February). Phyla representing less than 1 % of the total amount 

of sequences are referred to as ’Others’.  

 

Figure S3.3 Relative abundance of archaeal and bacterial phyla in activated sludge sample R1_J (originating from 

a municipal wastewater treatment plant; sampled in July). Phyla representing less than 1 % of the total amount of 

sequences are referred to as ’Others’.  
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Figure S3.4 Relative abundance of archaeal and bacterial phyla in activated sludge sample R2_F (originating from 

a municipal wastewater treatment plant; sampled in February). Phyla representing less than 1 % of the total amount 

of sequences are referred to as ’Others’.  

Figure S3.5 Relative abundance of archaeal and bacterial phyla in activated sludge sample R2_J (originating from 

a municipal wastewater treatment plant; sampled in July). Phyla representing less than 1 % of the total amount of 

sequences are referred to as ’Others’.  
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Figure S3.6 Relative abundance of archaeal and bacterial phyla in activated sludge sample R3_F (originating from 

a municipal wastewater treatment plant; sampled in February). Phyla representing less than 1 % of the total amount 

of sequences are referred to as ’Others’.  

 

Figure S3.7 Relative abundance of archaeal and bacterial phyla in activated sludge sample R3_J (originating from 

a municipal wastewater treatment plant; sampled in July). Phyla representing less than 1 % of the total amount of 

sequences are referred to as ’Others’.  
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Figure S3.8 Relative abundance of archaeal and bacterial phyla in activated sludge sample R4_F (originating from 

a municipal wastewater treatment plant; sampled in February). Phyla representing less than 1 % of the total amount 

of sequences are referred to as ’Others’.  

 

Figure S3.9 Relative abundance of archaeal and bacterial phyla in activated sludge sample R4_J (originating from 

a municipal wastewater treatment plant; sampled in July). Phyla representing less than 1 % of the total amount of 

sequences are referred to as ’Others’.  
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Figure S3.10 Relative abundance of archaeal and bacterial phyla in activated sludge sample R5_F (originating 

from a municipal wastewater treatment plant; sampled in February). Phyla representing less than 1 % of the total 

amount of sequences are referred to as ’Others’.  

 

Figure S3.11 Relative abundance of archaeal and bacterial phyla in activated sludge sample R5_J (originating 

from a municipal wastewater treatment plant; sampled in July). Phyla representing less than 1 % of the total amount 

of sequences are referred to as ’Others’.  
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Figure S3.12 Relative abundance of bacterial phyla in activated sludge sample T1_F (originating from a textile 

wastewater treatment plant; sampled in February). Phyla representing less than 1 % of the total amount of 

sequences are referred to as ’Others’.  

 

Figure S3.13 Relative abundance of archaeal and bacterial phyla in activated sludge sample T1_J (originating 

from a textile wastewater treatment plant; sampled in July). Phyla representing less than 1 % of the total amount 

of sequences are referred to as ’Others’.  
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Figure S3.14 Relative abundance of archaeal and bacterial phyla in activated sludge sample T2_F (originating 

from a textile wastewater treatment plant; sampled in February). Phyla representing less than 1 % of the total 

amount of sequences are referred to as ’Others’.  

 

Figure S3.15 Relative abundance of archaeal and bacterial phyla in activated sludge sample T2_J (originating 

from a textile wastewater treatment plant; sampled in July). Phyla representing less than 1 % of the total amount 

of sequences are referred to as ’Others’.  
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Figure S3.16 Relative abundance of bacterial phyla in activated sludge sample T3_F (originating from a textile 

wastewater treatment plant; sampled in February). Phyla representing less than 1 % of the total amount of 

sequences are referred to as ’Others’.  

 

Figure S3.17 Relative abundance of archaeal and bacterial phyla in activated sludge sample T3_J (originating 

from a textile wastewater treatment plant; sampled in July). Phyla representing less than 1 % of the total amount 

of sequences are referred to as ’Others’.  
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Figure S3.18 Relative abundance of bacterial phyla in activated sludge sample T4_F (originating from a textile 

wastewater treatment plant; sampled in February). Phyla representing less than 1 % of the total amount of 

sequences are referred to as ’Others’.  

 

Figure S3.19 Relative abundance of archaeal and bacterial phyla in activated sludge sample T4_J (originating 

from a textile wastewater treatment plant; sampled in July). Phyla representing less than 1 % of the total amount 

of sequences are referred to as ’Others’.  
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Figure S3.20 Relative abundance of bacterial phyla in activated sludge sample T5_F (originating from a textile 

wastewater treatment plant; sampled in February). Phyla representing less than 1 % of the total amount of 

sequences are referred to as ’Others’.  

 

Figure S3.21 Relative abundance of archaeal and bacterial phyla in activated sludge sample T5_J (originating 

from a textile wastewater treatment plant; sampled in July). Phyla representing less than 1 % of the total amount 

of sequences are referred to as ’Others’.  
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Figure S3.22 Relative abundance of archaeal and bacterial phyla in activated sludge sample TR1_F (originating 

from a plant treating both textile and municipal wastewater; sampled in February). Phyla representing less than 1 

% of the total amount of sequences are referred to as ’Others’.  

 

Figure S3.23 Relative abundance of archaeal and bacterial phyla in activated sludge sample TR1_J (originating 

from a plant treating both textile and municipal wastewater; sampled in July). Phyla representing less than 1 % of 

the total amount of sequences are referred to as ’Others’. 

 

 

 

  



 

  

176 

 

Table S3.1 Fusion primer component sequences and structurea  

454 GS-FLX+ Lib-L Adaptor Sequences 

Application Adapter Sequence (5’-3’) 

Forward Fusion Primers Adaptor “A” CCATCTCATCCCTGCGTGTCTCCGACTCAG 

Reverse Fusion Primers Adapter “B” CCTATCCCCTGTGTGCCTTGGCAGTCTCAG 

Target Specific Primer Sequences 

Combination Target Primer Sequence (5’-3’) Direction 

S-D-Bact-0341-b-S-17  V3-V4 Bakt341F CCTACGGGNGGCWGCAG Forward 

S-D-Bact-0785-a-A-21   Bakt805R GACTACHVGGGTATCTAATCC Reverse 

S-D-Arch-0519-a-S-15 V4-V6 A519F CAGCMGCCGCGGTAA Forward 

S-D-Arch-1041-a-A-18   Arch1017R GGCCATGCACCWCCTCTC Reverse 

Multiplex Identifier Sequences (MIDs)b 

MID-1 ACGAGTGCGT MID-28 ACTACTATGT 

MID-3 AGACGCACTC MID-30 AGACTATACT 

MID-4 AGCACTGTAG MID-31 AGCGTCGTCT 

MID-5 ATCAGACACG MID-32 AGTACGCTAT 

MID-6 ATATCGCGAG MID-33 ATAGAGTACT 

MID-8 CTCGCGTGTC MID-35 CAGTAGACGT 

MID-17 CGTCTAGTAC MID-42 TCGATCACGT 

MID-18 TCTACGTAGC MID-43 TCGCACTAGT 

MID-19 TGTACTACTC MID-44 TCTAGCGACT 

MID-20 ACGACTACAG MID-45 TCTATACTAT 

MID-21 CGTAGACTAG MID-46 TGACGTATGT 

Multiplex Identifier (MID) Usage 

Archaea Eubacteria 

Activated sludge T1 MID-1 Activated sludge T1 MID-28 

Activated sludge T2 MID-3 Activated sludge T2 MID-30 

Activated sludge T3 MID-4 Activated sludge T3 MID-31 

Activated sludge T4 MID-5 Activated sludge T4 MID-32 

Activated sludge T5 MID-8 Activated sludge T5 MID-35 

Activated sludge TR1 MID-6 Activated sludge TR1 MID-33 

Activated sludge R1 MID-17 Activated sludge R1 MID-42 

Activated sludge R2 MID-18 Activated sludge R2 MID-43 

Activated sludge R3 MID-19 Activated sludge R3 MID-44 

Activated sludge R4 MID-20 Activated sludge R4 MID-45 

Activated sludge R5 MID-21 Activated sludge R5 MID-46 

Fusion Primer Concatemer Structure 

Forward Fusion Primers 5’ – Adapter “A” – MID – Forward Target Specific Primer – 3’ 

Reverse Fusion Primers 5’ – Adapter “B” – Reverse Target Specific Primer – 3’ 

a Fusion Primers designed for Roche GS-FLX+ XLR70 instrument and Lib-L Titanium chemistry (Roche 

Applied Science, Mannheim, Germany). 

b Multiplex identifier sequencers were selected from extended MID set TCB No: 005-2009 (Roche Applied 

Science, Mannheim, Germany). 
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Table S3.2 Real-time quantitative PCR primers used in this study. 

Target 
Taxonomic affiliation 

(Silva v. 119/Midas) 
Primer name Primer sequence (5'-3') 

Fragment 

length 

(bp) 

OTU23 Rhodoferax sp. 
OTU23_F2 GCA ATG CCG CGT GCA GGA C 

110 
OTU23_R1 GGT ACC GTC ATT AGC CTC TC 

OTU217 Planctomyces sp. 
OTU217_F1 CCT GAC CGA GCG ACG CTA 

199 
OTU217_R1 GAC CGC CTA CGC ACC CTG 

amoA gene  amoA_1F GGG GTT TCT ACT GGT GGT 
491 

  amoA_2R CCC CTC KGS AAA GCC TTC TTC 

nirK gene  nirK_1F GGM ATG GTK CCS TGG CA 
514 

  nirK_5R GCC TCG ATC AGR TTR TGG TT 

 

Table S3.3 List of identified archaeal and bacterial phyla in the activated sludge samples from textile and 

municipal wastewater treatment systems (WWTPS) (Silva v.119/Midas). 

Domain WWTP Phylum 

Archaea Both Euryarchaeota Thaumarchaeota 
 

Textile 
   

Municipal 
   

Bacteria Both Proteobacteria Bacteroidetes Planctomycetes 

Chloroflexi Verrucomicrobia Actinobacteria 

Candidatus_Parcubacteria Chlorobi Candidatus_Gracilibacteria 

Candidatus_WCHB1-60 Cyanobacteria Candidatus_SHA-109 

Gemmatimonadetes Candidatus_Absconditabacteria Spirochaetae 

Chlamydiae Elusimicrobia Candidatus_Latescibacteria 

Candidatus_TA06 Candidatus_Saccharibacteria Acidobacteria 

Firmicutes Lentisphaerae Candidatus_BRC1 

Nitrospirae 
  

Textile Candidatus_OC31 Armatimonadetes Deferribacteres 

Candidatus_GOUTA4 Candidatus_Microgenomates 
 

Municipal Fusobacteria Fibrobacteres Synergistetes 

Tenericutes Candidatus_Dependentiae   
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Table S3.4 List of identified archaeal and bacterial genera in the activated sludge samples from textile and 

municipal wastewater treatment systems (WWTPs) (Silva v.119/Midas). 

Domain WWTP Phylum 

Archaea Both Methanobacterium Methanobrevibacter Methanocorpusculum  
Methanobrevibacter Methanocorpusculum Methanoculleus  
Methanofollis Methanolinea Methanomassiliicoccus  
Methanomethylovorans Methanoregula Methanosaeta  
Methanosarcina Methanosphaera Methanosphaerula  
Methanospirillum 

  

Textile Methanothermobacter Rice_Cluster_I Candidatus_ 

Nitrosoarchaeum  
Methanocalculus 

  

Municipal Candidatus_ 

Methanomethylophilus 

Methanimicrococcus Methanogenium 

Bacteria Both 188up 32C6 35-7A 

A0837 A21b Acidovorax 

Acinetobacter Aeromicrobium Aeromonas 

AK1DE1 Altererythrobacter Anaerolinea 

Arcobacter Arenimonas B3-65 

B63 Bacteriovorax Bacteroides 

BD1-7_clade Bdellovibrio Bifidobacterium 

C1-B045 Candidatus_Accumulibacter Candidatus_ 

Accumulimonas 

Candidatus_Epiflobacter Candidatus_Microthrix Candidatus_Sarcinathrix 

Candidatus_Xenovorus Cloacibacterium CPB_C22&F32 

CPB_S60 CYCU-0281 Dechloromonas 

Desulfomicrobium Dokdonella Ferribacterium 

Ferruginibacter Filimonas Flavobacterium 

Fodinibacter Gemmata Gemmatimonas 

H106 Haliangium Haliea 

Halioglobus Haliscomenobacter Hirschia 

HTG5 Hydrogenophaga Hyphomicrobium 

Iamia Ignavibacterium K2-30-37 

Lautropia M05-Pitesti Macellibacteroides 

Methylorosula Microbacterium ML817J-10 

mle1-48 MNG7 Mycobacterium 

Nannocystis Nitrospira oca15 

Opitutus Ottowia P2CN44 

P58 Paludibacter PeM15 

Peredibacter Perlucidibaca Phaselicystis 

PHOS-HE28 PHOS-HE31 Pir4_lineage 

Pirellula Piscinibacter Planctomyces 

Polaromonas Prevotella Prosthecobacter 

Proteiniclasticum Pseudomonas QEDR3BF09 

QEEB1BB10 Ramlibacter Reyranella 

Rhizomicrobium Rhodobacter Rhodoferax 

Rickettsia rJ14 Roseomonas 

Sandaracinus SBR1029 SBRFL126 

S-Btb7_22 Schlesneria Shewanella 

Simplicispira Skagen138 Skagenf80 

SM1A02 Sorangium spb280 

Sphingobium Sphingopyxis Stella 

Streptococcus Sulfuricurvum Sulfuritalea 
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Sulfurospirillum Tepidicella Thermomonas 

Thiothrix Trichococcus Turneriella 

Verrucomicrobium Woodsholea Zoogloea 

Zymomonas 
  

Textile Acetobacterium AKYG587 Alishewanella 

AKYG587 Alishewanella Alterococcus 

Aquicella Azovibrio B45 

Bauldia Bosea Bryobacter 

Bythopirellula Caldithrix Candidatus_ 

Alysiosphaera 

Candidatus_ 

Anammoximicrobium 

Candidatus_Rhabdochlamydia Chthoniobacter 

CL500-3 Coxiella Defluviicoccus 

Defluviimonas Denitratisoma Denitromonas 

Desulfobulbus Desulfomicrobium Desulfovibrio 

Dysgonomonas Escherichia-Shigella Hyphomonas 

K2-78 Legionella Leucobacter 

Levilinea Lewinella Litorilinea 

Mangroviflexus Marinicella Methylobacter 

Methyloversatilis Methylovulum MSB-1F2 

Nitrincola Parvibaculum Pedomicrobium 

Pelagibius Phycisphaera Propionibacterium 

Prosthecomicrobium Proteiniphilum Pseudolabrys 

Pseudonocardia Pseudospirillum Reichenbachiella 

Rhodococcus Rhodopirellula Robiginitalea 

Roseimicrobium Staphylococcus Steroidobacter 

Sva0081_sediment_group Tabrizicola Tessaracoccus 

Vibrio 
  

Municipal 12up Akkermansia Alistipes 

Aquabacterium Aquaspirillum Aquimonas 

Azoarcus Blastocatella Brevifollis 

Brevundimonas Bythopirellula Candidatus_ 

Obscuribacter 

CCM19a CD04 Cellvibrio 

Chitinivorax Chryseobacterium Citrobacter 

Comamonas Coprococcus CPB_P15&M38 

CPB_S18 Crocinitomix Cytophaga 

Desulfococcus Dialister Dietzia 

Faecalibacterium Fluviicola Fodinicola 

Formivibrio Geothrix Haloferula 

Hydrotalea Ilumatobacter Jatrophihabitans 

Kaga01 Klebsiella Kouleothrix 

Lacibacter Lactobacillus Lactococcus 

Leadbetterella Leptospira LF_BF07 

MK04 mle1-27 Nitrosomonas 

Nocardioides OM27_clade p-55-a5 

Parabacteroides Pedobacter Propioniciclava 

Raoultella Rhizobacter Runella 

Sandarakinorhabdus SBR2113 sbr-gs28 

Sediminibacterium Spirochaeta Sterolibacterium 

Subdoligranulum Tetrasphaera Tolumonas 

Tsukamurella vadinBC27_WW sludge group WCHB1-50 
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Appendix to Chapter 4:  

 

Figure S4.1 Rarefaction curves generated for each activated sludge sample investigated in this study, illustrating 

accumulated number of operational taxonomic units (OTUs) (based on a DNA dissimilarity cut-off value of 3 %) 

for bacteria (A; 6 samples) and fungi (B; 7 samples). For both bacteria and fungi, rarefaction curves generally 

tended to approach saturation, indicating that our sequencing depth was sufficient to describe the microbial 

communities. Sample identifiers “X_y_z” contain information about their origin: X: C = combination of chemical 

and microbial treatment, M = microbial treatment only; y = [RV5] (mg/L); and z = [H2O2] (mM). 
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Table S4.1 Fusion primer component sequences and structure for bacteriaa  

454 GS-FLX Lib-L Adaptor Sequences 

Application Adapter Sequence (5’-3’) 

Forward Fusion Primers Adaptor “A” CCATCTCATCCCTGCGTGTCTCCGACTCAG 

Reverse Fusion Primers Adapter “B” CCTATCCCCTGTGTGCCTTGGCAGTCTCAG 

Target Specific Primer Sequences 

Target Primer Sequence (5’-3’) Direction 

V3-V4 S-D-Bact-0341-b-S-17 CCTACGGGNGGCWGCAG Forward 

 S-D-Bact-0785-a-A-21 GACTACHVGGGTATCTAATCC Reverse 

Multiplex Identifier Sequences (MIDs)b 

MID-23 TACTCTCGTG MID-30 AGACTATACT 

MID-24 TAGAGACGAG MID-31 AGCGTCGTCT 

MID-25 TCGTCGCTCG MID-32 AGTACGCTAT 

MID-26 ACATACGCGT MID-33 ATAGAGTACT 

MID-27 ACGCGAGTAT MID-34 CACGCTACGT 

MID-28 ACTACTATGT MID-35 CAGTAGACGT 

MID-29 ACTGTACAGT MID-36 CGACGTGACT 

Multiplex Identifier (MID) Usage 

Activated sludge M_0_0_A MID-23 Activated sludge M_0_0_B MID-30 

Activated sludge M_100_0_A MID-24 Activated sludge M_100_0_B MID-31 

Activated sludge M_500_0_A MID-25 Activated sludge M_500_0_B MID-32 

Activated sludge C_500_2.0_A MID-26 Activated sludge C_500_2.0_B MID-33 

Activated sludge C_500_1.5_A MID-27 Activated sludge C_500_1.5_B MID-34 

Activated sludge C_500_1.0_A MID-28 Activated sludge C_500_1.0_B MID-35 

Activated sludge C_0_0_A MID-29 Activated sludge C_0_0_B MID-36 

Fusion Primer Concatemer Structure 

Forward Fusion Primers 5’ – Adapter “A” – MID – Forward Target Specific Primer – 3’ 

Reverse Fusion Primers 5’ – Adapter “B” – Reverse Target Specific Primer – 3’ 

a Fusion Primers designed for Roche GS-FLX XLR70 instrument and Lib-L Titanium chemistry (Roche 

Applied Science, Mannheim, Germany). 

b Multiplex identifier sequencers were selected from extended MID set TCB No: 005-2009 (Roche Applied 

Science, Mannheim, Germany). 
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Table S4.2 Fusion primer component sequences and structure for fungia  

454 GS-FLX Lib-L Adaptor Sequences 

Application Adapter Sequence (5’-3’) 

Forward Fusion Primers Adaptor “A” CCATCTCATCCCTGCGTGTCTCCGACTCAG 

Reverse Fusion Primers Adapter “B” CCTATCCCCTGTGTGCCTTGGCAGTCTCAG 

Target Specific Primer Sequences 

Target Primer Sequence (5’-3’) Direction 

ITS-2 ITS86F GTGAATCATCGAATCTTTGAA Forward 

 ITS4 TCCTCCGCTTATTGATATGC Reverse 

Multiplex Identifier Sequences (MIDs)b 

MID-20 ACGACTACAG MID-27 ACGCGAGTAT 

MID-21 CGTAGACTAG MID-28 ACTACTATGT 

MID-22 TACGAGTATG MID-29 ACTGTACAGT 

MID-23 TACTCTCGTG MID-30 AGACTATACT 

MID-24 TAGAGACGAG MID-31 AGCGTCGTCT 

MID-25 TCGTCGCTCG MID-32 AGTACGCTAT 

MID-26 ACATACGCGT MID-33 ATAGAGTACT 

Multiplex Identifier (MID) Usage 

Activated sludge M_0_0_A MID-20 Activated sludge M_0_0_B MID-27 

Activated sludge M_100_0_A MID-21 Activated sludge M_100_0_B MID-28 

Activated sludge M_500_0_A MID-22 Activated sludge M_500_0_B MID-29 

Activated sludge C_500_2.0_A MID-23 Activated sludge C_500_2.0_B MID-30 

Activated sludge C_500_1.5_A MID-24 Activated sludge C_500_1.5_B MID-31 

Activated sludge C_500_1.0_A MID-25 Activated sludge C_500_1.0_B MID-32 

Activated sludge C_0_0_A MID-26 Activated sludge C_0_0_B MID-33 

Fusion Primer Concatemer Structure 

Forward Fusion Primers 5’ – Adapter “A” – MID – Forward Target Specific Primer – 3’ 

Reverse Fusion Primers 5’ – Adapter “B” – Reverse Target Specific Primer – 3’ 

a Fusion Primers designed for Roche GS-FLX XLR70 instrument and Lib-L Titanium chemistry (Roche Applied 

Science, Mannheim, Germany). 

b Multiplex identifier sequencers were selected from extended MID set TCB No: 005-2009 (Roche Applied 

Science, Mannheim, Germany). 
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Table S4.3 List of bacterial operational taxonomic units (OTUs) identified in this study (Silva v.119 /Midas; cutoff value = 0.8). 

 

#OTU ID Kingdom Phylum Class Order Family Genus 

Sample 

M_0_0 M_100_0 M_500_0 C_0_0 C_500_1.5 C_500_1.0 

OTU10  Bacteria(100)  Proteobacteria(100)  Gammaproteobacteria(100)  Acidithiobacillales(100)  Acidithiobacillaceae(100)  Acidithiobacillus(100) 
0 187 0 0 0 0 

OTU100  Bacteria(100)  Acidobacteria(100)  Acidobacteria(100)  Subgroup_6(100)  mb2424(100)  SBRFL126(100) 
0 0 0 3 0 1 

OTU101  Bacteria(100)  Actinobacteria(100)  Thermoleophilia(100)  Gaiellales(100)  BVA77(98)  LF_BF07(98) 
1 1 0 1 0 1 

OTU102  Bacteria(100)  Proteobacteria(100)  Betaproteobacteria(100)  Burkholderiales(100)  Comamonadaceae(100)  
5 0 0 11 0 3 

OTU103  Bacteria(100)  Proteobacteria(100)  Betaproteobacteria(100)  Rhodocyclales(100)  Rhodocyclaceae(100)  
8 1 0 9 0 1 

OTU104  Bacteria(100)  Proteobacteria(100)  Betaproteobacteria(100)  Rhodocyclales(96)  Rhodocyclaceae(96)  Zoogloea(94) 
4 0 0 1 0 0 

OTU105  Bacteria(100)  Firmicutes(100)  Clostridia(100)  Clostridiales(100)  Clostridiaceae_1(87)  
0 0 0 0 4 7 

OTU106  Bacteria(100)  Proteobacteria(99)  Deltaproteobacteria(98)  Myxococcales(98)  Sandaracinaceae(96)  
2 0 0 2 0 0 

OTU107  Bacteria(100)  Proteobacteria(100)  Betaproteobacteria(100)  Burkholderiales(100)  Comamonadaceae(100)  Acidovorax(88) 
7 0 0 3 0 0 

OTU108  Bacteria(100)  Firmicutes(100)  Bacilli(100)  Lactobacillales(100)  P5D1-392(94)  
0 1 0 0 0 3 

OTU109  Bacteria(100)  Proteobacteria(100)  Betaproteobacteria(100)  Nitrosomonadales(100)  Nitrosomonadaceae(100)  Nitrosomonas(100) 
3 0 0 1 0 1 

OTU11  Bacteria(100)  Firmicutes(100)  Erysipelotrichia(100)  Erysipelotrichales(100)  Erysipelotrichaceae(100)  Turicibacter(100) 
0 14 0 0 27 60 

OTU110  Bacteria(100)  Proteobacteria(100)  Betaproteobacteria(99)  Rhodocyclales(97)  Rhodocyclaceae(97)  Sulfuritalea(94) 
3 0 0 3 0 1 

OTU111  Bacteria(100)  Proteobacteria(100)  Betaproteobacteria(100)  Burkholderiales(100)  Comamonadaceae(100)  Hydrogenophaga(83) 
3 0 0 0 0 0 

OTU112  Bacteria(100)  Proteobacteria(100)  Deltaproteobacteria(100)  Myxococcales(100)  Nannocystaceae(100)  Nannocystis(100) 
3 0 0 1 0 0 

OTU113  Bacteria(100)  Planctomycetes(100)  Phycisphaerae(100)  Phycisphaerales(98)  Phycisphaeraceae(98)  SM1A02(98) 
2 0 0 2 0 0 

OTU114  Bacteria(100)  Chlorobi(96)  Chlorobia(96)  Chlorobiales(96)  OPB56(96)  
0 0 0 6 0 2 

OTU115  Bacteria(100)  Actinobacteria(100)  Actinobacteria(100)    
1 3 0 2 4 3 

OTU116  Bacteria(96)  Bacteroidetes(93)     
2 0 0 1 0 0 

OTU117  Bacteria(100)  Bacteroidetes(100)  Flavobacteriia(97)  Flavobacteriales(97)  NS9_Marine_group(95)  PHOS-HE28(95) 
1 0 0 1 0 1 

OTU118  Bacteria(100)  Proteobacteria(100)  Deltaproteobacteria(100)  Myxococcales(100)  Haliangiaceae(96)  Haliangium(96) 
4 0 0 1 0 0 

OTU119  Bacteria(100)  Proteobacteria(100)  Epsilonproteobacteria(100)  Campylobacterales(100)  Campylobacteraceae(99)  Arcobacter(99) 
6 0 0 9 0 2 

OTU12  Bacteria(100)  Firmicutes(100)  Bacilli(100)  Lactobacillales(100)  Streptococcaceae(100)  Streptococcus(100) 
0 0 0 0 25 36 

OTU120  Bacteria(100)  Actinobacteria(93)     
3 0 0 0 0 0 

OTU121  Bacteria(100)  Proteobacteria(100)  Betaproteobacteria(100)  Rhodocyclales(100)  Rhodocyclaceae(100)  Propionivibrio(100) 
1 0 0 4 0 0 
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OTU122  Bacteria(100)  Candidate_division_TM7(98)     
3 0 0 0 0 0 

OTU123  Bacteria(100)  Actinobacteria(100)  Acidimicrobiia(100)  Acidimicrobiales(100)  Acidimicrobiaceae(99)  HTG5(96) 
5 0 0 8 0 1 

OTU124  Bacteria(100)  Proteobacteria(100)  Betaproteobacteria(100)  Burkholderiales(100)  Comamonadaceae(100)  
3 0 0 3 0 0 

OTU125  Bacteria(100)  Firmicutes(100)  Bacilli(100)  Bacillales(100)  Staphylococcaceae(100)  Staphylococcus(100) 
0 1 2 0 1 3 

OTU126  Bacteria(100)  Firmicutes(96)  Clostridia(95)  Clostridiales(95)  Clostridiaceae_1(95)  
0 0 0 0 0 3 

OTU127  Bacteria(100)  Proteobacteria(100)  Betaproteobacteria(100)  Rhodocyclales(100)  Rhodocyclaceae(100)  
5 0 0 23 0 7 

OTU128  Bacteria(100)  Firmicutes(87)     
0 0 0 0 0 4 

OTU129  Bacteria(100)  Actinobacteria(100)  Actinobacteria(100)  Corynebacteriales(96)  Mycobacteriaceae(96)  Mycobacterium(96) 
0 0 0 0 4 0 

OTU130  Bacteria(100)  Proteobacteria(100)  Betaproteobacteria(96)  Neisseriales(94)  Neisseriaceae(94)  uncultured(94) 
1 3 0 0 1 0 

OTU131  Bacteria(100)  Chloroflexi(93)  Anaerolineae(86)  Anaerolineales(86)  Anaerolineaceae(86)  B3-65(86) 
0 0 0 9 0 0 

OTU132  Bacteria(100)  Proteobacteria(100)  Alphaproteobacteria(100)  Rhizobiales(99)   
0 2 0 1 0 0 

OTU134  Bacteria(100)  Proteobacteria(98)  Deltaproteobacteria(98)  Myxococcales(97)  mle1-27(84)  
2 0 0 1 0 1 

OTU135  Bacteria(100)  Firmicutes(100)  Negativicutes(99)  Selenomonadales(99)  Veillonellaceae(99)  Veillonella(96) 
0 0 0 0 3 3 

OTU136  Bacteria(100)  Actinobacteria(100)  Actinobacteria(100)  Corynebacteriales(90)   
0 1 0 0 3 4 

OTU137  Bacteria(100)  Proteobacteria(100)  Betaproteobacteria(100)  Neisseriales(100)  Neisseriaceae(100)  Neisseria(100) 
0 0 0 0 4 1 

OTU138  Bacteria(96)  Fibrobacteres(94)  Fibrobacteria(94)  Fibrobacterales(94)  Fibrobacteraceae(93)  uncultured(89) 
6 0 0 0 0 0 

OTU139  Bacteria(100)  Actinobacteria(100)  Actinobacteria(100)  Corynebacteriales(86)  Mycobacteriaceae(80)  
0 1 0 0 7 3 

OTU14  Bacteria(99)  Bacteroidetes(94)  Sphingobacteriia(88)  Sphingobacteriales(88)  Chitinophagaceae(82)  uncultured(82) 
31 0 0 22 0 1 

OTU140  Bacteria(100)  Proteobacteria(100)  Betaproteobacteria(100)  Rhodocyclales(99)  Rhodocyclaceae(99)  
4 0 0 13 0 7 

OTU141  Bacteria(100)  Spirochaetae(100)  Spirochaetes(100)  Spirochaetales(100)  Leptospiraceae(100)  Leptospira(100) 
4 0 0 2 0 0 

OTU142  Bacteria(100)  Proteobacteria(92)  Betaproteobacteria(87)    
1 0 0 2 0 0 

OTU143  Bacteria(100)  Actinobacteria(100)  Acidimicrobiia(98)  Acidimicrobiales(98)  Microthricaceae(98)  P58(98) 
1 0 0 4 0 2 

OTU144  Bacteria(100)  Proteobacteria(100)  Betaproteobacteria(100)  Burkholderiales(100)  Comamonadaceae(100)  
4 1 0 1 0 0 

OTU145  Bacteria(100)  Acidobacteria(100)  Holophagae(100)  Holophagales(100)  Holophagaceae(100)  Geothrix(100) 
0 0 0 6 0 0 

OTU146  Bacteria(100)  Verrucomicrobia(100)  Verrucomicrobiae(100)  Verrucomicrobiales(100)  Verrucomicrobiaceae(100)  Prosthecobacter(95) 
5 0 0 2 0 0 

OTU147  Bacteria(99)  Verrucomicrobia(99)  Verrucomicrobiae(99)  Verrucomicrobiales(99)  Verrucomicrobiaceae(99)  Prosthecobacter(94) 
3 0 0 1 0 0 

OTU148  Bacteria(96)  Bacteroidetes(81)     
4 0 0 2 0 0 

OTU15  Bacteria(99)  Proteobacteria(97)  Betaproteobacteria(86)  Burkholderiales(86)   
0 0 0 0 69 0 

OTU150  Bacteria(99)  Planctomycetes(99)  Phycisphaerae(99)  Phycisphaerales(99)  Phycisphaeraceae(99)  SM1A02(99) 
2 0 0 1 0 0 

OTU151  Bacteria(100)  Proteobacteria(100)  Betaproteobacteria(100)  Burkholderiales(100)  Comamonadaceae(100)  
2 0 0 2 0 0 
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OTU153  Bacteria(100)  Fusobacteria(100)  Fusobacteriia(100)  Fusobacteriales(100)  Leptotrichiaceae(98)  Streptobacillus(98) 
0 0 0 0 3 1 

OTU154  Bacteria(100)  Actinobacteria(100)  Actinobacteria(100)  Micrococcales(99)  Micrococcaceae(98)  Rothia(98) 
0 1 0 0 0 2 

OTU155  Bacteria(100)  Proteobacteria(98)  Deltaproteobacteria(98)  Myxococcales(98)  Polyangiaceae(85)  
1 0 0 3 0 1 

OTU156  Bacteria(100)  Acidobacteria(99)  Acidobacteria(99)  Subgroup_6(99)   
3 0 0 3 0 1 

OTU157  Bacteria(100)      
3 0 0 0 0 0 

OTU158  Bacteria(100)  Proteobacteria(100)  Betaproteobacteria(100)  Rhodocyclales(100)  Rhodocyclaceae(100)  Sulfuritalea(99) 
5 0 0 3 0 0 

OTU159  Bacteria(100)  Fusobacteria(100)  Fusobacteriia(100)  Fusobacteriales(100)  Fusobacteriaceae(100)  Fusobacterium(98) 
0 2 0 0 0 3 

OTU16  Bacteria(100)  Proteobacteria(100)  Betaproteobacteria(90)  Burkholderiales(90)  Burkholderiaceae(86)  Candidatus_Glomeribacter(81) 
0 0 0 0 68 0 

OTU160  Bacteria(100)  Proteobacteria(100)  Gammaproteobacteria(100)  Pasteurellales(100)  Pasteurellaceae(100)  Haemophilus(100) 
0 0 0 0 0 4 

OTU161  Bacteria(100)  Bacteroidetes(99)  Sphingobacteriia(97)  Sphingobacteriales(97)  Saprospiraceae(97)  uncultured(96) 
4 0 0 1 0 0 

OTU162  Bacteria(100)  Actinobacteria(100)  Acidimicrobiia(96)  Acidimicrobiales(96)   
1 0 0 1 0 1 

OTU163  Bacteria(100)      
2 0 0 0 0 0 

OTU164  Bacteria(100)  Bacteroidetes(100)  Cytophagia(100)  Cytophagales(100)  Cytophagaceae(100)  Leadbetterella(100) 
2 0 0 0 0 0 

OTU165  Bacteria(100)  Proteobacteria(100)  Deltaproteobacteria(100)  Myxococcales(100)  mle1-27(81)  mle1-27(81) 
2 0 0 2 0 0 

OTU166  Bacteria(100)  Acidobacteria(100)  Acidobacteria(100)  Subgroup_3(100)  SJA-149(85)  
5 0 0 0 0 0 

OTU167  Bacteria(100)  Planctomycetes(100)  Planctomycetacia(100)  Planctomycetales(100)  Planctomycetaceae(100)  Gemmata(96) 
0 0 0 3 0 0 

OTU168  Bacteria(100)  Proteobacteria(99)  Betaproteobacteria(97)    
3 0 0 0 0 0 

OTU169  Bacteria(100)  Bacteroidetes(100)  Sphingobacteriia(97)  Sphingobacteriales(97)   
0 0 0 1 0 1 

OTU170  Bacteria(100)  Firmicutes(100)  Bacilli(100)  Bacillales(100)  Family_XI(100)  Gemella(100) 
0 0 0 0 0 3 

OTU171  Bacteria(100)  Verrucomicrobia(100)  OPB35_soil_group(100)    
0 0 0 2 0 1 

OTU172  Bacteria(100)  Actinobacteria(100)  Actinobacteria(100)    
0 0 0 0 1 3 

OTU173  Bacteria(100)  Proteobacteria(100)  Deltaproteobacteria(100)  Myxococcales(100)  mle1-27(100)  mle1-27(100) 
3 0 0 1 0 1 

OTU174  Bacteria(100)  Proteobacteria(100)  Betaproteobacteria(100)  Rhodocyclales(99)  Rhodocyclaceae(99)  Propionivibrio(87) 
2 0 0 1 0 0 

OTU175  Bacteria(100)  WCHB1-60(95)     
0 0 0 1 0 1 

OTU176  Bacteria(100)  Proteobacteria(100)  Alphaproteobacteria(100)  Rhizobiales(100)  A0839(100)  
1 0 0 2 0 1 

OTU177  Bacteria(98)  Proteobacteria(95)  Deltaproteobacteria(87)  Myxococcales(84)   
6 0 0 0 0 0 

OTU178  Bacteria(100)  Proteobacteria(99)  Betaproteobacteria(99)  Burkholderiales(98)  Comamonadaceae(98)  
3 0 0 1 0 0 

OTU179  Bacteria(100)  Proteobacteria(100)  Gammaproteobacteria(100)  Acidithiobacillales(100)  Acidithiobacillaceae(100)  Acidithiobacillus(100) 
0 10 0 0 0 0 

OTU18  Bacteria(100)  Bacteroidetes(100)  Sphingobacteriia(100)  Sphingobacteriales(100)  Saprospiraceae(100)  Candidatus_Epiflobacter(100) 
9 0 0 22 0 3 

OTU180  Bacteria(99)  Firmicutes(96)  Negativicutes(83)  Selenomonadales(83)  Veillonellaceae(80)  
0 0 0 0 0 2 
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OTU181  Bacteria(100)  Proteobacteria(100)  Betaproteobacteria(100)  Nitrosomonadales(97)  Gallionellaceae(97)  Candidatus_Nitrotoga(97) 
2 0 0 1 0 0 

OTU182  Bacteria(93)      
2 0 0 0 0 0 

OTU183  Bacteria(97)  Fibrobacteres(83)  Fibrobacteria(83)  Fibrobacterales(83)  Fibrobacteraceae(83)  
0 0 0 2 0 0 

OTU184  Bacteria(100)  Proteobacteria(100)  Betaproteobacteria(98)  Nitrosomonadales(97)  Nitrosomonadaceae(97)  Nitrosomonas(97) 
0 0 0 3 0 0 

OTU185  Bacteria(98)      
1 0 2 0 0 0 

OTU186  Bacteria(100)  Planctomycetes(96)  vadinHA49(95)    
1 0 0 1 0 0 

OTU187  Bacteria(100)  Bacteroidetes(100)  Sphingobacteriia(100)  Sphingobacteriales(100)  Chitinophagaceae(100)  Ferruginibacter(97) 
1 0 0 2 0 0 

OTU188  Bacteria(100)  Gemmatimonadetes(100)  Gemmatimonadetes(100)  Gemmatimonadales(100)  Gemmatimonadaceae(100)  Skagen138(100) 
0 0 0 3 0 0 

OTU189  Bacteria(98)  Bacteroidetes(95)  Sphingobacteriia(89)  Sphingobacteriales(89)  Saprospiraceae(88)  uncultured(88) 
3 0 0 0 0 0 

OTU19  Bacteria(100)  Proteobacteria(100)  Betaproteobacteria(100)  Rhodocyclales(100)  Rhodocyclaceae(100)  Ferribacterium(88) 
35 0 0 77 0 11 

OTU190  Bacteria(100)  Actinobacteria(98)  Actinobacteria(98)  Micrococcales(95)  Micrococcaceae(94)  Rothia(92) 
0 0 0 0 0 1 

OTU191  Bacteria(100)  Chloroflexi(100)  TK10(100)  mle1-48(100)  mle1-48(100)  mle1-48(100) 
0 0 0 3 0 1 

OTU192  Bacteria(100)  Bacteroidetes(100)  Sphingobacteriia(100)  Sphingobacteriales(100)  Saprospiraceae(100)  CYCU-0281(99) 
3 0 0 1 0 0 

OTU193  Bacteria(100)  Proteobacteria(100)  Betaproteobacteria(100)  Burkholderiales(100)  Comamonadaceae(100)  
2 0 0 3 0 0 

OTU194  Bacteria(91)      
0 0 0 2 0 0 

OTU195  Bacteria(100)  Proteobacteria(100)  Deltaproteobacteria(100)  Myxococcales(100)  mle1-27(99)  mle1-27(99) 
1 0 0 2 0 1 

OTU197  Bacteria(99)  Candidate_division_OD1(82)     
0 0 0 6 0 0 

OTU198  Bacteria(100)  Chloroflexi(100)  Anaerolineae(100)  Anaerolineales(100)  Anaerolineaceae(100)  uncultured(100) 
1 0 0 1 0 0 

OTU199  Bacteria(100)  Proteobacteria(100)  Alphaproteobacteria(100)  Rhizobiales(98)  Hyphomicrobiaceae(97)  
2 0 0 2 0 1 

OTU2  Bacteria(100)  Firmicutes(100)  Clostridia(100)  Clostridiales(100)  Peptostreptococcaceae(100)  p-55-a5(86) 
0 85 15 3 214 241 

OTU200  Bacteria(100)  Candidate_division_TM7(100)     
0 2 0 0 0 0 

OTU201  Bacteria(100)  Proteobacteria(100)  Gammaproteobacteria(100)  Xanthomonadales(100)  Xanthomonadaceae(100)  
0 0 0 2 0 0 

OTU202  Bacteria(99)  Planctomycetes(95)  OM190(92)    
0 0 0 2 0 0 

OTU203  Bacteria(100)  Verrucomicrobia(100)  OPB35_soil_group(100)    
6 0 0 2 0 0 

OTU204  Bacteria(100)  Proteobacteria(100)  Gammaproteobacteria(100)  Pseudomonadales(99)  Pseudomonadaceae(99)  Cellvibrio(99) 
4 0 0 0 0 0 

OTU205  Bacteria(100)  Bacteroidetes(100)  Flavobacteriia(100)  Flavobacteriales(100)  Flavobacteriaceae(100)  Flavobacterium(100) 
3 0 0 0 0 0 

OTU206  Bacteria(99)  Bacteroidetes(85)     
0 0 0 2 0 0 

OTU208  Bacteria(100)  Bacteroidetes(100)  Sphingobacteriia(100)  Sphingobacteriales(100)  Chitinophagaceae(100)  
0 0 0 3 0 0 

OTU209  Bacteria(100)  Verrucomicrobia(100)  Verrucomicrobiae(100)  Verrucomicrobiales(100)  Verrucomicrobiaceae(100)  Prosthecobacter(98) 
1 0 0 1 0 1 

OTU21  Bacteria(100)  Actinobacteria(100)  Acidimicrobiia(100)  Acidimicrobiales(100)  Microthricaceae(100)  Candidatus_Microthrix(100) 
10 0 0 10 0 4 
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OTU210  Bacteria(100)  Actinobacteria(100)  Actinobacteria(100)  Corynebacteriales(98)  Mycobacteriaceae(96)  Mycobacterium(96) 
0 4 0 0 7 2 

OTU211  Bacteria(100)  Bacteroidetes(100)  Sphingobacteriia(100)  Sphingobacteriales(100)  PHOS-HE51(100)  
1 0 0 2 0 0 

OTU212  Bacteria(100)  Firmicutes(100)  Bacilli(100)  Bacillales(100)  Planococcaceae(100)  Lysinibacillus(97) 
0 2 0 0 0 0 

OTU213  Bacteria(100)  Proteobacteria(99)  Betaproteobacteria(99)  Burkholderiales(98)  Comamonadaceae(97)  
4 0 0 5 0 0 

OTU214  Bacteria(100)  Proteobacteria(98)  Deltaproteobacteria(98)  Bdellovibrionales(98)  Bdellovibrionaceae(98)  Bdellovibrio(98) 
1 0 0 1 0 0 

OTU216  Archaea(100)  Euryarchaeota(100)  Methanomicrobia(100)  Methanosarcinales(100)  Methanosaetaceae(99)  Methanosaeta(99) 
1 0 0 2 0 1 

OTU217  Bacteria(100)  Proteobacteria(100)  Alphaproteobacteria(99)  Rickettsiales(98)  Rickettsiaceae(94)  Rickettsia(91) 
0 0 0 0 3 2 

OTU218  Bacteria(100)  Proteobacteria(100)  Alphaproteobacteria(100)  Rhodospirillales(96)  Acetobacteraceae(88)  Stella(87) 
3 0 0 0 0 0 

OTU219  Bacteria(99)  Proteobacteria(96)  Betaproteobacteria(94)  Burkholderiales(81)   
2 0 0 4 0 0 

OTU22  Bacteria(100)  Bacteroidetes(96)     
16 0 0 6 0 1 

OTU220  Bacteria(100)  SHA-109(85)     
0 0 0 4 0 0 

OTU221  Bacteria(100)  Proteobacteria(100)  Betaproteobacteria(100)  Rhodocyclales(100)  Rhodocyclaceae(100)  Thauera(92) 
1 0 0 3 0 0 

OTU222  Bacteria(100)  Bacteroidetes(100)  Sphingobacteriia(100)  Sphingobacteriales(100)  AKYH767(100)  
0 0 0 2 0 0 

OTU223  Bacteria(100)  Proteobacteria(100)  Alphaproteobacteria(100)  Sphingomonadales(100)  Sphingomonadaceae(92)  Blastomonas(91) 
3 0 0 3 0 1 

OTU224  Bacteria(100)  Firmicutes(100)  Clostridia(100)  Clostridiales(100)  Ruminococcaceae(99)  Ruminococcus(96) 
1 0 0 0 1 0 

OTU225  Bacteria(99)  Actinobacteria(98)  Actinobacteria(98)  Corynebacteriales(89)   
0 1 0 0 3 4 

OTU226  Bacteria(100)  Proteobacteria(100)  Betaproteobacteria(100)  Burkholderiales(100)  Comamonadaceae(100)  
3 0 0 2 0 0 

OTU227  Bacteria(100)  Planctomycetes(100)  Phycisphaerae(100)  Phycisphaerales(100)  Phycisphaeraceae(100)  CL500-3(100) 
0 0 0 3 0 0 

OTU228  Bacteria(96)  Bacteroidetes(95)     
3 0 0 0 0 0 

OTU229  Bacteria(100)  Proteobacteria(100)  Betaproteobacteria(100)  Burkholderiales(99)  Comamonadaceae(99)  Simplicispira(81) 
3 1 0 2 0 0 

OTU230  Bacteria(100)  Proteobacteria(99)  Deltaproteobacteria(99)  Bdellovibrionales(96)  Bdellovibrionaceae(96)  OM27_clade(96) 
2 0 0 1 0 0 

OTU231  Bacteria(100)  Candidate_division_TM7(100)     
2 0 0 1 0 0 

OTU232  Bacteria(100)      
1 0 0 2 0 1 

OTU233  Bacteria(100)  Bacteroidetes(100)  Sphingobacteriia(100)  Sphingobacteriales(100)  Chitinophagaceae(100)  Ferruginibacter(99) 
3 0 0 0 1 0 

OTU234  Bacteria(100)      
2 0 0 0 0 0 

OTU235  Bacteria(96)      
3 0 0 1 0 0 

OTU236  Bacteria(100)  Firmicutes(100)  Bacilli(100)  Lactobacillales(100)  Streptococcaceae(97)  Streptococcus(97) 
0 0 0 0 1 2 

OTU237  Bacteria(99)  Bacteroidetes(98)  Sphingobacteriia(96)  Sphingobacteriales(96)  Chitinophagaceae(96)  
0 0 0 0 5 0 

OTU238  Bacteria(100)  Chloroflexi(100)  Chloroflexia(100)  Chloroflexales(100)  Roseiflexaceae(100)  Kouleothrix(94) 
1 0 0 2 0 0 

OTU239  Bacteria(100)  Proteobacteria(100)  Betaproteobacteria(99)  Burkholderiales(99)  Burkholderiaceae(98)  Lautropia(98) 
2 0 0 0 0 0 
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OTU24  Bacteria(100)  Firmicutes(100)  Clostridia(100)  Clostridiales(100)  Clostridiaceae_1(100)  Sarcina(94) 
0 7 2 0 8 21 

OTU240  Bacteria(100)  Acidobacteria(100)  Acidobacteria(100)  Subgroup_6(99)   
4 0 0 1 0 0 

OTU241  Bacteria(100)  Verrucomicrobia(100)  Verrucomicrobiae(100)  Verrucomicrobiales(100)  DEV007(100)  
2 0 0 1 0 0 

OTU242  Bacteria(100)  Bacteroidetes(100)  Sphingobacteriia(93)  Sphingobacteriales(93)  env.OPS_17(92)  
0 1 0 1 0 0 

OTU243  Bacteria(100)  Proteobacteria(100)  Betaproteobacteria(100)  Rhodocyclales(99)  Rhodocyclaceae(99)  Zoogloea(95) 
2 0 0 1 0 0 

OTU244  Bacteria(100)  Planctomycetes(99)  Planctomycetacia(99)  Planctomycetales(99)  Planctomycetaceae(99)  
0 0 0 0 3 0 

OTU245  Bacteria(100)  Chloroflexi(100)  SJA-15(99)  1-20(99)  1-20(99)  Candidatus_Sarcinathrix(99) 
1 0 0 2 1 1 

OTU246  Bacteria(100)  Chloroflexi(95)  Anaerolineae(87)  Anaerolineales(87)  Anaerolineaceae(87)  
1 0 0 0 0 1 

OTU247  Bacteria(100)  Proteobacteria(100)  Gammaproteobacteria(100)  Xanthomonadales(100)  Xanthomonadaceae(100)  Stenotrophomonas(96) 
0 2 0 0 0 0 

OTU248  Bacteria(100)  Bacteroidetes(97)     
1 0 0 3 0 0 

OTU249  Bacteria(100)  Acidobacteria(100)  Acidobacteria(100)  Subgroup_3(100)   
2 0 0 1 0 2 

OTU25  Bacteria(100)  Actinobacteria(100)  Actinobacteria(100)  Corynebacteriales(87)  Mycobacteriaceae(86)  Mycobacterium(86) 
0 7 0 0 13 29 

OTU250  Bacteria(100)  Candidate_division_TM7(100)  FW73(100)  FW73(100)  S29(100)  Skagenf80(100) 
2 0 0 1 0 1 

OTU251  Bacteria(89)  Verrucomicrobia(83)  Verrucomicrobiae(83)  Verrucomicrobiales(83)  Verrucomicrobiaceae(82)  
2 0 0 2 0 0 

OTU252  Bacteria(100)  Proteobacteria(100)  Alphaproteobacteria(100)  Rickettsiales(100)  mitochondria(100)  
0 0 0 0 3 0 

OTU253  Bacteria(100)  Verrucomicrobia(100)  Verrucomicrobiae(97)  Verrucomicrobiales(97)  Verrucomicrobiaceae(97)  uncultured(95) 
1 0 0 1 0 0 

OTU254  Bacteria(98)  Proteobacteria(92)  Deltaproteobacteria(90)  Myxococcales(82)   
2 0 0 0 0 1 

OTU26  Bacteria(100)  Proteobacteria(100)  Gammaproteobacteria(100)  Pseudomonadales(97)  Moraxellaceae(97)  uncultured(90) 
14 0 0 13 0 2 

OTU27  Bacteria(100)  Bacteroidetes(100)  Flavobacteriia(100)  Flavobacteriales(100)  NS9_Marine_group(100)  PHOS-HE28(100) 
19 0 0 8 0 2 

OTU28  Bacteria(100)  Proteobacteria(100)  Gammaproteobacteria(99)  Legionellales(94)  Coxiellaceae(94)  
0 0 0 0 3 18 

OTU29  Bacteria(98)  Proteobacteria(95)  Deltaproteobacteria(89)  Myxococcales(89)   
11 0 0 9 0 1 

OTU3  Bacteria(100)  Proteobacteria(100)  Alphaproteobacteria(99)  Rhodospirillales(99)  Acetobacteraceae(99)  Acidocella(92) 
0 2 510 0 1 0 

OTU31  Bacteria(100)  Actinobacteria(100)  Actinobacteria(99)    
0 3 2 0 12 8 

OTU32  Bacteria(98)  Proteobacteria(98)     
0 13 0 0 0 0 

OTU33  Bacteria(100)  Bacteroidetes(100)  Sphingobacteriia(100)  Sphingobacteriales(100)  Saprospiraceae(100)  QEDR3BF09(100) 
10 0 2 6 0 0 

OTU34  Bacteria(100)  Actinobacteria(100)  Actinobacteria(100)  Micrococcales(100)  Microbacteriaceae(99)  
1 13 0 0 0 0 

OTU35  Bacteria(95)      
8 0 0 6 0 1 

OTU36  Bacteria(100)  Proteobacteria(100)  Alphaproteobacteria(100)  Rhodospirillales(100)  Acetobacteraceae(88)  
0 10 0 0 0 0 

OTU37  Bacteria(100)  Bacteroidetes(100)  Sphingobacteriia(100)  Sphingobacteriales(100)  Saprospiraceae(100)  Haliscomenobacter(100) 
11 0 0 7 0 2 

OTU38  Bacteria(96)      
5 0 0 6 0 0 
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OTU39  Bacteria(100)  Proteobacteria(98)  Deltaproteobacteria(98)  Bdellovibrionales(92)  Bdellovibrionaceae(90)  OM27_clade(90) 
12 1 0 1 0 0 

OTU40  Bacteria(100)  Proteobacteria(100)  Betaproteobacteria(100)  Burkholderiales(100)  Comamonadaceae(100)  
8 0 0 9 0 1 

OTU41  Bacteria(100)  Chlorobi(100)  Chlorobia(100)  Chlorobiales(100)  SJA-28(100)  K2-30-37(100) 
3 0 0 8 0 0 

OTU42  Bacteria(100)  Proteobacteria(100)  Betaproteobacteria(100)  Burkholderiales(100)  Burkholderiaceae(99)  Lautropia(99) 
6 0 0 8 0 1 

OTU44  Bacteria(100)  Nitrospirae(100)  Nitrospira(100)  Nitrospirales(100)  Nitrospiraceae(100)  Nitrospira(100) 
0 0 0 6 0 3 

OTU45  Bacteria(100)  Proteobacteria(100)  Alphaproteobacteria(100)  Rickettsiales(99)  Rickettsiales_Incertae_Sedis(95)  Candidatus_Captivus(95) 
0 5 0 0 0 0 

OTU46  Bacteria(100)  Cyanobacteria(100)  Melainabacteria(100)  Obscuribacterales(100)  Obscuribacteraceae(100)  Candidatus_Obscuribacter(100) 
2 10 2 3 1 0 

OTU47  Bacteria(99)  Proteobacteria(97)  Deltaproteobacteria(96)  Myxococcales(96)   
4 0 0 4 0 1 

OTU48  Bacteria(100)  Bacteroidetes(100)  Sphingobacteriia(100)  Sphingobacteriales(100)  Saprospiraceae(100)  QEDR3BF09(100) 
4 0 0 7 0 1 

OTU49  Bacteria(100)  Proteobacteria(100)  Betaproteobacteria(100)  Burkholderiales(100)  Comamonadaceae(100)  188up(99) 
12 0 0 16 0 1 

OTU50  Bacteria(100)  Firmicutes(100)  Bacilli(100)  Bacillales(91)  Bacillaceae(90)  
0 9 0 0 1 0 

OTU51  Bacteria(100)  Proteobacteria(100)  Gammaproteobacteria(100)  Alteromonadales(100)  Alteromonadaceae(100)  BD1-7_clade(100) 
1 0 0 9 0 0 

OTU52  Bacteria(100)  Acidobacteria(100)  Acidobacteria(100)  Subgroup_4(100)  Blastocatellaceae(100)  
9 0 0 6 0 0 

OTU53  Bacteria(100)  Proteobacteria(100)  Betaproteobacteria(100)  Rhodocyclales(100)  Rhodocyclaceae(100)  
7 0 0 13 0 2 

OTU54  Bacteria(100)  Proteobacteria(100)  Betaproteobacteria(100)  Rhodocyclales(100)  Rhodocyclaceae(100)  Candidatus_Accumulibacter(95) 
1 0 0 11 0 1 

OTU55  Bacteria(100)  Chloroflexi(100)  Chloroflexia(100)  Chloroflexales(100)  Roseiflexaceae(100)  Kouleothrix(93) 
5 0 0 5 0 2 

OTU56  Bacteria(100)  Candidate_division_BRC1(90)     
3 0 0 3 0 0 

OTU57  Bacteria(100)  Proteobacteria(100)  Betaproteobacteria(100)  Burkholderiales(100)  Comamonadaceae(100)  
3 0 0 7 0 0 

OTU58  Bacteria(100)  Proteobacteria(100)  Alphaproteobacteria(100)  Rhizobiales(100)  Bradyrhizobiaceae(97)  
3 0 0 3 3 0 

OTU59  Bacteria(100)  Proteobacteria(100)  Betaproteobacteria(100)  Burkholderiales(100)  Comamonadaceae(100)  Rhodoferax(92) 
10 0 0 1 0 0 

OTU6  Bacteria(100)  Firmicutes(100)  Clostridia(100)  Clostridiales(100)  Clostridiaceae_1(100)  
0 54 15 0 174 106 

OTU60  Bacteria(97)  Proteobacteria(97)     
0 5 0 0 0 0 

OTU61  Bacteria(100)  Bacteroidetes(100)  Sphingobacteriia(100)  Sphingobacteriales(100)  Saprospiraceae(100)  CYCU-0281(100) 
3 0 0 2 0 0 

OTU62  Bacteria(100)  Proteobacteria(100)  Betaproteobacteria(100)  Burkholderiales(100)  Comamonadaceae(100)  Inhella(87) 
17 0 0 3 0 0 

OTU63  Bacteria(100)  Candidate_division_TM7(99)     
1 0 0 5 0 0 

OTU64  Bacteria(100)  Bacteroidetes(100)  Flavobacteriia(100)  Flavobacteriales(100)  NS9_Marine_group(100)  PHOS-HE28(100) 
9 0 0 8 0 1 

OTU65  Bacteria(100)  Proteobacteria(100)  Betaproteobacteria(100)  Betaproteobacteria_Incertae_Sedis(98)  Unknown_Family(98)  Chitinivorax(98) 
8 0 0 1 0 0 

OTU66  Bacteria(100)  Proteobacteria(100)  Betaproteobacteria(100)  Burkholderiales(100)  Comamonadaceae(100)  Sphaerotilus(96) 
10 1 0 0 0 0 

OTU67  Bacteria(100)  Proteobacteria(100)  Betaproteobacteria(99)  Burkholderiales(99)  Burkholderiaceae(99)  Burkholderia(95) 
0 0 0 0 17 0 

OTU68  Bacteria(100)  Bacteroidetes(100)  Sphingobacteriia(100)  Sphingobacteriales(100)  Chitinophagaceae(100)  PHOS-HE31(100) 
12 0 0 12 0 1 
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OTU69  Bacteria(100)  Proteobacteria(100)  Betaproteobacteria(100)  Rhodocyclales(97)  Rhodocyclaceae(97)  Sulfuritalea(96) 
9 0 0 6 0 0 

OTU7  Bacteria(100)  Proteobacteria(100)  Alphaproteobacteria(100)  Rhodospirillales(99)  Acetobacteraceae(99)  
0 222 15 0 0 2 

OTU70  Bacteria(100)  Verrucomicrobia(100)  Verrucomicrobiae(99)  Verrucomicrobiales(99)  Verrucomicrobiaceae(99)  Verrucomicrobium(94) 
4 0 0 2 0 0 

OTU71  Bacteria(100)  Proteobacteria(99)  Betaproteobacteria(99)  Burkholderiales(96)  Comamonadaceae(96)  
9 0 0 0 0 1 

OTU72  Bacteria(100)  Bacteroidetes(100)  Sphingobacteriia(100)  Sphingobacteriales(100)  Saprospiraceae(100)  Candidatus_Epiflobacter(100) 
3 0 0 5 0 1 

OTU73  Bacteria(100)  Proteobacteria(100)  Betaproteobacteria(100)  Nitrosomonadales(99)  Nitrosomonadaceae(99)  Nitrosomonas(99) 
2 0 0 5 0 4 

OTU74  Bacteria(100)  Proteobacteria(100)  Deltaproteobacteria(98)  Myxococcales(98)  Haliangiaceae(93)  Haliangium(93) 
4 0 0 3 0 0 

OTU75  Bacteria(100)  Verrucomicrobia(100)  Verrucomicrobiae(100)  Verrucomicrobiales(100)  Verrucomicrobiaceae(100)  
7 0 0 2 0 0 

OTU76  Bacteria(100)  Bacteroidetes(97)  Sphingobacteriia(93)  Sphingobacteriales(93)  Saprospiraceae(89)  uncultured(89) 
0 0 0 6 0 0 

OTU77  Bacteria(100)  Bacteroidetes(99)  Sphingobacteriia(88)  Sphingobacteriales(88)  Saprospiraceae(88)  uncultured(86) 
1 0 0 3 0 3 

OTU78  Bacteria(100)  Proteobacteria(100)  Betaproteobacteria(99)  Burkholderiales(90)  Comamonadaceae(87)  Aquabacterium(82) 
3 0 0 4 0 0 

OTU79  Bacteria(100)      
8 0 0 3 0 0 

OTU8  Bacteria(100)  Proteobacteria(100)  Gammaproteobacteria(99)  Xanthomonadales(98)  Xanthomonadaceae(98)  
0 0 123 0 0 0 

OTU80  Bacteria(100)  BD1-5(98)     
1 0 0 6 0 0 

OTU81  Bacteria(100)  Planctomycetes(100)  OM190(100)    
4 0 0 1 0 0 

OTU82  Bacteria(100)  Proteobacteria(100)  Betaproteobacteria(100)  Neisseriales(94)  Neisseriaceae(94)  uncultured(94) 
0 4 0 0 0 0 

OTU83  Bacteria(100)  Proteobacteria(100)  Betaproteobacteria(100)  Burkholderiales(100)  Comamonadaceae(100)  
10 1 0 4 0 0 

OTU84  Bacteria(100)  Proteobacteria(100)  Betaproteobacteria(100)  Rhodocyclales(94)  Rhodocyclaceae(94)  
8 0 0 4 0 0 

OTU85  Bacteria(100)  Spirochaetae(100)  Spirochaetes(100)  Spirochaetales(100)  Leptospiraceae(100)  Turneriella(100) 
4 0 0 3 0 0 

OTU86  Bacteria(100)  Chloroflexi(100)  WCHB1-50(100)  WCHB1-50(100)  WCHB1-50(100)  
2 0 0 4 0 0 

OTU87  Bacteria(100)  Bacteroidetes(100)  Sphingobacteriia(100)  Sphingobacteriales(100)  AKYH767(100)  
2 0 0 2 0 0 

OTU88  Bacteria(100)  Candidate_division_TM7(100)  FW73(94)  FW73(94)   
0 0 0 3 0 1 

OTU89  Bacteria(100)  Verrucomicrobia(100)  Verrucomicrobiae(100)  Verrucomicrobiales(100)  Verrucomicrobiaceae(100)  Brevifollis(99) 
5 0 0 4 0 1 

OTU90  Bacteria(100)  Proteobacteria(99)  Gammaproteobacteria(97)  Alteromonadales(81)  Alteromonadaceae(80)  
4 0 0 4 0 1 

OTU91  Bacteria(100)  Proteobacteria(99)  Deltaproteobacteria(95)  Bdellovibrionales(84)  Bdellovibrionaceae(81)  OM27_clade(81) 
9 0 0 1 0 0 

OTU92  Bacteria(100)  Bacteroidetes(100)  Sphingobacteriia(100)  Sphingobacteriales(100)  Saprospiraceae(100)  CYCU-0281(100) 
0 0 0 4 0 0 

OTU93  Bacteria(100)  Candidate_division_WS3(96)     
2 0 0 3 1 0 

OTU94 unknown unknown_unclassified(0) unknown_unclassified(0) unknown_unclassified(0) unknown_unclassified(0) unknown_unclassified(0) 
0 6 0 0 0 0 

OTU95  Bacteria(100)  Bacteroidetes(100)  Sphingobacteriia(100)  Sphingobacteriales(100)  Saprospiraceae(100)  QEDR3BF09(100) 
4 0 0 3 0 0 

OTU96  Bacteria(100)  Bacteroidetes(100)  Sphingobacteriia(100)  Sphingobacteriales(100)  Chitinophagaceae(100)  Ferruginibacter(84) 
4 0 0 3 0 0 
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OTU97  Bacteria(100)  Proteobacteria(100)  Deltaproteobacteria(100)  Myxococcales(100)  Polyangiaceae(100)  
3 0 0 1 0 1 

OTU98 unknown unknown_unclassified(0) unknown_unclassified(0) unknown_unclassified(0) unknown_unclassified(0) unknown_unclassified(0) 
0 0 0 0 0 8 

OTU99  Bacteria(100)  Proteobacteria(100)  Gammaproteobacteria(100)  Legionellales(99)  Legionellaceae(98)  Legionella(98) 
0 0 10 0 0 0 
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Table S4.4 List of fungal operational taxonomic units (OTUs) identified in this study (BLAST; Genbank; top five 

hits). 

OTU Accession N°   Identity 

Otu.1 AB180199.1 Trichosporon coprophilum genes for ITS1 

Otu.1 NR_073261.1 Apiotrichum sporotrichoides CBS 8246 ITS region 

Otu.1 HE975032.1 Trichosporon sporotrichoides partial 5.8S rRNA gene 

Otu.1 KU892286.1 Trichosporon porosum strain 2015-F-376 internal transcribed spacer 1 

Otu.1 KU745380.1 Trichosporon porosum strain DBVPG 10612 internal transcribed spacer 1 
   

Otu.2 KX092001.1 Trichoderma asperellum isolate TA002 18S ribosomal RNA gene 

Otu.2 KX999714.1 Trichoderma asperellum internal transcribed spacer 1 

Otu.2 KU896374.1 
Trichoderma asperellum isolate CTCCSJ-ASD50575 small subunit ribosomal 

RNA gene 

Otu.2 KU896361.1 
Trichoderma asperellum isolate CTCCSJ-AMH50465 small subunit ribosomal 

RNA gene 

Otu.2 KU896348.1 
Trichoderma asperellum isolate CTCCSJ-ASC50420 small subunit ribosomal RNA 

gene 
   

Otu.3 KX394550.1 Cladosporium cladosporioides isolate 9b internal transcribed spacer 1 

Otu.3 KX378909.1 Cladosporium sp. strain 2-3 internal transcribed spacer 1 

Otu.3 KU702391.1 Cladosporium sp. isolate TLT268 internal transcribed spacer 1 

Otu.3 KU702385.1 Cladosporium sp. isolate TLT257 internal transcribed spacer 1 

Otu.3 KU702352.1 Cladosporium sp. isolate TLT208 internal transcribed spacer 1 
   

Otu.4 HE972036.1 Verticillium tricorpus 18S rRNA gene (partial) 

Otu.4 NR_126125.1 Verticillium isaacii ITS region 

Otu.4 AB545875.1 Verticillium isaacii genes for ITS1 

Otu.4 GQ258661.1 Verticillium tricorpus isolate Vt536 18S ribosomal RNA gene 

Otu.4 GQ495793.1 Verticillium tricorpus strain Ve010 18S ribosomal RNA gene 
   

Otu.5 NR_111589.1 Candida fluviatilis ATCC 38621 ITS region 

Otu.5 FJ873416.1 Candida sp. GA1S01 internal transcribed spacer 1 

Otu.5 KT876573.1 Candida palmioleophila isolate H3-4 internal transcribed spacer 1 

Otu.5 KP674596.1 Candida palmioleophila strain d63b internal transcribed spacer 1 

Otu.5 KP131753.1 
Candida palmioleophila strain PMM10-KOL isolate ISHAM-ITS_ID MITS934 

18S ribosomal RNA gene 
   

Otu.6 GU586187.1 Epistylis chrysemydis strain 1 18S ribosomal RNA gene 

Otu.6 KU869710.1 Epistylis wuhanensis 18S ribosomal RNA gene 

Otu.6 JN836353.1 Myoschiston duplicatum 18S ribosomal RNA gene 

Otu.6 EU340859.1 Zoothamnium nii internal transcribed spacer 1 

Otu.6 JN836354.1 Myschiston cf. duplicatum 18S ribosomal RNA gene 
   

Otu.7 KT696598.1 Thielaviopsis basicola isolate MHGNU F116 18S ribosomal RNA gene 

Otu.7 KT696597.1 Thielaviopsis basicola isolate MHGNU F115 18S ribosomal RNA gene 

Otu.7 KJ715965.1 Thielaviopsis basicola 18S ribosomal RNA gene 

Otu.7 KC305138.1 Thielaviopsis basicola strain CMW7622 18S ribosomal RNA gene 

Otu.7 KC305140.1 Thielaviopsis basicola strain CMW7624 18S ribosomal RNA gene 
   

Otu.8 KP943132.1 Trichosporon sp. CAP-12 internal transcribed spacer 1 

Otu.8 JX103143.1 Trichosporon sp. JA-2012 strain BG-02-5-30-002A-5 18S ribosomal RNA gene 

Otu.8 JX103144.1 Trichosporon sp. JA-2012 strain BG-02-5-30-002A-6 18S ribosomal RNA gene 

Otu.8 JF680904.1 Trichosporon vanderwaltii strain CBS 12124 18S ribosomal RNA gene 
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Otu.8 FJ873457.1 Cryptococcus sp. GY10S03 internal transcribed spacer 1 
   

Otu.9 KX034346.1 Trichosporon sp. isolate 2_8_16_22 internal transcribed spacer 1 

Otu.9 KX034345.1 Trichosporon sp. isolate 2_8_16_22 internal transcribed spacer 1 

Otu.9 KX034344.1 Trichosporon sp. isolate 2_8_16_22 internal transcribed spacer 1 

Otu.9 KX269815.1 Trichosporon sp. Z-6 internal transcribed spacer 1 

Otu.9 KR363028.1 Trichosporon laibachii isolate PH30514 internal transcribed spacer 1 
   

Otu.10 KX009096.1 Carlosrosaea sp. 3 ML-2016 strain BSB 17 internal transcribed spacer 1 

Otu.10 KX009097.1 Carlosrosaea sp. 3 ML-2016 strain BSB 24 internal transcribed spacer 1 

Otu.10 KX009103.1 Carlosrosaea sp. 3 ML-2016 strain BSB 18 internal transcribed spacer 1 

Otu.10 KX009099.1 Carlosrosaea sp. 3 ML-2016 strain BSS 150 internal transcribed spacer 1 

Otu.10 KX009093.1 Carlosrosaea sp. 3 ML-2016 strain BM 108 internal transcribed spacer 1 
   

Otu.11 FM212569.1 Trichosporon sp. Bio4 18S rRNA gene (partial) 

Otu.11 FJ873440.1 Trichosporon sp. EN31S13 internal transcribed spacer 1 

Otu.11 LC171724.1 Apiotrichum domesticum DNA 

Otu.11 KX034390.1 Apiotrichum montevideense 18S ribosomal RNA gene 

Otu.11 KX218262.1 Apiotrichum scarabaeorum strain AUMC 10297 18S ribosomal RNA gene 
   

Otu.12 KF294856.1 Trichoderma tomentosum isolate Tt-01 18S ribosomal RNA gene 

Otu.12 JX513902.1 Trichoderma velutinum isolate IIA3b 18S ribosomal RNA gene 

Otu.12 HM176561.1 Trichoderma tomentosum isolate MIAE00031 18S ribosomal RNA gene 

Otu.12 FJ461554.1 Trichoderma longibrachiatum strain PPRC-ET21 internal transcribed spacer 1 

Otu.12 FJ461545.1 Trichoderma longibrachiatum strain PPRC-ET12 internal transcribed spacer 1 
   

Otu.13 KJ152172.1 Trichosporon jirovecii strain LCC08-5 internal transcribed spacer 1 

Otu.13 AB180195.1 Trichosporon cavernicola genes for ITS1 

Otu.13 LN866279.1 Trichosporon sp. 2 MK-2015 genomic DNA sequence contains 18S rRNA gene 

Otu.13 LN866278.1 Trichosporon sp. 1 MK-2015 genomic DNA sequence contains 18S rRNA gene 

Otu.13 KM251238.1 Trichosporon sp. UASWS0950 internal transcribed spacer 1 
   

Otu.14 NR_138226.1 Wickerhamomyces pijperi CBS 2887 ITS region 

Otu.14 HM156502.1 Pichia pijperi strain CBS 2887 internal transcribed spacer 1 

Otu.14 JQ726611.1 Wickerhamomyces sp. UFLA CHYB2.03 18S ribosomal RNA gene 

Otu.14 LN871038.1 Wickerhamomyces cf. pijperi HMD-2015 genomic DNA sequence contains ITS1 

Otu.14 JQ901906.1 Wickerhamomyces sp. LCF-22 strain NU2W75 internal transcribed spacer 1 
   

Otu.15 KX632528.1 Trichoderma rossicum strain T52 18S ribosomal RNA gene 

Otu.15 KX632527.1 Trichoderma rossicum strain T51 18S ribosomal RNA gene 

Otu.15 KX632526.1 Trichoderma rossicum strain T27 18S ribosomal RNA gene 

Otu.15 KU574263.1 Trichoderma rossicum isolate T11 18S ribosomal RNA gene 

Otu.15 KR995112.1 Trichoderma rossicum isolate BK06 18S ribosomal RNA gene 
   

Otu.16 KX376272.1 Trichosporon asahii strain AUMC 10724 18S ribosomal RNA gene 

Otu.16 KX376265.1 Trichosporon asahii strain AUMC 10711 18S ribosomal RNA gene 

Otu.16 KX376248.1 Trichosporon asahii strain AUMC 10701 18S ribosomal RNA gene 

Otu.16 KX118282.1 Trichosporon asahii strain PAG1 small subunit ribosomal RNA gene 

Otu.16 KX347559.1 Trichosporon asahii strain Y-SL1 internal transcribed spacer 1 
   

Otu.17 KF057627.1 Fungal sp. LL11_133 18S ribosomal RNA gene 

Otu.17 EU570109.1 Candida sp. CBS 10854 internal transcribed spacer 1 

Otu.17 KT307981.1 Yamadazyma sp. DMKU-CE23 large subunit ribosomal RNA gene 

Otu.17 HE584821.1 Candida sp. FF-2011 genomic DNA containing 18S rRNA gene 
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Otu.17 NR_111391.1 Candida michaelii ATCC MYA-4332 ITS region 
   

Otu.18 KX982238.1 Cladosporium sphaerospermum strain 7 internal transcribed spacer 1 

Otu.18 KU933725.1 Cladosporium sp. 2 PV-2016 isolate CK internal transcribed spacer 1 

Otu.18 LC133872.1 Cladosporium sp. JCM 28506 genes for 18S rRNA 

Otu.18 KU314967.1 Cladosporium pseudocladosporioides 18S ribosomal RNA gene 

Otu.18 KT833612.1 Cladosporium sp. NA-X-38 18S ribosomal RNA gene 
   

Otu.19 KF524378.1 Vorticella aequilata isolate Whpop 18S ribosomal RNA gene 

Otu.19 GU987037.1 Vorticella sp. 2 PPS-2010 internal transcribed spacer 1 

Otu.19 KF524424.1 Vorticella sp. 18 PS-2013 18S ribosomal RNA gene 

Otu.19 KF524383.1 Vorticella natans isolate Capop 18S ribosomal RNA gene 

Otu.19 KF524372.1 Vorticella aequilata isolate Sepop4 18S ribosomal RNA gene 
   

Otu.20 GU586187.1 Epistylis chrysemydis strain 1 18S ribosomal RNA gene 

Otu.20 KT358503.1 Epistylis portoalegrensis isolate GL 18S ribosomal RNA gene 

Otu.20 KT358504.1 Epistylis portoalegrensis isolate BG 18S ribosomal RNA gene 

Otu.20 JN836353.1 Myoschiston duplicatum 18S ribosomal RNA gene 

Otu.20 JN836354.1 Myschiston cf. duplicatum 18S ribosomal RNA gene 
   

Otu.21 KX263817.1 Gloeotinia sp. isolate CM2BVC3 internal transcribed spacer 1 

Otu.21 KT876537.1 Gloeotinia temulenta isolate G9-2 internal transcribed spacer 1 

Otu.21 KT876536.1 Gloeotinia temulenta isolate G4-1 internal transcribed spacer 1 

Otu.21 KT876515.1 Gloeotinia temulenta isolate X4-4 internal transcribed spacer 1 

Otu.21 KT876514.1 Gloeotinia temulenta isolate X8-3 internal transcribed spacer 1 
   

Otu.22 AB035577.1 Vanrija longa gene for ITS1 

Otu.22 KM113763.1 Tremellales sp. DU26 18S ribosomal RNA gene 

Otu.22 NR_137523.1 Vanrija pseudolonga JCM 9712 ITS region 

Otu.22 AB105353.1 Vanrija pseudolonga genes for ITS 

Otu.22 LC191809.1 Cryptococcus sp. JSK2016 gene for ITS1 
   

Otu.23 KU877604.1 Trichoderma longibrachiatum strain WJF11 internal transcribed spacer 1 

Otu.23 KU896305.1 
Trichoderma reesei isolate CTCCSJ-ASD50040 small subunit ribosomal RNA 

gene 

Otu.23 LC191185.1 Trichoderma longibrachiatum genes for 18S rRNA 

Otu.23 KX224483.1 Trichoderma sp. isolate F6 internal transcribed spacer 1 

Otu.23 LC185084.1 Trichoderma longibrachiatum genes for 18S rRNA 
   

Otu.24 KX394549.1 Alternaria infectoria isolate 9a internal transcribed spacer 1 

Otu.24 KU578319.1 Alternaria infectoria isolate 15-08 internal transcribed spacer 1 

Otu.24 KX228297.1 Alternaria quercicola strain CPC 26165 18S ribosomal RNA gene 

Otu.24 KX228296.1 Alternaria quercicola strain CPC 26164 18S ribosomal RNA gene 

Otu.24 KX228295.1 Alternaria quercicola strain CPC 26163 18S ribosomal RNA gene 
   

Otu.25 KT692567.1 Didymella exitialis strain V2FF14 18S ribosomal RNA gene 

Otu.25 KT389518.1 Neoascochyta graminicola strain CBS 102789 18S ribosomal RNA gene 

Otu.25 KC989097.1 Didymella exitialis isolate 147 18S ribosomal RNA gene 

Otu.25 KC311477.1 Didymella exitalis isolate D_D71 18S ribosomal RNA gene 

Otu.25 FJ228181.1 Ascochyta sp. 122 18S ribosomal RNA 
   

Otu.26 KP017071.1 Sporothrix mexicana strain CBS 145.94 internal transcribed spacer 1 

Otu.26 KU865592.1 Sporothrix sp. JAO-2016 strain CMW44399 18S ribosomal RNA gene 

Otu.26 KU865591.1 Sporothrix sp. JAO-2016 strain CMW45048 18S ribosomal RNA gene 

Otu.26 KU865590.1 Sporothrix sp. JAO-2016 strain CMW45047 18S ribosomal RNA gene 
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Otu.26 NR_137979.1 Ophiostoma eucalyptigena ITS region 
   

   

Otu.28 KR872422.1 Scheffersomyces spartinae strain BB internal transcribed spacer 1 

Otu.28 AB686645.2 Candida thasaenensis genes for ITS1 

Otu.28 NR_111028.1 Candida thasaenensis CBS 12529 ITS region 

Otu.28 HQ876044.1 Scheffersomyces spartinae strain ATCC 18866 18S ribosomal RNA gene 

Otu.28 NR_111290.1 Scheffersomyces spartinae CBS 6059 ITS region 
   

Otu.29 GU586187.1 Epistylis chrysemydis strain 1 18S ribosomal RNA gene 

Otu.29 KT358504.1 Epistylis portoalegrensis isolate BG 18S ribosomal RNA gene 

Otu.29 KT358503.1 Epistylis portoalegrensis isolate GL 18S ribosomal RNA gene 

Otu.29 KU869710.1 Epistylis wuhanensis 18S ribosomal RNA gene 

Otu.29 JN836353.1 Myoschiston duplicatum 18S ribosomal RNA gene 
   

Otu.30 KT389516.1 Neoascochyta exitialis strain CBS 811.84 18S ribosomal RNA gene 

Otu.30 KT389512.1 Neoascochyta exitialis strain CBS 110124 18S ribosomal RNA gene 

Otu.30 AF520642.1 Ascochyta sp. CBS 110130 18S ribosomal RNA gene 

Otu.30 AF520640.1 Ascochyta skagwayensis 18S ribosomal RNA gene 

Otu.30 AF520641.1 Ascochyta sp. CBS 110129 18S ribosomal RNA gene 
   

Otu.31 AB603753.1 Gungnir neglectum genes for ITS1 

Otu.31 AB603752.1 Gungnir sp. NIES-1851 genes for ITS1 

Otu.31 JQ085954.1 Chloromonas sp. TD-F internal transcribed spacer 1 

Otu.31 JQ085952.1 Chloromonas sp. TD-E internal transcribed spacer 1 

Otu.31 KT308083.2 Chlamydomonadales sp. LBA 47 18S ribosomal RNA gene 
   

Otu.32 KU892286.1 Trichosporon porosum strain 2015-F-376 internal transcribed spacer 1 

Otu.32 KU745380.1 Trichosporon porosum strain DBVPG 10612 internal transcribed spacer 1 

Otu.32 KU745378.1 Trichosporon porosum strain DBVPG 10608 internal transcribed spacer 1 

Otu.32 KU745377.1 Trichosporon porosum strain DBVPG 10607 internal transcribed spacer 1 

Otu.32 KU702594.1 Trichosporon sp. isolate YP-85 18S ribosomal RNA gene 
   

Otu.33 KU957984.1 Lasiodiplodia sp. isolate kidron3 internal transcribed spacer 1 

Otu.33 KU957983.1 Lasiodiplodia sp. isolate kidron2 internal transcribed spacer 1 

Otu.33 KU957982.1 Lasiodiplodia sp. isolate kidron1 internal transcribed spacer 1 

Otu.33 KX224478.1 Lasiodiplodia sp. isolate F1 internal transcribed spacer 1 

Otu.33 KX355576.1 Lasiodiplodia theobromae strain LAM200 small subunit ribosomal RNA gene 
   

Otu.34 GU827483.1 Bionectria sp. INBio2574A internal transcribed spacer 1 

Otu.34 KU535754.1 Ascomycota sp. L258 internal transcribed spacer 1 

Otu.34 JX243765.1 Mariannaea sp. Pi 1 internal transcribed spacer 1 

Otu.34 NR_119412.1 Myxocephala albida CBS 962.87 ITS region 

Otu.34 KR812237.1 Mariannaea elegans strain B76 internal transcribed spacer 1 
   

Otu.35 JF908763.1 Genabea fragilis voucher 16974 18S ribosomal RNA gene 

Otu.35 KJ938785.1 Genabea fragilis voucher MA56986 18S ribosomal RNA gene 

Otu.35 KT275608.1 Genabea sp. 1 SE-2015 internal transcribed spacer 1 

Otu.35 KP759346.1 Icmadophila splachnirima voucher OTA 062507 18S ribosomal RNA gene 

Otu.35 GU228962.1 Placidium umbrinum voucher LI 350628 internal transcribed spacer 1 
   

Otu.36 KT736212.1 Microdochium nivale strain 200846 internal transcribed spacer 1 

Otu.36 KT736211.1 Microdochium nivale strain 200444 internal transcribed spacer 1 

Otu.36 KT736210.1 Microdochium nivale strain 200120 internal transcribed spacer 1 
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Otu.36 KT736209.1 Microdochium nivale strain 200559 internal transcribed spacer 1 

Otu.36 KT736208.1 Microdochium nivale strain 200272 internal transcribed spacer 1 
   

Otu.37 EU340854.1 Epicarchesium abrae internal transcribed spacer 1 

Otu.37 KM222087.1 Pseudovorticella sp. FG-2015 18S ribosomal RNA gene 

Otu.37 EU340856.1 Pseudovorticella punctata internal transcribed spacer 1 

Otu.37 EU340855.1 Pseudovorticella paracratera internal transcribed spacer 1 

Otu.37 KM222088.1 Vorticella sp. FG-2015 18S ribosomal RNA gene 
   

Otu.38 KU556583.1 Scutellinia sp. OTU101 AN-2016 18S ribosomal RNA gene 

Otu.38 JF908716.1 Scutellinia kerguelensis voucher 15756 18S ribosomal RNA gene 

Otu.38 KU556557.1 Scutellinia sp. OTU075 AN-2016 18S ribosomal RNA gene 

Otu.38 AF072091.1 AF072091 Scuellinia scutellata NSW #7387 internal transcribed spacer 1 

Otu.38 GU222313.1 Aleuria sp. PDD 89857 18S ribosomal RNA gene 
   

Otu.39 KU935704.1 
Parastagonospora avenae culture-collection MUT<ITA>:1905 18S ribosomal RNA 

gene 

Otu.39 HM172819.1 Phaeosphaeria sp. FSU 10144 internal transcribed spacer 1 

Otu.39 DQ068352.1 Fungal sp. V-E10 internal transcribed spacer 1 

Otu.39 AM084455.1 Ascomycete sp. HK-S242 ITS1 

Otu.39 AM084454.1 Ascomycete sp. HK-S188 ITS1 
   

Otu.40 AB180197.1 Trichosporon chiropterorum genes for ITS1 

Otu.40 KM504286.1 Trichosporon dulcitum strain OA35 internal transcribed spacer 1 

Otu.40 JF781428.1 Trichosporon sp. Z9Y10 internal transcribed spacer 1 

Otu.40 NR_073255.1 Apiotrichum gracile CBS 8189 ITS region 

Otu.40 AB018023.1 Trichosporon gracile genes for ITS1 
   

Otu.41 KT727926.1 Acidomyces acidophilus strain WKC-1 internal transcribed spacer 1 

Otu.41 JQ172741.1 Acidomyces acidophilus strain MH1085 internal transcribed spacer 1 

Otu.41 AJ244237.1 Bispora sp. 5.8S rRNA gene and internal transcribed spacers 1 and 2 (ITS1 

Otu.41 JQ172742.1 Acidomyces acidophilus strain MH934 internal transcribed spacer 1 

Otu.41 FJ430711.1 
Acidomyces sp. AK72/03 18S ribosomal RNA gene and internal transcribed spacer 

1 
   

Otu.44 KM887909.1 Oedogonium sp. China1 18S ribosomal RNA gene 

Otu.44 DQ413060.1 Oedogonium pakistanense 18S ribosomal RNA gene 

Otu.44 DQ413059.1 Oedogonium sp. M3 18S ribosomal RNA gene 

Otu.44 DQ413057.1 Oedogonium sp. L7 18S ribosomal RNA gene 

Otu.44 DQ178024.1 Oedogonium tenerum 18S ribosomal RNA gene 
   

Otu.45 KU869710.1 Epistylis wuhanensis 18S ribosomal RNA gene 

Otu.45 JN836353.1 Myoschiston duplicatum 18S ribosomal RNA gene 

Otu.45 GU586187.1 Epistylis chrysemydis strain 1 18S ribosomal RNA gene 

Otu.45 EU340859.1 Zoothamnium nii internal transcribed spacer 1 

Otu.45 KF790904.1 Zoothamnium intermedium clone Pp 18S ribosomal RNA gene 
   

Otu.46 KR909165.1 Pleosporales sp. 10 KB-2015 18S ribosomal RNA gene 

Otu.46 KP852526.1 Pleosporales sp. 1 SW-2015 18S ribosomal RNA gene 

Otu.46 KF573990.1 Sclerostagonospora cycadis isolate 26TG 18S ribosomal RNA gene 

Otu.46 JQ070592.1 Fungal sp. acwVHT46_6 internal transcribed spacer 1 

Otu.46 KU139425.1 Pleosporales sp. FL-2015 internal transcribed spacer 1 
   

Otu.47 KU516459.1 Epicoccum nigrum isolate 309Jb14 18S ribosomal RNA gene 

Otu.47 KU516456.1 Epicoccum nigrum isolate 60Jb14 18S ribosomal RNA gene 
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Otu.47 KU325069.1 Epicoccum nigrum strain P3_B2_1116 internal transcribed spacer 1 

Otu.47 KU325000.1 Epicoccum nigrum strain P2_D4_35 internal transcribed spacer 1 

Otu.47 KX014703.1 Epicoccum sp. UASWS1555 internal transcribed spacer 1 
   

Otu.48 KX421285.1 Candida parapsilosis strain TN106HC05 18S ribosomal RNA gene 

Otu.48 KX385854.1 Candida parapsilosis strain AUMC 10733 18S ribosomal RNA gene 

Otu.48 KX376269.1 Candida parapsilosis strain AUMC 10715 18S ribosomal RNA gene 

Otu.48 KX376268.1 Candida parapsilosis strain AUMC 10714 18S ribosomal RNA gene 

Otu.48 KX833099.1 Candida parapsilosis strain DMic 134410 18S ribosomal RNA gene 
   

Otu.49 LC071457.1 Trichosporon sp. SK-2015 genes for 18S rRNA 

Otu.49 LC071456.1 Trichosporon sp. SK-2015 genes for 18S rRNA 

Otu.49 LC171724.1 Apiotrichum domesticum DNA 

Otu.49 KX034390.1 Apiotrichum montevideense 18S ribosomal RNA gene 

Otu.49 KX218262.1 Apiotrichum scarabaeorum strain AUMC 10297 18S ribosomal RNA gene 
   

Otu.50 KP017070.1 Sporothrix variecibatus strain CBS 121961 internal transcribed spacer 1 

Otu.50 LK052783.1 Fungal sp. JH 73 genomic DNA containing 18S rRNA gene 

Otu.50 KF212307.1 Fungal sp. APA-2013 clone LJ249PsTC10w 18S ribosomal RNA gene 

Otu.50 JX244041.1 Ophiostomataceae sp. 214h internal transcribed spacer 1 

Otu.50 JX244029.1 Ophiostomataceae sp. 212b internal transcribed spacer 1 
   

Otu.51 KJ409889.1 Wallemia mellicola strain DAOM 242698 internal transcribed spacer 1 

Otu.51 AY302533.1 Wallemia mellicola strain MZKI-B451 18S ribosomal RNA gene 

Otu.51 AY302503.1 Wallemia mellicola strain CBS 110587 18S ribosomal RNA gene 

Otu.51 KP132876.1 
Wallemia sebi strain IHEM 22704 isolate ISHAM-ITS_ID MITS2788 18S 

ribosomal RNA gene 

Otu.51 KJ494627.1 Wallemia mellicola strain MUCL-40632 18S ribosomal RNA gene 
   

Otu.52 FN868154.1 Candida sp. CBS 11774 genomic DNA containing 18S rRNA gene 

Otu.52 FJ873416.1 Candida sp. GA1S01 internal transcribed spacer 1 

Otu.52 NR_111589.1 Candida fluviatilis ATCC 38621 ITS region 

Otu.52 KT876573.1 Candida palmioleophila isolate H3-4 internal transcribed spacer 1 

Otu.52 KP674596.1 Candida palmioleophila strain d63b internal transcribed spacer 1 
   

Otu.53 JN661632.1 Coniosporium sp. SL08581 18S ribosomal RNA gene 

Otu.53 AY843133.1 Fungal sp. TRN435 internal transcribed spacer 1 

Otu.53 JQ354906.1 Coniosporium sp. SL10201 28S ribosomal RNA gene 

Otu.53 AJ971455.1 Coniosporium sp. MA4780 18S rRNA gene (partial) 

Otu.53 AJ971450.1 Coniosporium sp. MA4984 18S rRNA gene (partial) 
   

Otu.54 KU869710.1 Epistylis wuhanensis 18S ribosomal RNA gene 

Otu.54 GU586187.1 Epistylis chrysemydis strain 1 18S ribosomal RNA gene 

Otu.54 EU340859.1 Zoothamnium nii internal transcribed spacer 1 

Otu.54 JN836353.1 Myoschiston duplicatum 18S ribosomal RNA gene 

Otu.54 JN836354.1 Myschiston cf. duplicatum 18S ribosomal RNA gene 
   

Otu.56 AB831797.1 Sebacina sp. Seb11I genes for ITS1 

Otu.56 JF906112.1 Sebacinales sp. 4035 internal transcribed spacer 1 

Otu.56 AB831798.1 Sebacina sp. Seb12I genes for ITS1 

Otu.56 AM697891.1 fungal sp. 5DI12-1pl1 ITS1 

Otu.56 FN663143.1 Sebacina vermifera partial 18S rRNA 
   

Otu.57 AF033296.1 AF033296 Pyrobotrys stellata internal transcribed spacer 1 

Otu.57 FR865604.1 Lobochlamys segnis genomic DNA containing 18S rRNA gene 
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Otu.57 FR865559.1 Chlamydomonas sp. CCAP 11/165 genomic DNA containing 18S rRNA gene 

Otu.57 FR865558.1 Chlamydomonas sp. CCAP 11/164 genomic DNA containing 18S rRNA gene 

Otu.57 FR865556.1 Chlamydomonas sp. CCAP 11/162 genomic DNA containing 18S rRNA gene 
   

Otu.58 KY010356.1 Trichoderma sp. isolate F4 internal transcribed spacer 1 

Otu.58 KU896367.1 
Trichoderma koningiopsis isolate CTCCSJ-AGS50493 small subunit ribosomal 

RNA gene 

Otu.58 KU896345.1 
Trichoderma koningiopsis isolate CTCCSJ-ASC50403 small subunit ribosomal 

RNA gene 

Otu.58 KU896317.1 
Trichoderma koningiopsis isolate CTCCSJ-ASC50272 small subunit ribosomal 

RNA gene 

Otu.58 KU896316.1 
Trichoderma koningiopsis isolate CTCCSJ-ASC50271 small subunit ribosomal 

RNA gene 
   

Otu.59 JX290371.3 Heveochlorella roystonensis strain ITBB A3-8 18S ribosomal RNA gene 
   

Otu.60 KF703909.1 Cylindrocarpon sp. LH103 internal transcribed spacer 1 

Otu.60 JX173271.1 Cylindrocarpon sp. cl7 internal transcribed spacer 1 

Otu.60 JX173260.1 Cylindrocarpon sp. lbl4 internal transcribed spacer 1 

Otu.60 JQ771185.1 Cylindrocarpon sp. CL4 internal transcribed spacer 1 

Otu.60 JX157854.1 Cylindrocarpon sp. MLSC-BR5 18S ribosomal RNA gene 
   

Otu.61 KU214553.1 Fusarium merismoides strain STAF238 internal transcribed spacer 1 

Otu.61 KU214519.1 Fusarium merismoides strain STAF204 internal transcribed spacer 1 

Otu.61 KU214516.1 Fusarium merismoides strain STAF201 internal transcribed spacer 1 

Otu.61 KJ735085.1 Nectriaceae sp. ZZ-27 18S ribosomal RNA gene 

Otu.61 KM280059.1 Fusarium sp. UASWS1224 internal transcribed spacer 1 
   

Otu.62 KX055561.1 Ganoderma applanatum strain G92 18S ribosomal RNA gene 

Otu.62 KT318589.1 Ganoderma applanatum isolate XC14080603 18S ribosomal RNA gene 

Otu.62 KT318588.1 Ganoderma applanatum isolate XC14080601 internal transcribed spacer 1 

Otu.62 KP941443.1 Ganoderma applanatum isolate Gap-02 internal transcribed spacer 1 

Otu.62 KJ857266.1 Ganoderma applanatum strain G9 internal transcribed spacer 1 
   

Otu.63 NR_138218.1 Debaryomyces vindobonensis CBS 11666 ITS region 

Otu.63 NR_138186.1 Debaryomyces fabryi CBS 789 ITS region 

Otu.63 KU350401.1 Debaryomyces sp. strain CSHP5 internal transcribed spacer 1 

Otu.63 KU350313.1 Debaryomyces sp. strain CarHP5 internal transcribed spacer 1 

Otu.63 KX079875.1 Debaryomyces sp. MYf166 internal transcribed spacer 1 
   

Otu.64 AJ002205.1 Fungal contaminant of Leptosphaeria sp. internal transcribed spacer ITSc1 

Otu.64 KR809561.1 Cephaliophora tropica isolate MP1 internal transcribed spacer 1 

Otu.64 FJ792583.1 Cephaliophora tropica strain xsd08001 18S ribosomal RNA gene 

Otu.64 AF413092.1 Leptosphaeria fungal contaminant 'Hungary 3' 18S ribosomal RNA gene 

Otu.64 KX683420.1 Cephaliophora irregularis strain YG-C22 internal transcribed spacer 1 
   

Otu.65 KU554587.1 Sordaria fimicola strain UC4 internal transcribed spacer 1 

Otu.65 KU325285.1 Sordaria fimicola strain P6_B8_721 internal transcribed spacer 1 

Otu.65 KU325027.1 Sordaria macrospora strain P2_F8_122 internal transcribed spacer 1 

Otu.65 KX014714.1 Sordaria sp. UASWS1566 internal transcribed spacer 1 

Otu.65 LC146762.1 Sordaria tamaensis genes for 18S ribosomal RNA 
   

Otu.66 AY569004.1 Candida tepae internal transcribed spacer 1 

Otu.66 AY585213.1 Candida petrohuensis internal transcribed spacer 1 

Otu.66 KU883296.1 Sugiyamaella sp. SH-2016a strain MD17G 18S ribosomal RNA gene 
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Otu.66 KU883295.1 Sugiyamaella sp. SH-2016a strain HA616 18S ribosomal RNA gene 

Otu.66 KU883294.1 Sugiyamaella sp. SH-2016a strain HA167 18S ribosomal RNA gene 
   

Otu.67 KX822693.1 Botrytis cinerea strain QT5-15 small subunit ribosomal RNA gene 

Otu.67 KX721051.1 Botrytis cinerea strain XT5-2 18S ribosomal RNA gene 

Otu.67 KX364739.1 Botrytis cinerea isolate SKP-135 internal transcribed spacer 1 

Otu.67 KT921335.1 Botrytis cinerea isolate LJC10526 small subunit ribosomal RNA gene 

Otu.67 KX858923.1 Botrytis cinerea isolate 1816 18S ribosomal RNA gene 
   

Otu.68 AY843156.1 Fungal sp. TRN458 internal transcribed spacer 1 

Otu.68 AY843155.1 Fungal sp. TRN457 internal transcribed spacer 1 

Otu.68 GU222294.1 Discinella terrestris voucher PDD:89062 18S ribosomal RNA gene 

Otu.68 KM108380.1 Tiarosporella sp. CBS 109699 18S ribosomal RNA gene 

Otu.68 JN814458.1 Neofusicoccum parvum strain NF32 internal transcribed spacer 1 
   

Otu.69 JQ760214.1 Sordariomycetes sp. genotype 308 isolate FL0495 internal transcribed spacer 1 

Otu.69 JQ760205.1 Sordariomycetes sp. genotype 308 isolate FL0485 internal transcribed spacer 1 

Otu.69 JQ760198.1 Sordariomycetes sp. genotype 308 isolate FL0477 internal transcribed spacer 1 

Otu.69 JQ760185.1 Sordariomycetes sp. genotype 308 isolate FL0460 internal transcribed spacer 1 

Otu.69 KU342662.1 Coniochaeta fodinicola isolate SW14 internal transcribed spacer 1 
   

Otu.70 KR912284.1 Trichosporon jirovecii strain YY51 internal transcribed spacer 1 

Otu.70 AJ849472.1 Trichosporon sp. YL2C3 ITS1 

Otu.70 KM821120.1 Trichosporon jirovecii strain ATCC MYA-857 18S ribosomal RNA gene 

Otu.70 KP714306.1 Trichosporon jirovecii isolate Y11H3a2epi internal transcribed spacer 1 

Otu.70 NR_073252.1 Cutaneotrichosporon jirovecii CBS 6864 ITS region 
   

Otu.71 KU725774.1 Aureobasidium pullulans isolate PBgEn-18 internal transcribed spacer 1 

Otu.71 KX664386.1 Aureobasidium pullulans isolate F36-04 18S ribosomal RNA gene 

Otu.71 KX664383.1 Aureobasidium pullulans isolate F36-01 18S ribosomal RNA gene 

Otu.71 KT150707.1 Aff. Aureobasidium sp. isolate mk223 internal transcribed spacer 1 

Otu.71 KT150692.1 Aff. Aureobasidium sp. isolate mk208 internal transcribed spacer 1 
   

Otu.72 KP309945.1 Pyrenochaeta sp. 3 BRM-2015 internal transcribed spacer 1 

Otu.72 KP309891.1 Pyrenochaeta sp. 04090503B internal transcribed spacer 1 

Otu.72 KP309890.1 Pyrenochaeta sp. 04090503A internal transcribed spacer 1 

Otu.72 KP309889.1 Pyrenochaeta sp. 1 BRM-2015 internal transcribed spacer 1 

Otu.72 KP309888.1 Pyrenochaeta sp. 04090205A internal transcribed spacer 1 
   

Otu.73 KR813023.1 Fungal sp. 4 EO-2015 18S ribosomal RNA gene 

Otu.73 AJ549823.1 Candida sp. K2 18S rRNA gene (partial) 

Otu.73 AJ549822.1 Candida sake 18S rRNA gene (partial) 

Otu.73 JQ857022.1 Candida sake isolate H14Cs internal transcribed spacer 1 

Otu.73 HQ115735.1 Candida sp. NG_32 18S ribosomal RNA gene 
   

Otu.74 KP216909.1 Acremonium sp. S5-T-2-8 internal transcribed spacer 1 

Otu.74 KC506320.1 Fungal sp. AM2013 strain 169_Jp internal transcribed spacer 1 

Otu.74 JQ988825.1 Acremonium sp. SHW11 internal transcribed spacer 1 

Otu.74 FJ430713.1 Acremonium sp. CCF3791 internal transcribed spacer 1 

Otu.74 KU746694.1 Paracremonium sp. ZF-2016a strain LC5837(FZ0542) internal transcribed spacer 1 
   

Otu.75 LT560380.1 Scedosporium aurantiacum genomic DNA sequence contains ITS1 

Otu.75 KP132687.1 
Scedosporium aurantiacum strain WM 06.467 isolate ISHAM-ITS_ID MITS2303 

18S ribosomal RNA gene 
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Otu.75 KP132686.1 
Scedosporium aurantiacum strain SA1 isolate ISHAM-ITS_ID MITS2298 18S 

ribosomal RNA gene 

Otu.75 KP132683.1 
Scedosporium aurantiacum strain PWQ2393 isolate ISHAM-ITS_ID MITS2295 

18S ribosomal RNA gene 

Otu.75 KP132682.1 
Scedosporium aurantiacum strain PWQ2385 isolate ISHAM-ITS_ID MITS2294 

18S ribosomal RNA gene 
   

Otu.76 KJ869139.1 
Dendryphiella eucalyptorum strain CPC 22927 culture-collection CBS:137987 18S 

ribosomal RNA gene 

Otu.76 DQ307316.1 Dendryphiella vinosa strain NBRC 32669 internal transcribed spacer 1 

Otu.76 KX228258.1 Dendryphiella paravinosa strain CPC 26182 18S ribosomal RNA gene 

Otu.76 KX228257.1 Dendryphiella paravinosa strain CPC 26176 18S ribosomal RNA gene 

Otu.76 KU325195.1 Pleurophoma sp. strain P4_G11_1492 internal transcribed spacer 1 
   

Otu.77 KX438333.1 Ilyonectria robusta voucher ChL13 small subunit ribosomal RNA gene 

Otu.77 KU556076.1 Ilyonectria robusta isolate ELM139 internal transcribed spacer 1 

Otu.77 KU556048.1 Ilyonectria sp. ELM111 internal transcribed spacer 1 

Otu.77 KU350726.1 Ilyonectria sp. WBS016 18S ribosomal RNA gene 

Otu.77 KT906405.1 Ilyonectria destructans isolate 14jin01-05s internal transcribed spacer 1 
   

Otu.78 LC171723.1 Trichosporon guehoae DNA 

Otu.78 KX034351.1 Trichosporon guehoae isolate 5_13 internal transcribed spacer 1 

Otu.78 KX034350.1 Trichosporon guehoae isolate 5_13 internal transcribed spacer 1 

Otu.78 KT259307.1 Aegeritella tuberculata strain WA51216 internal transcribed spacer 1 

Otu.78 KF990133.1 Trichosporon guehoae strain LCC16 internal transcribed spacer 1 
   

Otu.79 FJ235944.1 Fungal sp. AB11 18S ribosomal RNA gene 

Otu.79 JF895509.1 Candida sp. NCAIM Y.01949 18S ribosomal RNA gene 

Otu.79 FJ873575.1 Candida sp. EN15M01 internal transcribed spacer 1 

Otu.79 KU214874.1 Sugiyamaella sp. UFMG-CM-Y348 internal transcribed spacer 1 

Otu.79 FJ873588.1 Candida sp. GJ17M08 internal transcribed spacer 1 
   

Otu.80 KY031981.1 Alternaria sp. strain L3D small subunit ribosomal RNA gene 

Otu.80 KU936229.1 Alternaria alternata isolate 1173 internal transcribed spacer 1 

Otu.80 KX757237.1 Alternaria sp. isolate Tar10 18S ribosomal RNA gene 

Otu.80 KX904867.1 Alternaria alternata isolate 26 small subunit ribosomal RNA gene 

Otu.80 KU898065.1 Corynespora sp. isolate OLS1 internal transcribed spacer 1 
   

Otu.81 KX690128.1 Chaetomium homopilatum strain IBT 41560 internal transcribed spacer 1 

Otu.81 GU183108.1 Chaetomium udagawae strain NRRL 6547 internal transcribed spacer 1 

Otu.81 JX243910.1 Chaetomiaceae sp. ODKB10 internal transcribed spacer 1 

Otu.81 KT264314.1 Chaetomium sp. isolate A386P2T5-10 internal transcribed spacer 1 

Otu.81 KP970640.1 Chaetomium amesii strain CBS 338.68 18S ribosomal RNA gene 
   

Otu.82 KT004570.1 Ascomycota sp. Js_6294 18S ribosomal RNA gene 

Otu.82 KF212257.1 Fungal sp. APA-2013 clone LJ244PsTC10w 18S ribosomal RNA gene 

Otu.82 JN253549.1 Ascomycota sp. HF-09 18S ribosomal RNA gene 

Otu.82 JN253510.1 Ascomycota sp. HF-08 18S ribosomal RNA gene 

Otu.82 KU314951.1 Roussoellaceae sp. MUT 5371 internal transcribed spacer 1 
   

   

Otu.84 KM459452.1 Candida oleophila internal transcribed spacer 1 

Otu.84 KJ095616.1 Candida oleophila strain SD3S2Y1 internal transcribed spacer 1 

Otu.84 JX188107.1 Candida oleophila strain P40C007 small subunit ribosomal RNA gene 

Otu.84 JX188106.1 Candida oleophila strain P40C006 internal transcribed spacer 1 
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Otu.84 KF057734.1 Candida sp. LL11_153 internal transcribed spacer 1 
   

Otu.85 KX376263.1 Sporidiobolus metaroseus strain AUMC 10722 18S ribosomal RNA gene 

Otu.85 KU745374.1 Sporobolomyces roseus strain DBVPG 10604 internal transcribed spacer 1 

Otu.85 NR_137686.1 Sporidiobolus metaroseus CBS 7683 ITS region 

Otu.85 KU934004.1 Sporidiobolus sp. P2214 internal transcribed spacer 1 

Otu.85 KU168779.1 Sporobolomyces roseus isolate T11-4-2 internal transcribed spacer 1 
   

Otu.86 JN819283.1 Manglicola guatemalensis strain BCC20156 internal transcribed spacer 1 

Otu.86 JN819282.1 Manglicola guatemalensis strain BCC20157 internal transcribed spacer 1 
   

Otu.88 FJ838782.1 Saccharomyces cerevisiae strain T14 internal transcribed spacer 1 

Otu.88 AY257968.1 Peltigera phyllidiosa internal transcribed spacer 1 

Otu.88 AF074975.1 AF074975 Peltigera phyllidiosa internal transcribed spacer 1 

Otu.88 KJ413249.1 Peltigera neckeri strain SSM352 internal transcribed spacer 1 

Otu.88 JX986744.1 Peltigera malacea isolate UK58 18S ribosomal RNA gene 
   

Otu.89 KU059851.1 Penicillium sp. isolate E-192.2 18S ribosomal RNA gene 

Otu.89 KU059830.1 Penicillium sp. isolate GD138 18S ribosomal RNA gene 

Otu.89 KU059827.1 Penicillium sp. isolate E-188.2 18S ribosomal RNA gene 

Otu.89 KU059803.1 Penicillium sp. isolate E-183.4 18S ribosomal RNA gene 

Otu.89 KU317717.1 Penicillium olsonii strain HF15181 internal transcribed spacer 1 
   

Otu.90 JQ070595.1 Fungal sp. acwVHT117_7 internal transcribed spacer 1 

Otu.90 KU314976.1 Biatriosporaceae sp. MUT 5448 18S ribosomal RNA gene 

Otu.90 KT699127.1 
Biatriospora sp. MUT 4902 culture-collection MUT<ITA>:4902 internal 

transcribed spacer 1 

Otu.90 KT715719.1 Fungal sp. MUT 5270 18S ribosomal RNA gene 

Otu.90 KR014352.1 Biatriospora sp. MUT 4883 internal transcribed spacer 1 
   

Otu.91 NR_137087.1 Candida sojae CBS 7871 ITS region 

Otu.91 JQ647916.1 Candida sojae strain CBS 7871 18S ribosomal RNA gene 

Otu.91 AY796118.1 Saccharomycete sp. jbra529 internal transcribed spacer 1 

Otu.91 FN424104.1 Candida sojae ITS1 (partial) 

Otu.91 JF916546.1 Candida tropicalis strain 70C internal transcribed spacer 1 
   

Otu.92 NR_132033.1 Lopadostoma linospermum CBS 133208 ITS region 

Otu.92 KC774592.1 Lopadostoma linospermum strain LPL1 18S ribosomal RNA gene 

Otu.92 KC774591.1 Lopadostoma linospermum strain LPL 18S ribosomal RNA gene 

Otu.92 AM922219.1 Xylariales sp. 4041 ITS1 

Otu.92 KR015149.1 Fungal endophyte isolate 2165 internal transcribed spacer 1 
   

Otu.93 AF414328.1 Trichoderma viride strain CCRC33605 internal transcribed spacer 1 

Otu.93 HE998762.1 Trichoderma sp. OTU_101 genomic DNA containing ITS1 

Otu.93 JN943444.1 Hypocrea minutispora strain NBRC 9062 internal transcribed spacer 1 

Otu.93 JN943363.1 Trichoderma minutisporum strain NBRC 101779 internal transcribed spacer 1 

Otu.93 NR_111192.1 Trichoderma minutisporum DAOM 167069 ITS region 
   

Otu.94 LT598662.1 Fusarium culmorum genome assembly 

Otu.94 KU902448.1 Fusarium sp. MYf198 internal transcribed spacer 1 

Otu.94 KU831492.1 Fusarium sp. PVF3 internal transcribed spacer 1 

Otu.94 KU647188.1 Fusarium sp. AB31 internal transcribed spacer 1 

Otu.94 KU647184.1 Fusarium sp. AB27 18S ribosomal RNA gene 
   

Otu.96 KU869710.1 Epistylis wuhanensis 18S ribosomal RNA gene 
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Otu.96 JN836353.1 Myoschiston duplicatum 18S ribosomal RNA gene 

Otu.96 GU586187.1 Epistylis chrysemydis strain 1 18S ribosomal RNA gene 

Otu.96 EU340859.1 Zoothamnium nii internal transcribed spacer 1 

Otu.96 JN836354.1 Myschiston cf. duplicatum 18S ribosomal RNA gene 
   

Otu.97 GU586189.1 Rhabdostyla sp. 5 PPS-2010 18S ribosomal RNA gene 

Otu.97 KF524429.1 Opisthonecta minima 18S ribosomal RNA gene 

Otu.97 KF524428.1 Vorticella sp. 4 PS-2013 18S ribosomal RNA gene 

Otu.97 KM222090.1 Opisthonecta sp. FG-2015 18S ribosomal RNA gene 

Otu.97 KF524427.1 Vorticella striata 18S ribosomal RNA gene 
   

Otu.98 KU702714.1 Petriella sp. isolate BK359 internal transcribed spacer 1 

Otu.98 KU702677.1 Petriella sp. isolate BK220 18S ribosomal RNA gene 

Otu.98 LN714581.1 Petriella sp. AK64/08 genomic DNA sequence contains ITS1 

Otu.98 KC461509.1 Pseudallescheria fimeti voucher MSCL 1320 internal transcribed spacer 1 

Otu.98 KC461507.1 Pseudallescheria fimeti voucher MSCL 1318 18S ribosomal RNA gene 
   

Otu.99 KT270232.1 Pleosporales sp. strain P6038 internal transcribed spacer 1 

Otu.99 KT270197.1 Pleosporales sp. strain P6003 internal transcribed spacer 1 

Otu.99 KT270174.1 Pleosporales sp. strain P2978 internal transcribed spacer 1 

Otu.99 KT270134.1 Pleosporales sp. strain P2937 internal transcribed spacer 1 

Otu.99 KT270107.1 Pleosporales sp. strain P2910 internal transcribed spacer 1 
   

Otu.100 KJ588855.1 Calocybe sp. BAB-3332 5.8S ribosomal RNA gene 

Otu.100 KC176349.1 Clitocybe sp. X-79 18S ribosomal RNA gene 

Otu.100 AB368507.1 Tricholoma matsutake genes for 18S rRNA 

Otu.100 KJ816906.1 Cryptococcus albidus strain 5097 internal transcribed spacer 1 

Otu.100 KP012727.1 Scleroderma sp. 2 GMB-2014 voucher MEL:2382852 internal transcribed spacer 1 
   

Otu.101 EU340855.1 Pseudovorticella paracratera internal transcribed spacer 1 

Otu.101 KF524371.1 Vorticella sp. 11 PS-2013 18S ribosomal RNA gene 

Otu.101 EU340856.1 Pseudovorticella punctata internal transcribed spacer 1 

Otu.101 KF524377.1 Vorticella sp. 12 PS-2013 18S ribosomal RNA gene 

Otu.101 KF524415.1 Vorticella sp. 2 PS-2013 18S ribosomal RNA gene 
   

Otu.102 KP791764.1 Capnodiales sp. LS-2015a strain CCFEE 5935 internal transcribed spacer 1 

Otu.102 AY559332.1 
Melanized limestone ascomycete CR-2004 strain TRN70 internal transcribed 

spacer 1 

Otu.102 AY559330.1 
Melanized limestone ascomycete CR-2004 strain TRN66 internal transcribed 

spacer 1 

Otu.102 AJ972792.1 Coniosporium sp. MA 4597 18S rRNA gene 

Otu.102 AY559329.1 
Melanized limestone ascomycete CR-2004 strain TRN65 internal transcribed 

spacer 1 
   

Otu.103 JX839531.1 Rhinocladiella sp. YH-2009a isolate XJ07086-2 18S ribosomal RNA gene 

Otu.103 JQ846018.1 Rhinocladiella sp. YH-2009a isolate XJ07086-1 18S ribosomal RNA gene 

Otu.103 FJ948175.1 Rhinocladiella sp. YH-2009a 18S ribosomal RNA gene 

Otu.103 KR014371.1 Herpotrichiellaceae sp. MUT 5408 internal transcribed spacer 1 

Otu.103 KM056298.1 Rhinocladiella sp. 102 18S ribosomal RNA gene 
   

Otu.104 NR_138403.1 Valsaria insitiva CBS 127882 ITS region 

Otu.104 KP687889.1 Valsaria insitiva strain VW 18S ribosomal RNA gene 

Otu.104 KP687888.1 Valsaria insitiva strain VV2 18S ribosomal RNA gene 

Otu.104 KP687887.1 Valsaria insitiva strain VV1 18S ribosomal RNA gene 

Otu.104 KP687875.1 Valsaria insitiva strain VL 18S ribosomal RNA gene 
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Otu.105 KX009092.1 Carlosrosaea sp. 1 ML-2016 strain BSS 147 internal transcribed spacer 1 

Otu.105 KX009091.1 Carlosrosaea sp. 1 ML-2016 strain BSB 34 internal transcribed spacer 1 

Otu.105 KX009090.1 Carlosrosaea sp. 1 ML-2016 strain BSB 16 internal transcribed spacer 1 

Otu.105 KX009089.1 Carlosrosaea sp. 1 ML-2016 strain BSB 05 internal transcribed spacer 1 

Otu.105 KX009087.1 Carlosrosaea sp. 1 ML-2016 strain BM 82 internal transcribed spacer 1 
   

Otu.106 KU556150.1 Fusarium sp. WAS118 internal transcribed spacer 1 

Otu.106 KU556146.1 Fusarium sp. WAS114 internal transcribed spacer 1 

Otu.106 KU556126.1 Fusarium redolens isolate WSO112 internal transcribed spacer 1 

Otu.106 KT347158.1 Fusarium sp. isolate FEV30A internal transcribed spacer 1 

Otu.106 LT220683.1 Fusarium redolens genomic DNA sequence contains ITS1 
   

Otu.107 AY559369.1 
Melanized limestone ascomycete CR-2004 strain TRN137 internal transcribed 

spacer 1 

Otu.107 AY559353.1 
Melanized limestone ascomycete CR-2004 strain TRN113 internal transcribed 

spacer 1 

Otu.107 AY559350.1 
Melanized limestone ascomycete CR-2004 strain TRN108 internal transcribed 

spacer 1 

Otu.107 AJ972856.1 Capnobotryella sp. MA 4701 18S rRNA gene 

Otu.107 AY843131.1 Fungal sp. TRN433 internal transcribed spacer 1 
   

Otu.108 JN942962.1 Lophiostoma compressum strain KT 534 internal transcribed spacer 1 

Otu.108 KT269656.1 Lophiostoma sp. strain P2424 internal transcribed spacer 1 

Otu.108 KT026117.1 Platystomum crataegi strain MFLUCC 14-0925 internal transcribed spacer 1 

Otu.108 NR_138018.1 Lophiostoma multiseptatum HHUF 27309 ITS region 

Otu.108 NR_138011.1 Lophiohelichrysum helichrysi MFLUCC 15-0701 ITS region 
   

Otu.109 KR093949.1 Fungal sp. isolate JSP 05-02 B 4.1 18S ribosomal RNA gene 

Otu.109 KF435847.1 
Fungal endophyte culture-collection STRI:ICBG-Panama:TK132 18S ribosomal 

RNA gene 

Otu.109 AB986467.1 Pleosporales sp. KO-groupE 2014 gene for ITS1 

Otu.109 AY518669.1 Fungal sp. 'melon seed' internal transcribed spacer 1 

Otu.109 JN572053.1 Pleosporales sp. E10519c 18S ribosomal RNA gene 
   

Otu.110 HM208715.1 Pyrenochaeta sp. shylm24 18S ribosomal RNA gene 

Otu.110 KR909184.1 Dothideomycetes sp. 11 KB-2015 18S ribosomal RNA gene 

Otu.110 AB605660.1 Fungal sp. Ascomycota myco-symbiont genes for 18S rRNA 

Otu.110 GQ996178.1 Fungal sp. mh1872.1 18S ribosomal RNA gene 

Otu.110 KX815470.1 Ochrocladosporium sp. voucher 10-14 5.8S ribosomal RNA gene 
   

Otu.111 KT268431.1 Cyphellophora sp. strain P1113 internal transcribed spacer 1 

Otu.111 KT582074.1 Phialophora sp. DF35 18S ribosomal RNA gene 

Otu.111 KT270132.1 Cyphellophora sp. strain P2935 internal transcribed spacer 1 

Otu.111 KT270111.1 Cyphellophora sp. strain P2914 internal transcribed spacer 1 

Otu.111 KT269721.1 Cyphellophora sp. strain P2492 internal transcribed spacer 1 
   

Otu.112 KU535810.1 Ascomycota sp. L325 internal transcribed spacer 1 

Otu.112 KX092004.1 Trichoderma virens isolate TV005 18S ribosomal RNA gene 

Otu.112 KX092003.1 Trichoderma harzianum isolate TH004 18S ribosomal RNA gene 

Otu.112 KU896373.1 
Trichoderma harzianum isolate CTCCSJ-ASD50567 small subunit ribosomal RNA 

gene 

Otu.112 KU896349.1 
Trichoderma harzianum isolate CTCCSJ-ASC50422 small subunit ribosomal RNA 

gene 
   

Otu.113 KM113763.1 Tremellales sp. DU26 18S ribosomal RNA gene 
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Otu.113 NR_137523.1 Vanrija pseudolonga JCM 9712 ITS region 

Otu.113 AB105353.1 Vanrija pseudolonga genes for ITS 

Otu.113 KU892286.1 Trichosporon porosum strain 2015-F-376 internal transcribed spacer 1 

Otu.113 KU745380.1 Trichosporon porosum strain DBVPG 10612 internal transcribed spacer 1 
   

Otu.114 KX347463.1 Fusarium solani strain KGR7 internal transcribed spacer 1 

Otu.114 KX364742.1 Fusarium solani isolate OKR-08 internal transcribed spacer 1 

Otu.114 KU556131.1 Fusarium solani isolate WSO117 internal transcribed spacer 1 

Otu.114 KU556016.1 Fusarium solani isolate ESO120 internal transcribed spacer 1 

Otu.114 KU720865.1 Fusarium sp. SIN56 internal transcribed spacer 1 
   

Otu.115 GU586187.1 Epistylis chrysemydis strain 1 18S ribosomal RNA gene 

Otu.115 KT358503.1 Epistylis portoalegrensis isolate GL 18S ribosomal RNA gene 

Otu.115 KT358504.1 Epistylis portoalegrensis isolate BG 18S ribosomal RNA gene 

Otu.115 JN836353.1 Myoschiston duplicatum 18S ribosomal RNA gene 

Otu.115 JN836354.1 Myschiston cf. duplicatum 18S ribosomal RNA gene 
   

Otu.116 KU350696.1 Paraphoma chrysanthemicola strain 1WBY3 18S ribosomal RNA gene 

Otu.116 KT270212.1 Paraphoma sp. strain P6018 internal transcribed spacer 1 

Otu.116 KT270202.1 Paraphoma sp. strain P6008 internal transcribed spacer 1 

Otu.116 KT270043.1 Paraphoma sp. strain P2845 internal transcribed spacer 1 

Otu.116 KT270023.1 Paraphoma sp. strain P2825 internal transcribed spacer 1 
   

Otu.117 KU563690.1 Humicola grisea isolate HSAUP044261 internal transcribed spacer 1 

Otu.117 KU563689.1 Humicola grisea isolate HSAUP044296 internal transcribed spacer 1 

Otu.117 KU563688.1 Humicola grisea isolate HSAUP042798 internal transcribed spacer 1 

Otu.117 KU563687.1 Humicola grisea isolate HSAUP042085 internal transcribed spacer 1 

Otu.117 KU563686.1 Humicola grisea isolate HSAUP144274 internal transcribed spacer 1 
   

Otu.118 AF243398.1 AF243398 Sphaeropsis ulmicola isolate 94-13 18S ribosomal RNA gene 

Otu.118 KU820970.1 Phaeobotryon negundinis strain MFLUCC 15-0436 18S ribosomal RNA gene 

Otu.118 KX061515.1 Phaeobotryon negundinis strain CAA799 18S ribosomal RNA gene 

Otu.118 KX061514.1 Phaeobotryon negundinis strain CAA798 18S ribosomal RNA gene 

Otu.118 KX061513.1 Phaeobotryon negundinis strain CAA797 18S ribosomal RNA gene 
   

Otu.120 KU556049.1 Leptosphaeria sp. ELM112 internal transcribed spacer 1 

Otu.120 KU179274.1 Fungal endophyte isolate 39 18S ribosomal RNA gene 

Otu.120 KU179259.1 Fungal endophyte isolate 24 18S ribosomal RNA gene 

Otu.120 KU179256.1 Fungal endophyte isolate 21 18S ribosomal RNA gene 

Otu.120 KT269871.1 Leptosphaeria sp. strain P2662 internal transcribed spacer 1 
   

Otu.121 JN819283.1 Manglicola guatemalensis strain BCC20156 internal transcribed spacer 1 

Otu.121 JN819282.1 Manglicola guatemalensis strain BCC20157 internal transcribed spacer 1 
   

Otu.122 KJ188691.1 Helotiales sp. AL16m5 18S ribosomal RNA gene 

Otu.122 KT269719.1 Cistella sp. strain P2490 internal transcribed spacer 1 

Otu.122 KT268837.1 Cistella sp. strain P1543 internal transcribed spacer 1 

Otu.122 KT270018.1 Helotiales sp. strain P2820 18S ribosomal RNA gene 

Otu.122 JN859265.1 Helotiales sp. REF045 18S ribosomal RNA gene 
   

Otu.123 KU933726.1 Acrostalagmus sp. CL internal transcribed spacer 1 

Otu.123 LC133812.1 Verticillium sp. JCM 28324 genes for 18S rRNA 

Otu.123 LC133811.1 Verticillium sp. JCM 28323 genes for 18S rRNA 

Otu.123 KU325449.1 Acrostalagmus luteoalbus strain P8_G12_1777 5.8S ribosomal RNA gene 
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Otu.123 KU214555.1 Acrostalagmus luteoalbus strain STAF241 18S ribosomal RNA gene 
   

Otu.124 GU586187.1 Epistylis chrysemydis strain 1 18S ribosomal RNA gene 

Otu.124 KU869710.1 Epistylis wuhanensis 18S ribosomal RNA gene 

Otu.124 JN836353.1 Myoschiston duplicatum 18S ribosomal RNA gene 

Otu.124 EU340859.1 Zoothamnium nii internal transcribed spacer 1 

Otu.124 JN836354.1 Myschiston cf. duplicatum 18S ribosomal RNA gene 
   

Otu.125 KX272863.1 Clonostachys rosea strain TCSF-4 internal transcribed spacer 1 

Otu.125 LC145307.1 Clonostachys sp. JCM 28119 genes for 18S rRNA 

Otu.125 LC145306.1 Clonostachys sp. JCM 28118 genes for 18S rRNA 

Otu.125 LC145304.1 Clonostachys sp. JCM 28116 genes for 18S rRNA 

Otu.125 LC133807.1 Gliocladium sp. JCM 28194 genes for 18S rRNA 
   

Otu.126 KT269499.1 Helotiales sp. strain P2262 internal transcribed spacer 1 

Otu.126 KT269283.1 Helotiales sp. strain P2020 internal transcribed spacer 1 

Otu.126 KT268759.1 Helotiales sp. strain P1465 internal transcribed spacer 1 

Otu.126 KF646095.1 Helotiales sp. Rr136 small subunit ribosomal RNA gene 

Otu.126 JN859280.1 Helotiales sp. REF060 internal transcribed spacer 1 
   

Otu.128 LN997777.1 Phaeosphaeria sp. 1616 FbLB genomic DNA sequence contains 18S rRNA gene 

Otu.128 JN835208.1 Pleosporales sp. VKM-3176 18S ribosomal RNA gene 

Otu.128 HE998742.1 Phaeosphaeriaceae sp. OTU_081 genomic DNA containing ITS1 

Otu.128 FR864988.1 Pleosporales sp. POPeuph12 genomic DNA containing 18S rRNA gene 

Otu.128 LT604862.1 Pleosporales sp. Iso413 genomic DNA sequence contains ITS1 
   

Otu.129 KT269862.1 Monographella sp. strain P2653 internal transcribed spacer 1 

Otu.129 KT207739.1 Sordariomycetes sp. KUC21223 18S ribosomal RNA gene 

Otu.129 JF340251.1 Plectosphaerella sp. M32 18S ribosomal RNA gene 

Otu.129 GU062315.1 Plectosphaerella sp. I392 18S ribosomal RNA gene 

Otu.129 AB264781.1 Plectosphaerella cucumerina genes for ITS1 
   

Otu.130 KT309991.1 
Pyrenochaetopsis pratorum culture-collection ICMP:6818 18S ribosomal RNA 

gene 

Otu.130 AB916515.1 Pyrenochaetopsis sp. PG293 genes for 18S rRNA 

Otu.130 JQ926169.1 Pleosporales sp. JPK 78 18S ribosomal RNA gene 

Otu.130 NR_111623.1 Pyrenochaetopsis pratorum CBS 445.81 ITS region 

Otu.130 AM231348.1 Fungal sp. B1-2 18S rRNA gene (partial) 
   

Otu.131 NR_138296.1 Candida solani CBS 1908 ITS region 

Otu.131 HM156501.1 Candida solani strain CBS 1908 internal transcribed spacer 1 

Otu.131 KT764939.1 Candida sp. LMF-17 18S ribosomal RNA gene 

Otu.131 AB704715.1 Wickerhamomyces xylosica genes for 18S rRNA 

Otu.131 KF695405.1 Wickerhamomyces sp. UFMG DC 123 internal transcribed spacer 1 
   

Otu.132 AY843086.1 Fungal sp. TRN222 internal transcribed spacer 1 

Otu.132 AY843083.1 Fungal sp. TRN219 internal transcribed spacer 1 

Otu.132 AY843081.1 Fungal sp. TRN215 internal transcribed spacer 1 

Otu.132 AY843085.1 Fungal sp. TRN221 internal transcribed spacer 1 

Otu.132 AY843082.1 Fungal sp. TRN216 internal transcribed spacer 1 
   

Otu.133 DQ124131.1 Ascomycete sp. ZGZII03186-2 internal transcribed spacer 1 

Otu.133 GU446638.1 Cladophialophora sp. V475 18S ribosomal RNA gene 

Otu.133 KT203041.1 Fungal endophyte strain C342L internal transcribed spacer 1 

Otu.133 KT202859.1 Fungal endophyte strain C133Q internal transcribed spacer 1 
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Otu.133 KF928450.1 Cladophialophora chaetospira strain CBS 114747 internal transcribed spacer 1 
   

Otu.134 KX100354.1 Fusarium sp. ID4-1 18S ribosomal RNA gene 

Otu.134 KU852637.1 Fusarium avenaceum isolate K13 15 2 internal transcribed spacer 1 

Otu.134 KU852636.1 Fusarium avenaceum isolate K13 15 1 internal transcribed spacer 1 

Otu.134 KU852634.1 Fusarium avenaceum isolate K12 15 S internal transcribed spacer 1 

Otu.134 KU852635.1 Fusarium avenaceum isolate K12 15 internal transcribed spacer 1 
   

Otu.135 KT699143.1 
Sporothrix inflata culture-collection MUT<ITA>:5197 internal transcribed spacer 

1 

Otu.135 KP723458.1 Sporothrix inflata isolate D47 internal transcribed spacer 1 

Otu.135 KP017082.1 Sporothrix dimorphospora strain CBS 553.74 internal transcribed spacer 1 

Otu.135 KP017081.1 Sporothrix dimorphospora strain CBS 125440 internal transcribed spacer 1 

Otu.135 KP017080.1 Sporothrix dimorphospora strain CBS 125439 internal transcribed spacer 1 
   

Otu.136 HQ607813.1 Ascomycota sp. AR-2010 isolate ATT042 18S ribosomal RNA gene 

Otu.136 JX156379.1 Torula caligans isolate DFFSCS033 internal transcribed spacer 1 

Otu.136 KU574697.1 Humicola grisea isolate CSB_F122 internal transcribed spacer 1 

Otu.136 KR873261.1 Torula masonii strain CBS 245.57 18S ribosomal RNA gene 

Otu.136 KF673753.1 Fungal endophyte voucher ARIZ:DM0214 internal transcribed spacer 1 
   

Otu.137 KF057519.1 Tumularia aquatica strain LL11_021 18S ribosomal RNA gene 

Otu.137 HM185489.1 Endoconidioma populi voucher UAMH 10903 18S ribosomal RNA gene 

Otu.137 HM185487.1 Endoconidioma populi voucher UAMH 10902 18S ribosomal RNA gene 

Otu.137 HM185486.1 Endoconidioma populi voucher UAMH 10299 18S ribosomal RNA gene 

Otu.137 KF646090.1 Coniozyma sp. Rr102 small subunit ribosomal RNA gene 
   

Otu.139 LN808980.1 Stagonospora sp. 0911TES27A1 genomic DNA sequence contains 18S rRNA gene 

Otu.139 KT898774.1 Stagonospora sp. A208 18S ribosomal RNA gene 

Otu.139 KR024721.1 Fungal sp. 23 BA-2015 18S ribosomal RNA gene 

Otu.139 KF251268.1 Cf. Stagonospora sp. CPC 22155 18S ribosomal RNA gene 

Otu.139 JQ758170.1 Phaeosphaeria sp. 2 MM-2012 isolate J6 internal transcribed spacer 1 
   

Otu.140 KY031975.1 Fusarium sp. strain 67A internal transcribed spacer 1 

Otu.140 KU878096.1 Fusarium chlamydosporum strain F02 internal transcribed spacer 1 

Otu.140 KX610323.1 Fusarium redolens strain M12 18S ribosomal RNA gene 

Otu.140 KX224482.1 Fusarium sp. isolate F5 internal transcribed spacer 1 

Otu.140 LT617634.1 Fusarium equiseti genomic DNA sequence contains 18S rRNA gene 
   

Otu.141 KM576372.1 Cortinarius sp. LM5566 internal transcribed spacer 1 

Otu.141 FJ717498.1 Cortinarius sp. EH34 18S ribosomal RNA gene 

Otu.141 EU821655.1 Cortinarius sp. DAVFP 29147 isolate X/29147 18S ribosomal RNA gene 

Otu.141 AY669677.1 Cortinarius fulvoconicus voucher TUB 011525 18S ribosomal RNA gene 

Otu.141 KF023073.1 Cortinarius fulvoconicus voucher DAKM-009 18S ribosomal RNA gene 
   

Otu.142 KT270177.1 Cadophora sp. strain P2981 internal transcribed spacer 1 

Otu.142 KT268672.1 Cadophora sp. strain P1377 internal transcribed spacer 1 

Otu.142 KT268626.1 Cadophora sp. strain P1331 internal transcribed spacer 1 

Otu.142 LC028062.1 Fungal sp. Sb genes for 18S rRNA 

Otu.142 KF428644.1 Leptodontidium sp. nwa_klng_201i internal transcribed spacer 1 
   

Otu.143 KR215607.1 
Minimelanolocus aquaticus culture-collection MFLUCC:15-0414 18S ribosomal 

RNA gene 

Otu.143 KR215605.1 
Minimelanolocus curvatus culture-collection MFLUCC:15-0259 18S ribosomal 

RNA gene 
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Otu.143 KX789212.1 Minimelanolocus submersus strain KUMCC 15-0206 internal transcribed spacer 1 

Otu.143 HQ850427.1 Fungal sp. H1251 18S ribosomal RNA gene 

Otu.143 EU797527.1 Fungal endophyte sp. H125 18S ribosomal RNA gene 
   

Otu.144 KM113763.1 Tremellales sp. DU26 18S ribosomal RNA gene 

Otu.144 NR_137523.1 Vanrija pseudolonga JCM 9712 ITS region 

Otu.144 AB105353.1 Vanrija pseudolonga genes for ITS 

Otu.144 AB035577.1 Vanrija longa gene for ITS1 

Otu.144 FJ527033.1 Cryptococcus sp. EN6M16 internal transcribed spacer 1 
   

Otu.145 KU233187.1 Hypocreomycetidae sp. CL-2015 18S ribosomal RNA gene 

Otu.145 KP216909.1 Acremonium sp. S5-T-2-8 internal transcribed spacer 1 

Otu.145 KC506320.1 Fungal sp. AM2013 strain 169_Jp internal transcribed spacer 1 

Otu.145 JQ988825.1 Acremonium sp. SHW11 internal transcribed spacer 1 

Otu.145 FJ430713.1 Acremonium sp. CCF3791 internal transcribed spacer 1 
   

Otu.146 KX272875.1 Ilyonectria sp. strain TCSS-6 internal transcribed spacer 1 

Otu.146 KX272858.1 Ilyonectria sp. strain TSNT-10 internal transcribed spacer 1 

Otu.146 KX256178.1 Ilyonectria sp. strain TNT-19 internal transcribed spacer 1 

Otu.146 KX256172.1 Ilyonectria sp. strain TNT-13 internal transcribed spacer 1 

Otu.146 KX256162.1 Ilyonectria sp. strain TNT-3 internal transcribed spacer 1 
   

Otu.147 KF309959.1 Elasticomyces elasticus strain CCFEE 5547 internal transcribed spacer 1 

Otu.147 KU934190.1 Homortomyces tamaricis isolate CD_450 internal transcribed spacer 1 

Otu.147 KU752184.1 Homortomyces tamaricis isolate MFLUCC 13-0280 internal transcribed spacer 1 

Otu.147 KF537346.1 Homortomyces tamaricis isolate MFLUCC 13-0441 internal transcribed spacer 1 

Otu.147 KF928283.1 Byssochlamys spectabilis strain NEHU.ANSRJ.5 internal transcribed spacer 1 
   

Otu.148 KP216903.1 Geomyces sp. S5-M-2-2 18S ribosomal RNA gene 

Otu.148 JQ086576.1 Fungal sp. SFY00C1 18S ribosomal RNA gene 

Otu.148 KC009038.1 Geomyces sp. 6795-S6 internal transcribed spacer 1 

Otu.148 JX270621.1 Geomyces sp. 24MN13 18S ribosomal RNA 

Otu.148 KX100358.1 Pseudogymnoascus sp. ICE2-B1 internal transcribed spacer 1 
   

Otu.149 NR_137810.1 Genolevuria amylolytica CBS 10048 ITS region 

Otu.149 EF363151.1 Cryptococcus aff. amylolyticus AS 2.2398 18S ribosomal RNA gene 

Otu.149 EF363150.1 Cryptococcus aff. amylolyticus AS 2.2501 18S ribosomal RNA gene 

Otu.149 EF363149.1 Cryptococcus aff. amylolyticus AS 2.2439 18S ribosomal RNA gene 

Otu.149 KM216348.1 Cryptococcus aff. amylolyticus IP-2014 strain NY260 internal transcribed spacer 1 
   

Otu.150 AF506422.1 Megalocystidium luridum strain KHL8635 5.8S ribosomal RNA gene 

Otu.150 AF506420.1 Megalocystidium leucoxanthum strain HK9808 5.8S ribosomal RNA gene 

Otu.150 KJ668431.1 Xylobolus frustulatus voucher KUC20121102-07 18S ribosomal RNA gene 

Otu.150 AF506491.1 Xylobolus frustulatus strain KGN980928 5.8S ribosomal RNA gene 

Otu.150 AB762090.1 Xylobolus annosus genes for 5.8S rRNA 
   

Otu.151 KT269954.1 Pleosporales sp. strain P2754 internal transcribed spacer 1 

Otu.151 LC014566.1 Lentithecium clioninum genes for 18S rRNA 

Otu.151 KT268674.1 Pleosporales sp. strain P1379 internal transcribed spacer 1 

Otu.151 KT268671.1 Pleosporales sp. strain P1376 internal transcribed spacer 1 

Otu.151 AB809632.1 Lentithecium pseudoclioninum genes for 18S rRNA 
   

Otu.152 KT215261.1 
Orbilia sp. HOB-2016aa strain CBS 116223 voucher MEL:H.B. 6277e 18S 

ribosomal RNA gene 

Otu.152 KT380068.1 Orbilia sp. HOB-2016q voucher H.B. 7517 18S ribosomal RNA gene 
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Otu.152 KT215264.1 
Orbilia hesperidea strain CBS 116209 voucher H.B. 6468a 18S ribosomal RNA 

gene 

Otu.152 KT215263.1 Orbilia hesperidea strain CBS 116216 voucher H.B. 6694 18S ribosomal RNA gene 

Otu.152 KT215262.1 
Orbilia sp. HOB-2016c strain CBS 116211 voucher H.B. 7208b 18S ribosomal 

RNA gene 
   

Otu.153 KF971715.1 Scytalidium thermophilum strain CBS 622.91 internal transcribed spacer 1 

Otu.153 AJ131857.1 
Humicola insolens 5.8S rRNA gene and internal transcribed spacers 1 and 2 (ITS1 

and ITS2) 

Otu.153 KT253886.1 Scytalidium thermophilum strain GSMBKU internal transcribed spacer 1 

Otu.153 KJ563256.1 Scytalidium sp. CM-7T internal transcribed spacer 1 

Otu.153 KJ210854.1 Humicola fuscoatra strain GSMPKUMB internal transcribed spacer 1 
   

Otu.154 DQ124134.1 Ascomycete sp. ZGZII04018 18S ribosomal RNA gene 

Otu.154 DQ124133.1 Ascomycete sp. ZGZII04015 internal transcribed spacer 1 

Otu.154 DQ124132.1 Ascomycete sp. ZGZII04004 internal transcribed spacer 1 

Otu.154 AY916462.1 Helicosporium pallidum strain UBC F15001 18S ribosomal RNA gene 

Otu.154 DQ124139.1 Ascomycete sp. ZGZII04010 internal transcribed spacer 1 
   

Otu.155 KM056299.1 Phaeococcomyces sp. 71C 18S ribosomal RNA gene 

Otu.155 KP400577.1 Chaetothyriales sp. G9.5E1d 18S ribosomal RNA gene 

Otu.155 KF928484.1 Knufia petricola strain CBS 101157 internal transcribed spacer 1 

Otu.155 NR_111635.1 Phaeococcomyces catenatus UAMH 4357 ITS region 

Otu.155 AY843041.1 Phaeococcomyces catenatus strain TRN4 internal transcribed spacer 1 
   

Otu.156 AF429265.1 Degelia plumbea voucher Ekman 3543 (BG) internal transcribed spacer 1 

Otu.156 AF429264.1 Degelia plumbea voucher Ekman 3201 (BG) internal transcribed spacer 1 

Otu.156 JQ759992.1 Dothideomycetes sp. genotype 252 isolate FL0182 internal transcribed spacer 1 

Otu.156 AY559365.1 
Melanized limestone ascomycete CR-2004 strain TRN131 internal transcribed 

spacer 1 

Otu.156 KF309979.1 Extremus antarcticus strain CCFEE 5312 internal transcribed spacer 1 
   

Otu.157 KT220664.1 Paraconiothyrium cyclothyrioides strain MR19-1 18S ribosomal RNA gene 

Otu.157 KT220663.1 Paraconiothyrium cyclothyrioides strain MR6-1 internal transcribed spacer 1 

Otu.157 KT220662.1 Paraconiothyrium cyclothyrioides strain MR2-1 internal transcribed spacer 1 

Otu.157 KP177435.1 Fungal sp. F006_NC 18S ribosomal RNA gene 

Otu.157 NR_132039.1 Trematosphaeria grisea CBS 332.50 ITS region 
   

Otu.158 KX426701.1 Phomopsis sp. CT564 internal transcribed spacer 1 

Otu.158 KU375676.1 Diaporthe foeniculina isolate 14LY-3 internal transcribed spacer 1 

Otu.158 KT948367.1 Diaporthe foeniculina isolate L9 internal transcribed spacer 1 

Otu.158 KU212352.1 Diaporthe foeniculacea 18S ribosomal RNA gene 

Otu.158 KT459426.1 Diaporthe foeniculina voucher MFLUCC 12-0668 internal transcribed spacer 1 
   

Otu.159 KU852601.1 Fusarium tricinctum isolate JK internal transcribed spacer 1 

Otu.159 KU852599.1 Fusarium acuminatum isolate Ech internal transcribed spacer 1 

Otu.159 KU892283.1 Fusarium tricinctum strain 2015-F-366 internal transcribed spacer 1 

Otu.159 KX218227.1 Ophiocordyceps sinensis clone 2015GM1-14-2013 18S ribosomal RNA gene 

Otu.159 KU556038.1 Fusarium tricinctum isolate ESO142 internal transcribed spacer 1 
   

Otu.160 KX530785.1 Tetradesmus obliquus isolate 46 internal transcribed spacer 1 

Otu.160 KM514851.1 Chlorella sorokiniana isolate SM9_4 18S ribosomal RNA gene 

Otu.160 HG514418.1 Acutodesmus obliquus genomic DNA containing ITS1 

Otu.160 KP645234.1 Acutodesmus obliquus strain UTEX 1450 18S ribosomal RNA gene 

Otu.160 KP645232.1 Scenedesmus dimorphus strain UTEX 1237 18S ribosomal RNA gene 
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Otu.161 KT269525.1 Bartalinia sp. strain P2289 internal transcribed spacer 1 

Otu.161 NR_126145.2 Bartalinia robillardoides CBS 122705 ITS region 

Otu.161 KJ710460.1 Bartalinia robillardoides culture-collection CBS:122705 18S ribosomal RNA gene 

Otu.161 KF656706.1 Bartalinia robillardoides 18S ribosomal RNA gene 

Otu.161 JQ425386.1 Bartalinia pondoensis strain AUMC 6241 18S ribosomal RNA gene 
   

Otu.162 HG515043.1 Prototheca zopfii var. hydrocarbonea 18S rRNA gene (partial) 

Otu.162 FR848897.1 Prototheca zopfii var. hydrocarbonea 18S rRNA gene (partial) 

Otu.162 FR848898.1 Prototheca zopfii var. hydrocarbonea 18S rRNA gene (partial) 

Otu.162 KX015912.1 
Prototheca zopfii var. hydrocarbonea strain AUMC1 0268 18S ribosomal RNA 

gene 

Otu.162 HG515044.1 Prototheca zopfii var. hydrocarbonea 18S rRNA gene (partial) 
   

Otu.165 KX610326.1 Fungal sp. strain M16 18S ribosomal RNA gene 

Otu.165 KU727705.1 Trematosphaeriaceae sp. UFMGCB9893 internal transcribed spacer 1 

Otu.165 KT224851.1 Medicopsis romeroi isolate S73 internal transcribed spacer 1 

Otu.165 KP050673.1 Corynespora sp. HD-2014 isolate DO118 internal transcribed spacer 1 

Otu.165 KM246269.1 Medicopsis romeroi isolate C2/16 18S ribosomal RNA gene 
   

Otu.166 GU446638.1 Cladophialophora sp. V475 18S ribosomal RNA gene 

Otu.166 LC077702.1 Cladophialophora chaetospira genes for 18S rRNA 

Otu.166 KT203041.1 Fungal endophyte strain C342L internal transcribed spacer 1 

Otu.166 KT202859.1 Fungal endophyte strain C133Q internal transcribed spacer 1 

Otu.166 AB986421.1 Cladophialophora sp. KO-groupK 2014 gene for ITS1 
   

Otu.167 JN998105.1 Sordariomycetes sp. 6302 internal transcribed spacer 1 

Otu.167 AB976529.1 Proxipyricularia zingiberis genes for ITS1 

Otu.167 KM484870.1 Proxipyricularia zingiberis strain HYZiM202-1-2 18S ribosomal RNA gene 

Otu.167 KM484869.1 Proxipyricularia zingiberis strain HYZiM201-1-1-1 18S ribosomal RNA gene 

Otu.167 AB274434.1 Pyricularia zingiberis genes for ITS1 
   

Otu.168 KU751871.1 Paracamarosporium hawaiiense strain 2015-F-121 internal transcribed spacer 1 

Otu.168 KT375712.1 Fungal sp. strain J7A1-2 18S ribosomal RNA gene 

Otu.168 KT375682.1 Fungal sp. strain J2A1 internal transcribed spacer 1 

Otu.168 KP050668.1 Paraconiothyrium hawaiiense isolate DO113 internal transcribed spacer 1 

Otu.168 KP050639.1 Paraconiothyrium archidendri isolate DO84 internal transcribed spacer 1 
   

Otu.169 KR093876.1 Setophoma chromolaena isolate JSP 06 B 1.5 18S ribosomal RNA gene 

Otu.169 KM246191.1 Setophoma chromolaena isolate IA09 18S ribosomal RNA gene 

Otu.169 KM246168.1 Setophoma chromolaena isolate AM12 18S ribosomal RNA gene 

Otu.169 KJ869141.1 
Setophoma vernoniae strain CPC 23123 culture-collection CBS:137988 18S 

ribosomal RNA gene 

Otu.169 KM246158.1 Setophoma chromolaena isolate AM01 18S ribosomal RNA gene 
   

Otu.170 AB986458.1 Oidiodendron sp. KO-groupD 2014 gene for ITS1 

Otu.170 LN833543.1 Oidiodendron chlamydosporicum genomic DNA sequence contains ITS1 

Otu.170 AF081430.1 Oidiodendron chlamydosporicum 5.8S ribosomal RNA gene 

Otu.170 NR_111032.1 Oidiodendron chlamydosporicum UAMH 6520 ITS region 

Otu.170 KJ937000.1 Tricholoma matsutake clone J28 18S ribosomal RNA gene 
   

Otu.171 EF535199.1 Candelariella vitellina strain ORE256 internal transcribed spacer 1 

Otu.171 DQ534456.2 Candelaria sp. Hur ANT050743 18S ribosomal RNA gene 

Otu.171 AJ640084.1 Candelariella vitellina partial ITS1 

Otu.171 AF182074.1 AF182074 Candelariella coralliza 18S ribosomal RNA gene 
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Otu.171 EF535175.1 Candelariella coralliza strain SWE246 internal transcribed spacer 1 
   

Otu.172 KX158197.1 Coniochaeta hoffmannii isolate H62 18S ribosomal RNA gene 

Otu.172 KU059832.1 Lecythophora sp. isolate E-14 internal transcribed spacer 1 

Otu.172 KT693745.1 Aureobasidium zeae strain CBS 767.71 18S ribosomal RNA gene 

Otu.172 KJ583241.1 Fungal sp. DCP-sp.3 18S ribosomal RNA gene 

Otu.172 LN827695.1 Lecythophora sp. KAUH21 genomic DNA sequence contains 18S rRNA gene 
   

Otu.173 AF193382.1 
AF193382 Typhula incarnata isolate UW97.3.279 18S small subunit ribosomal 

RNA 

Otu.173 LN810767.1 Acarospora fuscata genomic DNA sequence contains 18S rRNA gene 

Otu.173 DQ374130.1 Acarospora fuscata small subunit ribosomal RNA gene 

Otu.173 DQ374127.1 Acarospora fuscata small subunit ribosomal RNA gene 
   

Otu.174 KR822209.1 Wiesneriomyces laurinus strain LAMIC036112 internal transcribed spacer 1 

Otu.174 KR822208.1 Wiesneriomyces laurinus strain LAMIC028912 internal transcribed spacer 1 

Otu.174 KP057801.1 Wiesneriomyces laurinus strain DAOM 250029 internal transcribed spacer 1 

Otu.174 KR822207.1 Phalangispora nawawii strain LAMIC041712 internal transcribed spacer 1 

Otu.174 KF498876.1 Ascomycota sp. A0670 18S ribosomal RNA gene 
   

Otu.175 KU556499.1 Pseudeurotium sp. OTU016 AN-2016 18S ribosomal RNA gene 

Otu.175 KP686192.1 Pseudeurotium ovale strain FMR 13600 internal transcribed spacer 1 

Otu.175 KJ755521.1 Pseudeurotium ovale var. ovale strain UAMH 5825 18S ribosomal RNA gene 

Otu.175 JX076945.1 Pseudeurotium sp. BYD07-22-1 internal transcribed spacer 1 

Otu.175 AY129289.1 Pseudeurotium ovale var. ovale CBS 389.54 internal transcribed spacer 1 
   

Otu.176 DQ377089.1 Dunaliella lateralis strain Nepal internal transcribed spacer 1 

Otu.176 FR865563.1 Chlamydomonas sp. CCAP 11/169 genomic DNA containing 18S rRNA gene 

Otu.176 AF054427.1 Gonium pectorale strain 14 internal transcribed spacer 1 

Otu.176 AF065134.1 AF065134 Gonium pectorale strain Cal 13-2 internal transcribed spacer 1 

Otu.176 AF054426.1 Gonium pectorale strain 77 internal transcribed spacer 1 
   

Otu.177 KU248851.1 Dothideomycetes sp. DW-2015b voucher GJ 095 18S ribosomal RNA gene 

Otu.177 NR_137958.1 Darksidea zeta CBS 135640 ITS region 

Otu.177 KT269616.1 Pleosporales sp. strain P2382 internal transcribed spacer 1 

Otu.177 KP183979.1 Darksidea zeta strain CBS 135640 18S ribosomal RNA gene 

Otu.177 JN859351.1 Darksidea zeta isolate REF131 18S ribosomal RNA gene 
   

Otu.178 LC191383.1 Papiliotrema flavescens genes for ITS1 

Otu.178 LC191379.1 Papiliotrema flavescens genes for ITS1 

Otu.178 LC191378.1 Papiliotrema flavescens genes for ITS1 

Otu.178 KR363185.1 Cryptococcus flavescens isolate kfa internal transcribed spacer 1 

Otu.178 KP780455.1 Cryptococcus flavescens strain ATCC MYA-4951 18S ribosomal RNA gene 
   

Otu.179 KX610327.1 Pestalotiopsis maculans strain M17 18S ribosomal RNA gene 

Otu.179 KX355192.1 Pestalotiopsis sp. strain LPS-26 18S ribosomal RNA gene 

Otu.179 KX355183.1 Pestalotiopsis microspora strain LPS-17 18S ribosomal RNA gene 

Otu.179 KX186615.1 Neopestalotiopsis sp. BRIP 63744a internal transcribed spacer 1 

Otu.179 KX186612.1 Neopestalotiopsis sp. BRIP 63748a internal transcribed spacer 1 
   

Otu.180 KP017079.1 Sporothrix inflata strain CBS 794.73 internal transcribed spacer 1 

Otu.180 JQ272396.1 Ophiostomataceae sp. RB-2011 voucher AM2BA1A8 18S ribosomal RNA gene 

Otu.180 JX444612.1 Sporothrix inflata strain 298ARJP 18S ribosomal RNA gene 

Otu.180 JX028589.1 Sporothrix inflata strain 581RJ 18S ribosomal RNA gene 

Otu.180 JN618186.1 Sporothrix inflata strain RJ-81W 18S ribosomal RNA gene 
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Otu.182 KT996008.1 Fungal sp. isolate E14122H internal transcribed spacer 1 

Otu.182 KM265915.1 Fungal sp. E15116C internal transcribed spacer 1 

Otu.182 KM265787.1 Fungal sp. E14923I internal transcribed spacer 1 

Otu.182 KM265785.1 Fungal sp. E14923C internal transcribed spacer 1 

Otu.182 AB918005.1 Fungal endophyte genes for 5.8S rRNA 
   

Otu.183 KP400574.1 Chaetothyriales sp. G7.4F1e 18S ribosomal RNA gene 

Otu.183 JQ342183.1 Chaetothyriales sp. 16708 18S small subunit ribosomal RNA gene 

Otu.183 JN053162.1 Fungal sp. agrD434 internal transcribed spacer 1 

Otu.183 AY843190.1 Cladophialophora sp. TRN515 internal transcribed spacer 1 

Otu.183 JN053110.1 Fungal sp. agrD252 internal transcribed spacer 1 
   

Otu.184 KP234351.1 Articulospora proliferata strain CCM F-11200 18S ribosomal RNA gene 

Otu.184 FJ000395.1 Articulospora proliferata 18S ribosomal RNA gene 

Otu.184 KR187107.1 Zeloasperisporium sp. G.13Ed 18S ribosomal RNA gene 

Otu.184 KU900905.1 Belonioscyphella hypnorum isolate Bel1 18S ribosomal RNA gene 

Otu.184 KU900904.1 Belonioscyphella hypnorum isolate Bel3 18S ribosomal RNA gene 
   

Otu.185 LC076483.1 Solanum lycopersicum gene for ITS1 

Otu.185 KM270520.1 Withania sp. 'ashwagandha' clone SBB-WA025(1) internal transcribed spacer 1 

Otu.185 HG975515.1 Solanum lycopersicum chromosome ch03 

Otu.185 HG975515.1 Solanum lycopersicum chromosome ch03 

Otu.185 KF668233.1 Solanum lycopersicum isolate TL1 18S ribosomal RNA gene 

Otu.185 KC213743.1 Solanum lycopersicum clone T17 internal transcribed spacer 1 
   

Otu.186 KX363812.1 Rhinocladiella similis strain C-7-BL-2 internal transcribed spacer 1 

Otu.186 LC158611.1 Rhinocladiella similis genes for 18S rRNA 

Otu.186 LC158600.1 Rhinocladiella similis genes for 18S rRNA 

Otu.186 KU707922.1 Rhinocladiella sp. strain IO2 internal transcribed spacer 1 

Otu.186 KU325192.1 Rhinocladiella similis strain P4_G5_1148 internal transcribed spacer 1 
   

Otu.187 LN997761.1 Strophariaceae sp. 1349 FeMM genomic DNA sequence contains 18S rRNA gene 

Otu.187 KJ780773.1 Deconica coprophila isolate A2S6-16 18S ribosomal RNA gene 

Otu.187 AF122035.1 AF122035 Cordyceps ophioglossoides 5.8S ribosomal RNA gene 

Otu.187 KJ832039.1 Psilocybe sp. 1 RG-2014 strain TC46 internal transcribed spacer 1 

Otu.187 KJ832038.1 Psilocybe sp. 1 RG-2014 strain TC43 internal transcribed spacer 1 
   

Otu.188 KX243297.1 Colletotrichum acutatum strain GAGa2011 internal transcribed spacer 1 

Otu.188 KX243296.1 Colletotrichum acutatum strain G242014 internal transcribed spacer 1 

Otu.188 KX344998.1 Colletotrichum acutatum strain ANU-APEC0015F 18S ribosomal RNA gene 

Otu.188 KU556012.1 Colletotrichum guajavae isolate ESO116 internal transcribed spacer 1 

Otu.188 KX436092.1 Colletotrichum acutatum isolate DY16011401 18S ribosomal RNA gene 
   

Otu.190 KF981862.1 Cryptococcus dimennae strain PD1511 internal transcribed spacer 1 

Otu.190 HG008764.1 Cryptococcus dimennae genomic DNA containing ITS1 

Otu.190 KT819335.1 Cystofilobasidium macerans isolate T1S-3-PDA internal transcribed spacer 1 

Otu.190 KT819334.1 Cystofilobasidium macerans isolate Z4s-1-STD internal transcribed spacer 1 

Otu.190 KT819333.1 Cystofilobasidium macerans isolate Y5S-PDA internal transcribed spacer 1 
   

Otu.191 KU727797.1 Pseudopithomyces chartarum isolate PDW2-4 internal transcribed spacer 1 

Otu.191 KX664331.1 Pithomyces chartarum isolate F06-04 internal transcribed spacer 1 

Otu.191 KX664308.1 Pithomyces chartarum isolate F01-02 internal transcribed spacer 1 

Otu.191 KU325411.1 Pithomyces chartarum strain P7_H11_73 internal transcribed spacer 1 
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Otu.191 KU325410.1 Pithomyces chartarum strain P7_H10_173 internal transcribed spacer 1 
   

Otu.192 FJ664849.1 
Verrucaria elaeina voucher A. Orange 16628 (NMW - C.2005.001.634) 18S small 

subunit ribosomal RNA gene 

Otu.192 KF819513.1 
Verrucaria lapidicola voucher A. Orange 18790 (NMW - C.2013.001.169) 18S 

ribosomal RNA gene 

Otu.192 KF819512.1 
Verrucaria lapidicola voucher A. Orange 18112 (NMW -C.2013.001.168) 18S 

ribosomal RNA gene 

Otu.192 JX848575.1 Verrucaria rosula voucher Orange 17489 18S ribosomal RNA gene 

Otu.192 FJ664850.1 
Verrucaria elaeina voucher A. Orange 16690 (NMW - C.2005.001.645) 18S small 

subunit ribosomal RNA gene 
   

Otu.194 AY527320.1 Stictis sp. 1-MW-2004 isolate MW7209 small subunit ribosomal RNA gene 

Otu.194 AY527319.1 Stictis sp. 1-MW-2004 isolate GG2425 small subunit ribosomal RNA gene 

Otu.194 AY527318.1 Stictis sp. 1-MW-2004 isolate GG2445a small subunit ribosomal RNA gene 

Otu.194 AY527316.1 Stictis sp. 1-MW-2004 isolate GG2458b internal transcribed spacer 1 

Otu.194 AY527314.1 Conotrema sp. 1-MW-2004 isolate MW7193 small subunit ribosomal RNA gene 
   

Otu.197 KJ481249.1 Paraphoma fimeti strain EXF-5551 18S ribosomal RNA gene 

Otu.197 KP177409.1 Fungal sp. C118 18S ribosomal RNA gene 

Otu.197 KM657407.1 Phoma sp. HCX-2014 strain PA-01-M4 internal transcribed spacer 1 

Otu.197 KF573989.1 Paraphoma fimeti isolate 79TB 18S ribosomal RNA gene 

Otu.197 AB752253.1 Phoma sp. AS7-2 genes for ITS1 
   

Otu.198 KF524371.1 Vorticella sp. 11 PS-2013 18S ribosomal RNA gene 

Otu.198 EU340855.1 Pseudovorticella paracratera internal transcribed spacer 1 

Otu.198 KF524367.1 Vorticella fusca isolate Whpop 18S ribosomal RNA gene 

Otu.198 KM222088.1 Vorticella sp. FG-2015 18S ribosomal RNA gene 

Otu.198 KF524377.1 Vorticella sp. 12 PS-2013 18S ribosomal RNA gene 
   

Otu.199 EU139858.1 Aspergillus sp. M1071 18S ribosomal RNA gene 

Otu.199 AM176712.1 Cephalosporium sp. JS1202 18S rRNA gene (partial) 

Otu.199 AM176687.1 Aspergillus sp. JS1081 18S rRNA gene (partial) 

Otu.199 JQ905678.1 Bionectriaceae sp. MS64 internal transcribed spacer 1 

Otu.199 KF436172.1 
Fungal endophyte culture-collection STRI:ICBG-Panama:TK1310 18S ribosomal 

RNA gene 
   

Otu.200 AB180196.1 Trichosporon otae genes for ITS1 

Otu.200 NR_077065.1 Apiotrichum vadense CBS 8901 ITS region 

Otu.200 LC171724.1 Apiotrichum domesticum DNA 

Otu.200 KX034390.1 Apiotrichum montevideense 18S ribosomal RNA gene 

Otu.200 KR265122.1 Trichosporon montevideense voucher URM 6292 18S ribosomal RNA gene 
   

Otu.201 KF359631.1 Basidiomycota sp. CC 01-08 internal transcribed spacer 1 

Otu.201 KU884898.1 Gloeocantharellus corneri voucher FLOR 47978 18S ribosomal RNA gene 

Otu.201 AY558606.1 Onnia orientalis strain IFO 30386 internal transcribed spacer 1 

Otu.201 KJ786639.1 Lactarius sp. G048 18S ribosomal RNA gene 

Otu.201 KX376254.1 
Cryptococcus albidus var. kuetzingii strain AUMC 10719 18S ribosomal RNA 

gene 
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Appendix to Chapter 5: 

 

Figure S5.1 Graphic representation of the UV-VIS results for Reactive Orange 16 (monoazo dye) in function of 

time. Studied isolates represent strains from the genera Acinetobacter (ST16.16/164; ST16.16/165; ST16.16/166), 

Klebsiella (ST16.16/034) and Pseudomonas (ST16.16/140). Paenibacillus azoreducens LMG 21668 was included 

as a reference and uninoculated medium as a negative control. The experiment was performed in Erlenmeyer flasks 

as decribed in the main text. UV-VIS absorption peaks were obtained at 494 nm, representing the visible maximum 

wavelength peak for the original dye (indicated in orange) and at 368 nm for the degradation product(s) (grey). 
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Figure S5.2 Graphic representation of the UV-VIS results for Reactive Green 19 (diazo dye) in function of time. 

Studied isolates represent strains from the genera Acinetobacter (ST16.16/164; ST16.16/165; ST16.16/166), 

Klebsiella (ST16.16/034) and Pseudomonas (ST16.16/140). Paenibacillus azoreducens LMG 21668 was included 

as a reference and uninoculated medium as a negative control. The experiment was performed in Erlenmeyer flasks 

as decribed in the main text. UV-VIS absorption peaks were obtained at 630 nm, representing the visible maximum 

wavelength peak for the original dye (indicated in green) and at 367 nm for the degradation product(s) (grey).  
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Table S5.1 List of bacterial strains isolated in this study, including strain identificationa and decolorization ability of monoazo dye Reactive Orange 16 (RO16) and diazo dye 

Reactive Green (RG19)b. 

Strain 
GenBank 

accession N° 
Phylum Class Order Family Genus 

Decolorization of 

Reactive 

Orange 16 

Reactive 

Green 19 

ST16.16/105 MF787701 Actinobacteria(100) Actinobacteria(100) Corynebacteriales(100) Nocardiaceae(100) Gordonia(100) - - 

ST16.16/106 MF787702 Actinobacteria(100) Actinobacteria(100) Corynebacteriales(100) Nocardiaceae(100) Gordonia(100) - - 

ST16.16/123 MF787714 Actinobacteria(100) Actinobacteria(100) Corynebacteriales(100) Nocardiaceae(100) Gordonia(100) - - 

ST16.16/110 MF787704 Actinobacteria(100) Actinobacteria(100) Corynebacteriales(100) Nocardiaceae(100) Gordonia(99) - - 

ST16.16/125 MF787716 Actinobacteria(100) Actinobacteria(100) Corynebacteriales(100) Nocardiaceae(100) Gordonia(94) - - 

ST16.16/100 MF787697 Actinobacteria(100) Actinobacteria(100) Corynebacteriales(100) Nocardiaceae(100) Rhodococcus(100) ± ± 

ST16.16/124 MF787715 Actinobacteria(100) Actinobacteria(100) Micrococcales(100) Microbacteriaceae(100) Microbacterium(100) - - 

ST16.16/149 MF787731 Actinobacteria(100) Actinobacteria(100) Micromonosporales(100) Micromonosporaceae(100) Micromonospora(100) - ± 

ST16.16/112 MF787706 Actinobacteria(100) Actinobacteria(100) Streptomycetales(100) Streptomycetaceae(100) Streptomyces(100) + ± 

ST16.16/114 MF787708 Actinobacteria(100) Actinobacteria(100) Streptomycetales(100) Streptomycetaceae(100) Streptomyces(100) - - 

ST16.16/115 MF787709 Actinobacteria(100) Actinobacteria(100) Streptomycetales(100) Streptomycetaceae(100) Streptomyces(100) - - 

ST16.16/118 MF787711 Actinobacteria(100) Actinobacteria(100) Streptomycetales(100) Streptomycetaceae(100) Streptomyces(100) - - 

ST16.16/119 MF787712 Actinobacteria(100) Actinobacteria(100) Streptomycetales(100) Streptomycetaceae(100) Streptomyces(100) - - 

ST16.16/111 MF787705 Actinobacteria(100) Actinobacteria(100) Streptomycetales(100) Streptomycetaceae(100) Streptomyces(99) + + 

ST16.16/113 MF787707 Actinobacteria(100) Actinobacteria(100) Streptomycetales(100) Streptomycetaceae(100) Streptomyces(99) - - 

ST16.16/147 MF787729 Bacteroidetes(100) Cytophagia(100) Cytophagales(100) Cytophagaceae(100) Siphonobacter(100) + - 

ST16.16/148 MF787730 Bacteroidetes(100) Flavobacteriia(100) Flavobacteriales(100) Flavobacteriaceae(100) Chryseobacterium(100) ++ + 

ST16.16/153 MF787732 Bacteroidetes(100) Flavobacteriia(100) Flavobacteriales(100) Flavobacteriaceae(100) Chryseobacterium(100) + + 

ST16.16/156 MF787733 Bacteroidetes(100) Flavobacteriia(100) Flavobacteriales(100) Flavobacteriaceae(100) Chryseobacterium(100) ++ + 

ST16.16/122 MF787713 Bacteroidetes(100) Flavobacteriia(100) Flavobacteriales(100) Flavobacteriaceae(100) Chryseobacterium(96) - - 

ST16.16/001 MF787616 Firmicutes(100) Bacilli(100) Bacillales(100) Bacillaceae(100) Bacillus(100) ± - 
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ST16.16/005 MF787619 Firmicutes(100) Bacilli(100) Bacillales(100) Bacillaceae(100) Bacillus(100) + + 

ST16.16/009 MF787622 Firmicutes(100) Bacilli(100) Bacillales(100) Bacillaceae(100) Bacillus(100) ± + 

ST16.16/010 MF787623 Firmicutes(100) Bacilli(100) Bacillales(100) Bacillaceae(100) Bacillus(100) - - 

ST16.16/011 MF787624 Firmicutes(100) Bacilli(100) Bacillales(100) Bacillaceae(100) Bacillus(100) - - 

ST16.16/014 MF787626 Firmicutes(100) Bacilli(100) Bacillales(100) Bacillaceae(100) Bacillus(100) - - 

ST16.16/017 MF787629 Firmicutes(100) Bacilli(100) Bacillales(100) Bacillaceae(100) Bacillus(100) ± - 

ST16.16/019 MF787631 Firmicutes(100) Bacilli(100) Bacillales(100) Bacillaceae(100) Bacillus(100) - - 

ST16.16/020 MF787632 Firmicutes(100) Bacilli(100) Bacillales(100) Bacillaceae(100) Bacillus(100) - - 

ST16.16/022 MF787634 Firmicutes(100) Bacilli(100) Bacillales(100) Bacillaceae(100) Bacillus(100) - - 

ST16.16/024 MF787635 Firmicutes(100) Bacilli(100) Bacillales(100) Bacillaceae(100) Bacillus(100) - - 

ST16.16/026 MF787637 Firmicutes(100) Bacilli(100) Bacillales(100) Bacillaceae(100) Bacillus(100) - - 

ST16.16/028 MF787639 Firmicutes(100) Bacilli(100) Bacillales(100) Bacillaceae(100) Bacillus(100) - - 

ST16.16/029 MF787640 Firmicutes(100) Bacilli(100) Bacillales(100) Bacillaceae(100) Bacillus(100) - - 

ST16.16/041 MF787649 Firmicutes(100) Bacilli(100) Bacillales(100) Bacillaceae(100) Bacillus(100) - - 

ST16.16/044 MF787652 Firmicutes(100) Bacilli(100) Bacillales(100) Bacillaceae(100) Bacillus(100) + + 

ST16.16/046 MF787653 Firmicutes(100) Bacilli(100) Bacillales(100) Bacillaceae(100) Bacillus(100) - - 

ST16.16/047 MF787654 Firmicutes(100) Bacilli(100) Bacillales(100) Bacillaceae(100) Bacillus(100) ± - 

ST16.16/048 MF787655 Firmicutes(100) Bacilli(100) Bacillales(100) Bacillaceae(100) Bacillus(100) + + 

ST16.16/051 MF787657 Firmicutes(100) Bacilli(100) Bacillales(100) Bacillaceae(100) Bacillus(100) - - 

ST16.16/070 MF787671 Firmicutes(100) Bacilli(100) Bacillales(100) Bacillaceae(100) Bacillus(100) - - 

ST16.16/095 MF787693 Firmicutes(100) Bacilli(100) Bacillales(100) Bacillaceae(100) Bacillus(100) + + 

ST16.16/097 MF787695 Firmicutes(100) Bacilli(100) Bacillales(100) Bacillaceae(100) Bacillus(100) - - 

ST16.16/160 MF787734 Firmicutes(100) Bacilli(100) Bacillales(100) Bacillaceae(100) Bacillus(100) ++ + 

ST16.16/163 MF787736 Firmicutes(100) Bacilli(100) Bacillales(100) Bacillaceae(100) Bacillus(100) ++ + 

ST16.16/016 MF787628 Firmicutes(100) Bacilli(100) Bacillales(100) Family XII(100) Exiguobacterium(100) - - 

ST16.16/025 MF787636 Firmicutes(100) Bacilli(100) Bacillales(100) Family XII(100) Exiguobacterium(100) ± - 
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ST16.16/027 MF787638 Firmicutes(100) Bacilli(100) Bacillales(100) Family XII(100) Exiguobacterium(100) - - 

ST16.16/002 MF787617 Firmicutes(100) Bacilli(100) Bacillales(100) Staphylococcaceae(100) Staphylococcus(100) ± - 

ST16.16/003 MF787618 Firmicutes(100) Bacilli(100) Bacillales(100) Staphylococcaceae(100) Staphylococcus(100) + + 

ST16.16/006 MF787620 Firmicutes(100) Bacilli(100) Bacillales(100) Staphylococcaceae(100) Staphylococcus(100) ++ + 

ST16.16/030 MF787641 Firmicutes(100) Bacilli(100) Bacillales(100) Staphylococcaceae(100) Staphylococcus(100) + + 

ST16.16/036 MF787647 Firmicutes(100) Bacilli(100) Bacillales(100) Staphylococcaceae(100) Staphylococcus(100) ++ + 

ST16.16/042 MF787650 Firmicutes(100) Bacilli(100) Bacillales(100) Staphylococcaceae(100) Staphylococcus(100) + + 

ST16.16/053 MF787658 Firmicutes(100) Bacilli(100) Bacillales(100) Staphylococcaceae(100) Staphylococcus(100) - - 

ST16.16/055 MF787659 Firmicutes(100) Bacilli(100) Bacillales(100) Staphylococcaceae(100) Staphylococcus(100) - - 

ST16.16/061 MF787663 Firmicutes(100) Bacilli(100) Bacillales(100) Staphylococcaceae(100) Staphylococcus(100) - - 

ST16.16/069 MF787670 Firmicutes(100) Bacilli(100) Bacillales(100) Staphylococcaceae(100) Staphylococcus(100) - ± 

ST16.16/072 MF787672 Firmicutes(100) Bacilli(100) Bacillales(100) Staphylococcaceae(100) Staphylococcus(100) ++ + 

ST16.16/074 MF787674 Firmicutes(100) Bacilli(100) Bacillales(100) Staphylococcaceae(100) Staphylococcus(100) - - 

ST16.16/077 MF787677 Firmicutes(100) Bacilli(100) Bacillales(100) Staphylococcaceae(100) Staphylococcus(100) ± + 

ST16.16/084 MF787684 Firmicutes(100) Bacilli(100) Bacillales(100) Staphylococcaceae(100) Staphylococcus(100) - - 

ST16.16/085 MF787685 Firmicutes(100) Bacilli(100) Bacillales(100) Staphylococcaceae(100) Staphylococcus(100) - - 

ST16.16/021 MF787633 Proteobacteria(100) Alphaproteobacteria(100) Rhizobiales(100) Bradyrhizobiaceae(100) Bradyrhizobium(100) ± - 

ST16.16/103 MF787699 Proteobacteria(100) Alphaproteobacteria(100) Sphingomonadales(100) Sphingomonadaceae(100) Novosphingobium(100) - - 

ST16.16/117 MF787710 Proteobacteria(100) Betaproteobacteria(100) Burkholderiales(100) Comamonadaceae(100) 

 

- - 

ST16.16/031 MF787642 Proteobacteria(100) Gammaproteobacteria(100) Alteromonadales(100) Shewanellaceae(100) Shewanella(100) ++ + 

ST16.16/032 MF787643 Proteobacteria(100) Gammaproteobacteria(100) Alteromonadales(100) Shewanellaceae(100) Shewanella(100) ++ + 

ST16.16/058 MF787661 Proteobacteria(100) Gammaproteobacteria(100) Alteromonadales(100) Shewanellaceae(100) Shewanella(100) ++ + 

ST16.16/079 MF787679 Proteobacteria(100) Gammaproteobacteria(100) Enterobacteriales(96) Enterobacteriaceae(96) Cosenzaea(92) ++ + 

ST16.16/043 MF787651 Proteobacteria(100) Gammaproteobacteria(100) Enterobacteriales(100) Enterobacteriaceae(100) Enterobacter(68) + + 

ST16.16/050 MF787656 Proteobacteria(100) Gammaproteobacteria(100) Enterobacteriales(100) Enterobacteriaceae(100) Klebsiella(100) ± - 

ST16.16/127 MF787717 Proteobacteria(100) Gammaproteobacteria(100) Enterobacteriales(100) Enterobacteriaceae(100) Klebsiella(100) - - 
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ST16.16/091 MF787690 Proteobacteria(100) Gammaproteobacteria(100) Enterobacteriales(100) Enterobacteriaceae(100) Klebsiella(83) - - 

ST16.16/093 MF787691 Proteobacteria(100) Gammaproteobacteria(100) Enterobacteriales(100) Enterobacteriaceae(100) Klebsiella(85) ++ + 

ST16.16/034 MF787645 Proteobacteria(100) Gammaproteobacteria(100) Enterobacteriales(100) Enterobacteriaceae(100) Klebsiella(94) ++ ++ 

ST16.16/039 MF787648 Proteobacteria(100) Gammaproteobacteria(100) Enterobacteriales(99) Enterobacteriaceae(99) Klebsiella(65) ± - 

ST16.16/008 MF787621 Proteobacteria(100) Gammaproteobacteria(100) Enterobacteriales(100) Enterobacteriaceae(100) Proteus(100) ± - 

ST16.16/033 MF787644 Proteobacteria(100) Gammaproteobacteria(100) Enterobacteriales(100) Enterobacteriaceae(100) Proteus(100) + + 

ST16.16/056 MF787660 Proteobacteria(100) Gammaproteobacteria(100) Enterobacteriales(100) Enterobacteriaceae(100) Proteus(100) - - 

ST16.16/059 MF787662 Proteobacteria(100) Gammaproteobacteria(100) Enterobacteriales(100) Enterobacteriaceae(100) Proteus(100) - - 

ST16.16/062 MF787664 Proteobacteria(100) Gammaproteobacteria(100) Enterobacteriales(100) Enterobacteriaceae(100) Proteus(100) ± - 

ST16.16/063 MF787665 Proteobacteria(100) Gammaproteobacteria(100) Enterobacteriales(100) Enterobacteriaceae(100) Proteus(100) ± - 

ST16.16/073 MF787673 Proteobacteria(100) Gammaproteobacteria(100) Enterobacteriales(100) Enterobacteriaceae(100) Proteus(100) - ± 

ST16.16/075 MF787675 Proteobacteria(100) Gammaproteobacteria(100) Enterobacteriales(100) Enterobacteriaceae(100) Proteus(100) - - 

ST16.16/076 MF787676 Proteobacteria(100) Gammaproteobacteria(100) Enterobacteriales(100) Enterobacteriaceae(100) Proteus(100) - - 

ST16.16/078 MF787678 Proteobacteria(100) Gammaproteobacteria(100) Enterobacteriales(100) Enterobacteriaceae(100) Proteus(100) - - 

ST16.16/080 MF787680 Proteobacteria(100) Gammaproteobacteria(100) Enterobacteriales(100) Enterobacteriaceae(100) Proteus(100) - - 

ST16.16/081 MF787681 Proteobacteria(100) Gammaproteobacteria(100) Enterobacteriales(100) Enterobacteriaceae(100) Proteus(100) - - 

ST16.16/082 MF787682 Proteobacteria(100) Gammaproteobacteria(100) Enterobacteriales(100) Enterobacteriaceae(100) Proteus(100) - - 

ST16.16/083 MF787683 Proteobacteria(100) Gammaproteobacteria(100) Enterobacteriales(100) Enterobacteriaceae(100) Proteus(100) - - 

ST16.16/086 MF787686 Proteobacteria(100) Gammaproteobacteria(100) Enterobacteriales(100) Enterobacteriaceae(100) Proteus(100) ± + 

ST16.16/087 MF787687 Proteobacteria(100) Gammaproteobacteria(100) Enterobacteriales(100) Enterobacteriaceae(100) Proteus(100) - - 

ST16.16/088 MF787688 Proteobacteria(100) Gammaproteobacteria(100) Enterobacteriales(100) Enterobacteriaceae(100) Proteus(100) ± + 

ST16.16/089 MF787689 Proteobacteria(100) Gammaproteobacteria(100) Enterobacteriales(100) Enterobacteriaceae(100) Proteus(100) ± - 

ST16.16/018 MF787630 Proteobacteria(100) Gammaproteobacteria(100) Enterobacteriales(100) Enterobacteriaceae(100) Serratia(100) - - 

ST16.16/065 MF787666 Proteobacteria(100) Gammaproteobacteria(100) Enterobacteriales(100) Enterobacteriaceae(100) Serratia(100) - - 

ST16.16/066 MF787667 Proteobacteria(100) Gammaproteobacteria(100) Enterobacteriales(100) Enterobacteriaceae(100) Serratia(100) - - 

ST16.16/067 MF787668 Proteobacteria(100) Gammaproteobacteria(100) Enterobacteriales(100) Enterobacteriaceae(100) Serratia(100) - - 
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ST16.16/068 MF787669 Proteobacteria(100) Gammaproteobacteria(100) Enterobacteriales(100) Enterobacteriaceae(100) Serratia(100) ± - 

ST16.16/096 MF787694 Proteobacteria(99) Gammaproteobacteria(98) Enterobacteriales(93) Enterobacteriaceae(93) Yokenella(91) + + 

ST16.16/035 MF787646 Proteobacteria(100) Gammaproteobacteria(100) Enterobacteriales(100) Enterobacteriaceae(100) 

 

+ + 

ST16.16/099 MF787696 Proteobacteria(100) Gammaproteobacteria(100) Pseudomonadales(100) Moraxellaceae(100) Acinetobacter(100) ± ± 

ST16.16/102 MF787698 Proteobacteria(100) Gammaproteobacteria(100) Pseudomonadales(100) Moraxellaceae(100) Acinetobacter(100) - - 

ST16.16/104 MF787700 Proteobacteria(100) Gammaproteobacteria(100) Pseudomonadales(100) Moraxellaceae(100) Acinetobacter(100) - - 

ST16.16/108 MF787703 Proteobacteria(100) Gammaproteobacteria(100) Pseudomonadales(100) Moraxellaceae(100) Acinetobacter(100) - - 

ST16.16/130 MF787718 Proteobacteria(100) Gammaproteobacteria(100) Pseudomonadales(100) Moraxellaceae(100) Acinetobacter(100) - - 

ST16.16/136 MF787723 Proteobacteria(100) Gammaproteobacteria(100) Pseudomonadales(100) Moraxellaceae(100) Acinetobacter(100) - - 

ST16.16/137 MF787724 Proteobacteria(100) Gammaproteobacteria(100) Pseudomonadales(100) Moraxellaceae(100) Acinetobacter(100) - - 

ST16.16/162 MF787735 Proteobacteria(100) Gammaproteobacteria(100) Pseudomonadales(100) Moraxellaceae(100) Acinetobacter(100) ++ + 

ST16.16/164 MF787737 Proteobacteria(100) Gammaproteobacteria(100) Pseudomonadales(100) Moraxellaceae(100) Acinetobacter(100) ++ ++ 

ST16.16/165 MF787738 Proteobacteria(100) Gammaproteobacteria(100) Pseudomonadales(100) Moraxellaceae(100) Acinetobacter(100) ++ ++ 

ST16.16/166 MF787739 Proteobacteria(100) Gammaproteobacteria(100) Pseudomonadales(100) Moraxellaceae(100) Acinetobacter(100) ++ ++ 

ST16.16/167 MF787740 Proteobacteria(100) Gammaproteobacteria(100) Pseudomonadales(100) Moraxellaceae(100) Acinetobacter(100) + + 

ST16.16/012 MF787625 Proteobacteria(100) Gammaproteobacteria(100) Pseudomonadales(100) Moraxellaceae(100) Psychrobacter(100) - - 

ST16.16/015 MF787627 Proteobacteria(100) Gammaproteobacteria(100) Pseudomonadales(100) Moraxellaceae(100) Psychrobacter(100) ± ± 

ST16.16/094 MF787692 Proteobacteria(100) Gammaproteobacteria(100) Pseudomonadales(100) Moraxellaceae(100) Psychrobacter(100) - - 

ST16.16/138 MF787725 Proteobacteria(100) Gammaproteobacteria(100) Pseudomonadales(100) Pseudomonadaceae(100) Pseudomonas(100) - - 

ST16.16/140 MF787726 Proteobacteria(100) Gammaproteobacteria(100) Pseudomonadales(100) Pseudomonadaceae(100) Pseudomonas(100) ++ ++ 

ST16.16/132 MF787720 Proteobacteria(100) Gammaproteobacteria(100) Pseudomonadales(100) Pseudomonadaceae(100) Pseudomonas(99) - - 

ST16.16/135 MF787722 Proteobacteria(100) Gammaproteobacteria(100) Pseudomonadales(100) Pseudomonadaceae(100) Pseudomonas(99) - - 

ST16.16/131 MF787719 Proteobacteria(100) Gammaproteobacteria(100) Xanthomonadales(100) Nevskiaceae(100) Hydrocarboniphaga(100) - - 

ST16.16/145 MF787727 Proteobacteria(100) Gammaproteobacteria(100) Xanthomonadales(100) Solimonadaceae(100) Solimonas(100) - - 

ST16.16/146 MF787728 Proteobacteria(100) Gammaproteobacteria(100) Xanthomonadales(100) Xanthomonadaceae(100) Dyella(97) + - 

ST16.16/133 MF787721 Proteobacteria(100) Gammaproteobacteria(100) Xanthomonadales(100) Xanthomonadaceae(100) Lysobacter(71) - - 



 

 

 

 

2
2
0
 

a Identifications were performed up to genus level by 16S rRNA gene sequencing and comparison of the sequences (563-1409 bp) with available sequence data in the Silva database (v.123), 

manually curated to include organisms previously observed in activated sludge (Midas 2.0; cut-off value = 0.60). 

b Decolorization ability is presented in comparison with reference strain Paenibacillus azoreducens LMG 21668, known for its azo dye reducing abilities: -, no decolorization; +/-, moderate 

decolorization; +, good decolorization; ++, excellent decolorization (comparable with P. azoreducens LMG 21668). The experiment was performed in a 96 well microtiter plate (200 µl per well, 

composed of 180 µl test medium and 20 µl bacterial inoculum (OD of 0.6 at 600 nm)) as described in the text. Plates were incubated at 30 °C under static conditions for 72 h. Subsequently, strains 

were visually scored for decolorization.  

 

Table S5.2 Decolorization percentages of Reactive Orange 16 (RO16; monoazo dye) and Reactive Green 19 (RG19; diazo dye) under different environmental conditions (after 

72 h of incubation)a.  

Strainb 
Environmental factor 

Reactive Orange 16   Reactive Green 19 
 

Carbon source 

 Glucose Lactose Maltose Mannitol Sucrose Xylose  Glucose Lactose Maltose Mannitol Sucrose Xylose 

ST16.16/034 77.9 66.5 79.9 74.6 77.4 75.8  68.3 45.6 60.1 56.3 60.0 67.6 

ST16.16/140 79.8 74.1 87.0 87.9 85.3 86.2  70.6 47.8 59.7 67.0 63.1 66.1 

ST16.16/164 72.7 62.0 63.2 70.8 66.3 69.9  63.7 46.2 50.5 65.8 61.7 71.4 

ST16.16/165 74.0 70.5 72.5 74.1 67.3 71.2  60.0 47.4 42.4 58.5 52.8 58.6 

ST16.16/166 74.2 76.9 81.7 83.3 79.7 77.5  66.4 46.0 57.5 59.2 68.9 66.2 

LMG 21668 83.2 69.9 85.1 72.0 75.4 75.2  75.3 33.6 72.0 75.9 74.8 72.0 

 Nitrogen source 

 (NH4)2SO4 NH4Cl NH4NO3 Pepton Ureum Yeast Extract  (NH4)2SO4 NH4Cl NH4NO3 Pepton Ureum Yeast Extract 

ST16.16/034 74.2 74.3 30.5 77.4 71.6 72.8  66.9 70.4 23.4 75.6 70.2 72.8 

ST16.16/140 77.4 76.8 82.8 81.1 74.6 80.4  72.9 16.0 71.5 71.7 68.0 70.6 

ST16.16/164 73.4 77.8 63.0 74.4 75.5 72.7  57.7 57.6 55.3 55.0 56.6 62.9 

ST16.16/165 74.4 78.0 70.1 78.5 74.5 74.0  63.7 62.0 37.8 55.1 63.1 63.3 

ST16.16/166 75.1 75.3 74.7 75.2 69.7 74.8  62.8 62.2 57.9 54.6 54.6 62.3 

LMG 21668 75.4 76.9 25.2 76.6 68.6 83.2  76.8 69.5 23.7 73.6 68.1 74.7 
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 Temperature (°C) 

 10 20 30 40    10 20 30 40   

ST16.16/034 73.8 83.0 80.6 82.5    31.6 64.5 71.2 76.2   

ST16.16/140 2.5 83.6 81.2 83.1    16.2 71.5 78.3 77.8   

ST16.16/164 8.9 70.3 74.2 40.3    14.9 66.2 63.3 39.8   

ST16.16/165 66.3 78.6 76.1 52.7    32.7 66.8 56.5 40.9   

ST16.16/166 1.0 79.2 76.3 51.6    10.1 66.7 63.0 50.0   

LMG 21668 0.3 81.8 82.8 84.7    16.1 73.2 77.3 74.8   

 pH 

 4 7 10     4 7 10    

ST16.16/034 4.5 75.8 54.3     0.5 66.2 47.9    

ST16.16/140 20.9 74.6 58.0     13.0 74.1 41.0    

ST16.16/164 18.0 70.8 30.6     4.4 66.0 37.8    

ST16.16/165 14.4 74.1 37.4     17.4 53.5 21.1    

ST16.16/166 8.2 75.1 38.2     23.0 65.6 23.1    

LMG 21668 20.9 75.4 57.6     21.1 76.5 59.3    

 NaCl additive (%) 

 2 4 6     2 4 6    

ST16.16/034 82.3 80.2 80.4     59.6 N.A. N.A.    

ST16.16/140 83.7 83.0 83.7     77.0 N.A. N.A.    

ST16.16/164 64.3 63.0 9.8     59.9 N.A. N.A.    

ST16.16/165 79.6 78.5 23.2     67.5 N.A. N.A.    

ST16.16/166 76.9 71.1 16.2     74.0 N.A. N.A.    

LMG 21668 84.3 81.9 7.6     74.0 N.A. N.A.    

 Dye concentration (mg l-1) 

 100 250 500     100 250 500    

ST16.16/034 78.7 89.6 93.7     69.0 78.1 78.1    

ST16.16/140 84.6 90.8 92.6     76.3 89.1 82.5    

ST16.16/164 73.5 68.4 60.6     62.1 57.5 54.0    
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ST16.16/165 72.2 85.2 90.2     69.7 83.6 86.2    

ST16.16/166 73.2 87.3 91.2     70.7 84.0 86.5    

LMG 21668 83.2 91.3 93.1         72.2 85.3 88.1       
a Experiments were performed in a 96 well microtiter plate (200 µl per well, composed of 180 µl test medium and 20 µl bacterial inoculum (OD of 0.6 at 600 nm)) as described in the text. Plates 

were incubated at 30 °C under static conditions for 72 h, unless otherwise indicated. Data represent the mean of two replicates. 

b Studied isolates represented strains from the genera Acinetobacter (ST16.16/164; ST16.16/165; ST16.16/166), Klebsiella (ST16.16/034) and Pseudomonas (ST16.16/140). Paenibacillus 

azoreducens LMG 21668 was included as a reference. 

 

Appendix to Chapter 6: No supplementary files for Chapter 6
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